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XIII

Preface

Chemical cytometry has grown into a mature field after decades of development.
Although the exact definition of chemical cytometry varies among different re-
searchers, most chemical cytometry studies involve breaching the cell membrane
for probing intracellular molecules. As one will find from this book, chemical
cytometry and related methods have provided a powerful set of tools that can be
used to tackle diverse problems over a wide range of topics. Chemical analysis
of cells at the single-cell level provides several distinct advantages: first, it allows
probing the heterogeneity of a cell population; second, it is possible to look into
the functions/behaviors of a cell or a subcellular component as a biological unit;
third, the sensitivity permits investigation of scarce biological samples such as
those derived from primary materials. The state-of-the-art sensors provide the
capability for examining single cells by optical, electronic, and other spectroscopic
means. However, when a single-cell study is conceived, both the feasibility and
the necessity need to be intensively debated: Is the molecule of interest abundant
enough for the detection method of choice? Will the single-cell data yield unique
information that is not available from bulk studies? Is heterogeneity in the cell
population expected? How many cells need to be examined in order to generate
conclusions with statistical significance for the population?

The goal of this book is to provide a survey of the field of chemical cytometry
and single-cell analysis. It covers important topics such as analysis of proteins
and nucleic acids from single cells, common approaches such as capillary elec-
trophoresis and microfluidics, and widely-used detection methods such as optical,
electrochemical, and mass spectrometric tools. The collection does not mean to be
exhaustive. The hope is that, by knowing the works by some of the best researchers
in the field and understanding the rationale behind them, scientists can assess the
potential utility of chemical cytometry approach in their own work.

I would like to express my gratitude to all the authors who contributed to the
book, and to Frank Weinreich and Heike Noethe at Wiley-VCH for their assistance.

West Lafayette, Indiana, November 2009 Chang Lu
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1

1
Origin, Current Status, and Future Perspectives of Chemical
Cytometry
Norman J. Dovichi

1.1
The Cell and Cytometry

Cells are the organizing units of life. However, not all cells are alike; individual
cells can differ significantly from their neighbors. These differences can be due to
genetic, environmental, cell cycle, or stochastic effects, and these differences can
have profound effects upon the behavior of a cellular population. A knowledge of
the function and composition of individual cells will lead to deeper understanding
of the response to disease, development, and environmental insult.

Most biological techniques are incapable of determining cellular heterogeneity.
Instead, most biological techniques begin with the homogenization of many
millions of cells, and those techniques simply report the average composition and
response of the population. These methods are inherently blind to the distribution
of the cellular population.

There is a simple reason why most biological measurements are performed on
millions of cells. Cells are small, and very few biological techniques are capable
of analyzing the minute amount of material contained within a cell. Consider
a typical cell from a higher eukaryote. That cell might be 15 µm in diameter,
corresponding to a volume of 1 pl and a mass of 1 ng. The cell is roughly 15%
protein, corresponding to 150 pg; roughly 7% nucleic acids, corresponding to 70 pg;
and roughly 2.5% carbohydrates and 2.5% lipids, corresponding to 25 pg. Analysis
of this minute amount of material is a formidable challenge.

1.2
Flow and Image Cytometry

Cytometry refers to the instrumental characterization of individual cells. Classical
cytometry methods were developed in collaboration with physicists, and they
employed sophisticated optical and electronic means to determine the minute
amount of material within a cell. Howard Shapiro’s classic text Practical Flow
Cytometry, which is now in its fourth edition, provides a delightful view both of the
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2 1 Origin, Current Status, and Future Perspectives of Chemical Cytometry

distant history of cytometric methods and of the current status of flow cytometry,
which is arguably the most powerful and popular classic method of cytometry [1].

In flow cytometry, a dilute suspension of cells is passed through a tightly focused
laser beam [2]. Each cell generates optical signals that provide information on the
cellular composition, organization, and size. For example, fluorescently labeled
antibodies provide information on cell-surface markers, intercalating dyes provide
information on DNA content, and fluorogenic reagents provide information on
enzymatic activity within the cell. Near-angle light scattering provides information
on cell size, while right-angle scattering provides information on subcellular
components. The impedance change that occurs as a cell occludes a narrow
aperture in the flowing stream can be used to estimate the cell size.

Flow cytometry has a number of powerful attributes. First, it can process tens of
thousands of cells per second, providing outstanding statistics on the distribution of
cellular properties. Second, it can operate in multiparameter mode, simultaneously
monitoring a dozen cellular properties. Third, it is a nondestructive technology.
Fourth, cells can be automatically selected in flow-sorting instruments. Sorters
essentially incorporate ink-jet printer heads to deflect drops containing the desired
cells into receiving vessels. Perhaps the most powerful commercial flow sorter is
manufactured by Cytopeia, a company founded by Ger van den Engh in Seattle and
now part of Beckton–Dickinson. Their Influx instrument is specified to sort 25 000
cells per second, which is near the fundamental limit set by hydrodynamics [3].

Image cytometry is the second form of classic cytometry. In this case, a fluorescent
microscope is equipped with a camera, which records the image of the field of
view. Image processing is then used to characterize the cellular population. Like
flow cytometry, image cytometry can process very large numbers of cells and is
a nondestructive technology. Also like flow cytometry, image cytometry can only
monitor a handful of parameters from each cell.

Both flow and image cytometry have important limitations. First, only a dozen
components can be analyzed from a single cell, limited by the spectral resolution
of the instrument and the overlap of fluorescent reagents. Second, conventional cy-
tometry employs affinity probes against known targets; the unexpected is invisible.

1.3
Chemical Cytometry

Conventional cytometry methods rely on physical methods to characterize cells.
Chemical cytometry, by contrast, employs powerful methods of analytical chem-
istry to characterize cells. These methods, in general, are destructive – the cell
must be lysed before analysis. These methods inevitably are much slower than
classic cytometry; obtaining large amounts of information from a cell inevitably
takes time, and analyzing large numbers of cells tends to be a heroic effort.
However, these methods can provide extraordinarily rich information on the com-
position of a cell; this rich information ultimately motivates development of the
technology.
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This book provides a snapshot of the technology in the first decade of the
twenty-first century. This time is exciting. Chemical cytometry is escape from its
infancy, and the field is ripe for rapid advancement.

This chapter focuses on some of the history of chemical cytometry. The remainder
of the book provides a glimpse into its future.

1.3.1
Prehistory of Chemical Cytometry – Microchemistry, Microspectroscopy, and
Microseparations

The field of microchemistry developed roughly 100 years ago. At that time,
microanalysis referred to analysis of microgram or smaller amounts of mate-
rial. Most of the methods developed during this time were simply miniaturized
versions of classic wet-chemical analysis, employing clever designs for burettes,
pipettes, and sensitive balances. However, these measurements predated electronic
means of measurement and required great manual dexterity to obtain quantitative
results.

Perhaps reflecting the influence of physicists who moved into the field after
World War II, or perhaps reflecting familiarity with microscopy, biologists appear
to have been much more receptive to the use of spectroscopic methods for
microanalysis than analytical chemists in the first half of the twentieth century.
The collaboration between biologists and physicists resulted in early versions of
microspectrometry and cytometry that employed remarkably sophisticated fluidics,
optics, and electronics, culminating in the earliest flow and image cytometry
methods. As one example, Gastone Matioli performed pioneering spectroscopic
measurements of hemoglobin from individual erythrocytes as an early example
of image cytometry in 1962 [4]. The authors were able to resolve the absorbance
spectra of hemoglobin A and F. However, other forms of hemoglobin were not
resolved by spectral difference, which suggests that a separation method is required
to characterize these components.

Electrophoresis and chromatography are the preeminent methods for separation
of biological molecules. Although electrophoresis was known since the 1800s, it was
not widely used until Arne Tiselius developed moving boundary electrophoresis
in 1937 [5]; a decade later, Pauling and Itano employed the technique to measure
the pH dependence of electrophoretic mobility of normal and sickle-cell anemia
variants of hemoglobin [6]. They demonstrated that the disease was associated with
a significant difference in the isoelectric point of the two forms of the protein,
reflecting differences in the structure of the two variants.

Moving boundary electrophoresis is a cumbersome technology, which severely
limited its application. A set of papers appeared in the late 1940s that described the
use of silica gel and agarose as supporting media for electrophoretic separations [7,
8]. Another set of papers appeared in 1950 describing paper as a supporting medium
for electrophoresis, the most highly cited of which was authored by Tiselius [9].
Finally, in 1959, Raymond published a description of the use of polyacrylamide as
a separation matrix [10].
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1.3.2
Early History of Chemical Cytometry – Before Ultrasensitive Detection

The inauguration of chemical cytometry can be traced to three papers by
J. Edström. The first, published in 1953, demonstrated the electrophoretic sep-
aration of picograms of nucleotides. In this method, a 1-cm-long single silk fiber
was used for the separation. A mixture of nucleotides was pipetted onto the fiber,
and electrophoresis was performed at an electric field of 120 V cm−1. After 2 h, the
nucleotides had traveled 500 µm and were resolved into two bands. Detection was
through ultraviolet (UV) microscopy at 275 nm. This paper was quickly followed
by two others that described the application of the technique to the analysis of the
nucleotides from single neurons [11–13]. Interestingly, the latter separation was
performed at a field strength of 5000 V cm−1 but nevertheless required half an hour
to achieve a 0.5 mm separation.

As noted before, Matioli recognized that spectroscopy was not sufficient to
resolve hemoglobins from single cells. Inspired by Edström’s work, he began
to use electrophoresis for the separation of hemoglobin at the single-cell level.
Initial attempts employed a cellulose fiber for separation of hemoglobin variants
from single erythrocytes. However, those efforts failed, and Matiolli instead used
a polyacrylamide fiber to support the separation [14]. Erythrocytes were dispersed
in the polymerizing acrylamide solution, which was pulled into a 10-µm-thick,
100-µm-wide ribbon. Erythrocytes were randomly distributed within the ribbon.
Electrophoresis was performed at 1000 V cm−1, and resolution of hemoglobin
variants was achieved after 5 min. Detection was through bright-field microscopy
at 420 nm.

Fiber-based separation methods are reminiscent of the early microchemical
methods developed by analytical chemists, in that both required great dexterity and
patience, and were only practiced in a few labs.

As a much more practical format, several groups began to perform polyacrylamide
gel electrophoresis within glass capillaries; Neuhoff has written a valuable review of
the field [15]. These capillary-based systems, the predecessors of modern capillary
electrophoresis, employed precision-bore capillaries for the separation, often using
tubes manufactured by the Drummond Corporation as disposable microliter-scale
pipettes. These capillaries are still manufactured, and my research group employs
them as precision spacers in the construction of some of our instrumentation.

The smallest of these capillaries were 100 µm i.d. and 30 mm long, although
500-µm-diameter tubes were much more commonly used. Because of the relatively
large inner diameter, these early capillary electrophoresis systems were operated
at modest electric fields (20–50 V cm−1), which produced slow separations that
required half an hour or more for completion. These early capillary electrophoresis
systems suffered from one serious limitation; they did not employ on-column
detectors. Instead, the gel was forced from the capillary and then stained, for
example, by Coomassie blue to visualize proteins.

Despite limitations associated with detection and separation efficiency, these
systems found use for the characterization of single cells. In one notable example,
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Marchalonis and Nossal isolated the antibodies secreted by a single immunolog-
ically active cell. They labeled the antibodies with 125I, separated proteins using
cellulose acetate electrophoresis at 35 V cm−1, and detected the labeled proteins
using autoradiography. Over 125 cells were successfully analyzed, and a fairly large
heterogeneity was observed in the electrophoretic mobility of the labeled compo-
nents. This data was used to support the hypothesis that a single cell produces a
homogeneous antibody [16].

Both Wilson and Ruchel employed electrophoresis for the separation of proteins
from single giant neurons of Aplysia [17, 18]. These neurons are ∼100 µm in
diameter and contain perhaps 100 ng of proteins. These quite large cells provided
enough material to generate 2–20 separations. In an impressive experiment,
cells were passed through sequential extractions to isolate different fractions. For
example, cytoplasmic components could be isolated by osmotic shock, followed
by treatment with ethylene glycol and a second osmotic shock, followed by
treatment with 2 N NaCl to isolate a third fraction, followed by extraction with 8 M
urea, and a final solubilization with SDS. In addition to proteins, low-molecular
weight peptides were observed from the neurons. These peptides underwent
changes with time, and there were hints of secretary granules observed in some
electropherograms.

In 1975, O’Farrell introduced two-dimensional gel electrophoresis [19]. Shortly
thereafter, miniaturized versions were reported [20]. In the miniaturized methods,
isoelectric focusing (IEF) was performed in a Drummond capillary. After
focusing, the capillary’s contents were carefully extruded onto a miniature
SDS-PAGE slab gel, and separated at right angles to the IEF gel. Neukirchen
and colleagues employed a miniaturized two-dimensional gel electrophoresis
separation method and silver staining to characterize proteins separated from
a single Drosophila egg [21]. Several hundred proteins were resolved from the
micrograms of protein contained in the egg. However, like most two-dimensional
electrophoresis methods, reproducibility and throughput were very limited, and
the technology required careful manual manipulations.

1.3.3
Prehistory of Chemical Cytometry – The Origins of Capillary-based Separations

The second half of the 1970s saw developments that were of fundamental
importance in the development of modern chemical cytometry. Capillary-based sep-
arations, including capillary liquid chromatography and capillary electrophoresis,
were developed. Ishii, Tsuada, and Novotny developed technology for performing
capillary liquid chromatography [22, 23], and Jorgenson published several highly
important papers on capillary electrophoresis [24, 25].

Both capillary liquid chromatography and capillary electrophoresis are instru-
mental methods of analysis, where a high-performance separation column is
reused for dozens or hundreds of analyses. This ability to reuse the separation
column allows for automation where samples can be loaded from an autosampler
for high-throughput and reproducible analysis. These capillary separations have
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typically employed fused silica capillaries with 10–50 µm i.d. and can easily handle
nanoliter or smaller sample volumes, which is well matched to the volume of a cell.

1.3.4
Prehistory of Chemical Cytometry – The Origins of Ultrasensitive Detection

Although lasers became commercially available in the later part of the 1960s, it took
another decade before they became common excitation sources for fluorescence
detection. In their pioneering work, Zare and coworkers employed lasers as
detectors for the chromatographic separation of aflatoxins in the mid-1970s [26,
27]. These papers reported subpicogram detection based on the native fluorescence
of these carcinogenic natural products. They were shortly followed by two other
examples in the early 1980s [28, 29], which again employed native fluorescence for
femtogram detection. The high spatial coherence of the laser allowed the beam to
be focused to a high-intensity spot in the fluorescence detector, resulting in much
improved detection limits compared with conventional lamp-based excitation.

I had the good pleasure of doing a postdoctoral fellowship with Dick Keller at Los
Alamos Scientific Laboratory in 1981–1982. Through a series of happy accidents,
I was able to spend half of my time working in the flow cytometry laboratory with
Jim Jett and John Martin. The Los Alamos flow cytometry laboratory had made a
number of very important contributions to the field, perhaps the most important
being the development of the first flow sorter by Mack Fulwyler [30]. I worked
with Jett and Martin to investigate the performance of the sheath-flow cuvette, a
key component of a flow cytometer, as a fluorescence detector for neat solutions.
We obtained attogram detection limits for a fluorescent dye, which represented
a two order of magnitude improvement in detection limit over earlier work. We
also mapped an approach to use laser-induced fluorescence for single-molecule
detection, which represents the ultimate detection limit [31, 32].

In 1988, Yung-Fong Cheng, a graduate student in my laboratory, coupled capillary
electrophoresis with a fluorescence detector based on the sheath-flow cuvette
[33]. The combination produced both outstanding electrophoretic separation and
ultrasensitive fluorescence detection. He achieved low zeptomole detection limits
for a number of fluorescein thiohydantoin derivatives of amino acids, which
represented a 10 000-fold improvement in detection limit for these biological
compounds. Optimization of the laser power resulted in an order of magnitude
improvement in detection limit [34]. Zare and Jorgenson also published papers
in 1988 that coupled capillary electrophoresis with laser-induced fluorescence, in
both cases achieving attomole detection limits [35, 36].

1.3.5
Prehistory of Chemical Cytometry – The Polymerase Chain Reaction and
Fluorescence-based DNA Sequencing

The development of the polymerase chain reaction in 1985 provided an extra-
ordinarily powerful tool for nucleic acid analysis from minute samples [37].



1.3 Chemical Cytometry 7

Similarly, the development of fluorescent-based DNA sequencing based on Sanger’s
chain-terminating reaction provided a powerful means of identifying nucleic acids
[38, 39]. When coupled with capillary electrophoresis, the genomics community
had two powerful tools for the rapid characterization of the genetic content of single
cells [40–43].

1.3.6
Chemical Cytometry: Protein Analysis – The First Experiments

Modern chemical cytometry had its genesis in a series of papers published by Jim
Jorgenson, Andy Ewing, and Ed Yeung toward the end of the 1980s. In each case,
capillary separations were employed as powerful tools to resolve components from
single cells. These papers addressed the important issues in chemical cytometry:
cell lysis, labeling, separation, and detection.

Jorgenson published the first modern chemical cytometry paper in 1987 in a
somewhat obscure journal [44]. That paper was followed by two higher profile
papers [45, 46]. In all cases, giant neurons were used for analysis. Cell lysis was
primitive: the cell was placed within a microcentrifuge tube and manually homoge-
nized. The homogenate was labeled with naphthalene-2,3-dicarboxaldehyde (NDA)
for fluorescence detection. An aliquot was injected into a capillary liquid chromato-
graphic column or a capillary electrophoresis column for separation. Components
were detected by voltammetry or, in the Science paper, by lamp-based fluorescence.
Jorgenson later collaborated with Mark Wightman to employ electrochemistry to
detect catecholamines either within or secreted from individual cells [47, 48].

Capillary liquid chromatography is not ideal for single-cell analysis. It requires
transfer of the lysed cellular components to an injection loop for introduction to
the separation column. Although it is possible to perform the transfer with the
relatively large cells employed in the earliest papers, such manipulations with
a typical eukaryote cell would result in unacceptable levels of dilution and poor
signal-to-noise. Little work has been done since then using liquid chromatography
for chemical cytometry.

Capillary electrophoresis is a much more convenient tool for single-cell analysis
because injection is much simpler and the capillary’s inner lumen can act as
a convenient microscale reactor for component labeling. Both Jorgenson and
Ewing used capillary electrophoresis for single-cell analysis in the 1980s [49]. Like
Jorgenson, Ewing also worked with single giant neurons. However, Ewing used an
etched capillary tip to puncture the neuron’s membrane and to sample a portion
of the cell’s cytoplasm. Capillary electrophoresis was used to separate the sampled
components, and amperometry was used to detect easily oxidizable components.

1.3.7
Chemical Cytometry: Protein Analysis – Cell Lysis

These papers laid the foundation for the use of modern separation tools to
characterize cellular components. However, they required manual maceration of
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the cell (Jorgenson) or puncture of the cell membrane (Ewing) to obtain material
for analysis.

Yeung published the first description of cell lysis within an electrophoresis
column before analysis [50]. Erythrocytes were treated in suspension with mono-
bromobimane to fluorescently label glutathione. After labeling, the intact, labeled
cell was aspirated within a capillary. The labeled erythrocytes were lysed by passage
of a 1% SDS solution, a digitonin solution, or the separation buffer. After lysis,
electrophoresis was used to resolve the components. By lysing the cell within the
capillary, the labeled contents were contained within the capillary, which eliminated
sample loss during handling.

In some cases, cells can undergo metabolism during the period between lysis
and analysis. To minimize such changes, Allbritton developed several tools for
rapid cell lysis. In her earliest experiments, a suspension of cells was dropped
onto a microscope slide. A pulsed Nd-YAG laser was focused near a cell on the
slide. Absorbance of the beam by the slide produced an acoustic wave that lysed
the nearby cell. Simultaneously, an aspiration pulse was applied to the distal end
of the capillary, drawing the cellular contents within the capillary for subsequent
separation [51]. This laser-pipette allowed for the very rapid sampling of cellular
contents, which minimized perturbations to the cellular contents associated with
the handling of the cells. Allbritton and Ramsey collaborated to employ a localized
high voltage to induce rapid cell lysis of cells flowing through a microfabricated
device [52].

1.3.8
Chemical Cytometry: Protein Analysis – Native Fluorescence

Yeung employed a UV laser to excite native fluorescence from proteins and other
components within a single cell. The first example revisited Matioli’s characteriza-
tion of hemoglobin in single erythrocytes, this time using a UV laser to excite native
fluorescence from the high-abundance protein [53]. Similar technology was used
for detection of catecholamines from single adrenal chromaffin cells, serotonin
in neurons, and proteins from neurons [54–58]. Sweedler also employed capillary
electrophoresis to study neurotransmitters present in single neurons [59, 60].

Unfortunately, native fluorescence usually requires lasers that operate in the UV
portion of the spectrum; these lasers tend to be expensive and have limited life
span, which has discouraged their application for detection of native fluorescence
in chemical cytometry.

In addition, there has been interest in using much less expensive and much
more reliable lasers operating in the visible portion of the spectrum to monitor
expression of green fluorescent protein (GFP) from single eukaryote [61] and single
prokaryote cells [62]. GFP is excited in the blue portion of the spectrum and can be
detected with very high sensitivity. GFP-fusion proteins can be prepared by genetic
engineering, which represents a highly precise means of fluorescently labeling a
specific protein. However, since it requires genetic engineering, a significant effort
is required to perform the labeling.
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1.3.9
Chemical Cytometry: Protein Analysis – On-column Labeling

Laser-induced fluorescence of labeled components is likely the most widely used
detection method for chemical cytometry. Low cost and reliable lasers that operate
in the visible portion of the spectrum are well matched to a wide range of
derivatization chemistries and can easily produce detection limits in the zeptomole
range. However, labeling adds an extra step to the analysis and places limits on the
separation buffer, which must also be compatible with the labeling chemistry.

Ewing reported an on-column lysis and labeling scheme for chemical cytom-
etry. In this experiment, the cell was injected into the capillary, lysed, and its
contents labeled with a fluorogenic reagent. By performing the labeling chemistry
within the capillary, manipulations were dramatically simplified, excessive dilu-
tion was avoided, and the entire reaction product was available for subsequent
electrophoretic separation [63].

On-column labeling usually requires a high concentration of derivatization
reagent. The excess reagent, and fluorescent impurities present within the reagent,
can create a sea of impurity peaks that can swamp the signal from the analyte of
interest. Several fluorogenic reagents have been commercialized. These reagents
undergo a dramatic bathochromic shift upon reaction, which usually shifts the
absorbance spectrum from the UV for the reagent to be visible for the product.
The product is excited without interference from the unreacted reagent. For many
years, we employed the fluorogenic reagent 3-(2-furoyl) quinoline-2-carboxaldehyde
(FQ) as a fluorogenic reagent. The reagent reacts with primary amines, such as
the ε-amine of lysine residues, to produce a product that is excited in the blue
portion of the spectrum. However, FQ converts the cationic group into a neutral
product. Unfortunately, it is very difficult to convert all lysine residues into labeled
products for most proteins. The reaction instead converts a single protein into a
set of labeled products; there are 2N − 1 possible fluorescent products where N
is the number of primary amines on the target [64]. These products produce a
charge ladder, where the charge of the product is related to the number of labels
that were incorporated [65]. These products have different electrophoretic mobility
and generate very complex electropherograms. We discovered that incorporation
of an anionic surfactant, such as SDS, collapses the electropherogram into a
sharp electrophoretic peak with very high separation efficiency, which makes FQ
useful for capillary sieving electrophoresis and micellar electrokinetic capillary
chromatography, both of which employ charged surfactants in the separation [66].

Unfortunately, IEF is not compatible with charged surfactants, and FQ produces
very complex electropherograms from standard proteins [67]. Fortunately, Wolf-
beiss has recently developed a fluorogenic reagent that produces a cationic product
upon reaction with an amine [68]. We have employed the reagent to label proteins
for capillary IEF [69]. Our initial attempts were plagued by a very high background
signal from fluorescent impurities present within commercial ampholytes. We
then employed a bank of high-intensity photodiodes to photobleach those impuri-
ties, which dramatically decreased the background signal and allowed us to obtain
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zeptomole mass detection limits [70]. We are in the process of employing this
reagent to applications of IEF in chemical cytometry.

1.3.10
Chemical Cytometry: Protein Analysis – Two-dimensional Capillary Electrophoresis

A one-dimensional separation method is able to resolve perhaps 100 components
from a complex protein mixture obtained from a single cell. The protein content of
single cells can be simplified by differential extraction [18]. However, such manipu-
lations require large cells such as giant neurons, and require cumbersome manual
manipulations. Instead, it is valuable to perform two-dimensional separations on
the proteins from single cells. In two-dimensional separations, the contents of a
cell undergo separation in a first dimension capillary. Once the fastest moving
components reach the distal end of that capillary, fractions are repetitively trans-
ferred to a second capillary for subsequent separation. Our initial work employed
the FQ reagent to label proteins and various forms of capillary electrophoresis
for separation [71–73]. While these forms of electrophoresis provided outstanding
separation of biogenic amines, the resolution of proteins was disappointing [74].
Fortunately, Wolfbeiss’s fluorogenic dyes allow IEF as a separation mode. We are
developing a two-dimensional capillary electrophoresis separation based on IEF
in the first dimension and the capillary equivalent to SDS-PAGE in the second;
this combination should provide outstanding resolution of proteins from single
cells.

1.4
Chemical Cytometry of DNA and mRNA

There has been quite a bit of activity in the analysis of genomic and mRNA expres-
sion in single cells. The availability of commercial primer sets for whole-genome
PCR amplification has proven to be particularly powerful for such studies. In the
experiments, a single cell is lysed in a nanoliter container. After whole-genome
amplification, any sequencing method can be employed to characterize nucleic
acids. In the original approach, pyrosequencing was employed [75]. For mRNA
studies, it is necessary to incorporate a reverse transcriptase step to produce cDNA,
which is then amplified and analyzed by western blotting, hybridization to an
oligonucleotide array, or direct sequencing [76–79].

1.5
Metabolic Cytometry

We coined the term metabolic cytometry to refer to the analysis of metabolites in
single cells [80]. Metabolites consist of peptides, lipids, carbohydrates, biogenic
amines, and other low-molecular weight components. A number of fluorogenic
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reagents have been developed to monitor the activity of specific hydrolytic enzymes.
These reagents are taken up by cells and converted into membrane impermeable
and highly fluorescent products; reagents are available to assay for esterase,
phosphatase, glucosidase, and other enzymes. These reagents are commonly used
in flow cytometry. However, they can only provide information on the activity of a
single enzyme; more general metabolic activity requires more powerful chemical
cytometry methods.

1.5.1
Directed Metabolic Cytometry

Metabolic studies tend to fall into two classes. In directed metabolic cytometry,
cells are treated with a fluorescent substrate. Conversion of the substrate to product
results in a change in electrophoretic behavior that is detected as a mobility shift.
Allbritton’s work on kinase activity is an example of directed metabolic cytometry
[81–83]. In these studies, cells are treated with fluorescently labeled peptides that
are substrates to different kinases. After incubation, cells are lysed and the products
analyzed by capillary electrophoresis with laser-induced fluorescence detection.
Incorporation of a phosphate group results in a shift in the peptide’s mobility.
By careful adjustment of the peptide structure and electrophoretic conditions, it
is possible to simultaneously monitor the activity of a number of kinases.

We have developed another form of directed metabolic cytometry. In our case,
we incubate cells with a fluorescent oligosaccharide or glycolipid [80, 84–86].
Cells take up the substrate and a cascade of enzymes convert it to a series of
catabolic and anabolic products. However, as long as the fluorescent tag remains,
any metabolic product can be detected with yoctomole detection limits [87]. These
metabolic cascades can become extremely complex, particularly for carbohydrate
metabolism, and the resolution of very complex mixtures of metabolic products
can be a challenge. Chapter 2 of this book presents some recent results on the
metabolism of sphingolipids in single neurons.

As a final example of metabolic cytometry, Kennedy has developed a power-
ful microfluidic system for monitoring insulin production from single islets of
Langerhans [88]. This technology employs repeated sampling from the islet fol-
lowed by competitive immunoassay at rates of 5400 assays per hour, which provides
extraordinary temporal resolution of insulin production.

1.5.2
Shotgun Metabolic Cytometry

The directed metabolic cytometry methods are designed to monitor activity of
specific enzymes. This situation is not useful when surveying the metabolism of
single cells. In this case, it is useful to employ shotgun metabolic cytometry that
provides a broad survey of metabolites. Sweedler has worked extensively in this
area, developing powerful mass spectrometric methods to characterize peptides
and small-molecule neurotransmitters in single neurons and organelles [89–93].
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1.6
Future Perspectives on Instrumentation for Chemical Cytometry

The technology employed in chemical cytometry is maturing rapidly. The proce-
dures for cell culture, isolation, lysis, and labeling are mostly developed. Separation
of very complex samples, such as single-cell protein lysates, remains challenging,
but recent advances in ultrasensitive capillary IEF provides a powerful new tool.

Microfluidic devices play an important role in manipulating cells; when
coupled with capillary array electrophoresis, they provide an opportunity for
high-throughput and high-resolution analysis [94].

1.6.1
Chemical Cytometry of Primary Cells Is the Wave of the Future

In our experience, analysis of cultured cells can produce highly reproducible
results for chemical cytometry of proteins, carbohydrates, and glycolipids. As a
result, cultured cells are wonderful reagents to investigate the inherent precision
of chemical cytometry. However, such analyses ultimately are boring. If cells
generate reproducible chemical cytometry patterns, then there is little need to
employ chemical cytometry for their analysis. It is much simpler to analyze a
cellular homogenate using conventional analytical methods.

There are some examples when analysis of cell cultures may be of interest. For
example, cells in culture pass through the cell cycle as they grow and divide, and
chemical cytometry can be used to characterize the evolution in cellular composition
during the cell cycle [80, 95–97]. We have used image cytometry on cells treated
with an intercalating stain to segregate cells into the G1 and G2/M phases of the
cell cycle before analysis [80, 95], and we have sorted ethanol fixed cells to isolate
cells at a specific phase of the cell cycle before chemical cytometry [96, 97].

However, more interesting results can be obtained from analysis of primary
cells. We have investigated a number of examples of chemical cytometry of
primary cells. In each case, we observe a much more heterogeneous behavior than
the corresponding cultured cells. Chapter 2 of this book presents some recent
results on sphingolipid metabolism in single neurons, which indeed is much
more complex than similar experiments performed on cultured cells. We envision
that chemical cytometry will be a particularly powerful tool for characterizing the
changes that accompany the development of an embryo [98, 99] and differentiation
of a stem cell.

1.6.2
Challenges – Tissue Dissociation Can Introduce Changes in a Cell’s Composition

Often it is the details that bedevil the applications for chemical cytometry. For
example, dissociation of primary cells from tissues can be remarkably challenging.
While trypsin and related proteases can be used to dissociate cells, the activity of
those enzymes undoubtedly induces chemical and biochemical responses. For this
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reason, hematopoietic cells are tempting targets for chemical cytometry because
they do not require dissociation from a tissue.

1.6.3
Challenges – Cells Need to Be Fixed to Prevent Changes Associated with Sample
Handling

Similarly, it is necessary to consider the changes induced while handling cells.
Viable cells that sit on ice for several hours before analysis will likely undergo
stress response, changing the characteristics of the cell. We have decided to fix cells
as soon as possible to minimize changes during subsequent handling. Formalin
is valuable for fixing cells before metabolic cytometry since it does not react with
the target compounds. This fixing is of great convenience. The data provided in
Chapter 2 were generated from cells that were dissociated and incubated at Johns
Hopkins University in Baltimore and then shipped to the University of Washington
for analysis, which is at a distance of 4000 km. Such an arrangement would not
be possible with unfixed cells, in which case the chemical cytometry instrument
would need to be in very close proximity to the animal facility.

Unfortunately, formalin cross-links proteins and nucleic acids, and that reagent
cannot be used to fix cells before chemical cytometry of those components. Hence,
we have been investigating the use of ethanol as a fixative [74]. Ethanol appears
to efficiently denature enzymes, which should preserve the cellular composition,
without introduction of cross-links. However, ethanol has several problems. It
can make membranes permeable, which can result in the loss of low-molecular
weight components. Treated cells tend to be much more sticky than their un-
treated counterparts, which can introduce challenges in the manipulation of
the fixed cells. Ethanol causes proteins to precipitate; their subsequent res-
olubilization can require the use of surfactants, which can interfere in some
analyses.

1.6.4
Challenges – The Connection Between the Real World and the World of Chemical
Cytometry

Finally, there needs to be a connection between the world of chemical cytometry and
the analysis of large-scale lysates. The former provides wonderful detail on cellular
composition and response to environmental changes while the latter provides
ample material for conventional analytical measurements.

Identification of components observed in single-cell analysis is fraught with
challenges, particularly for fluorescence-based assays. The presence of a peak in
an electropherogram simply means that some component was present. As noted
nearly 50 years ago by Matioli et al. [4], spectral information provides very limited
information for the identification of components.

Ideally, mass spectrometry would be used for identification of components in
chemical cytometry. As demonstrated by Sweedler, the current generation of mass
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spectrometers has sufficient sensitivity to monitor peptide and metabolite expres-
sion in single neurons [89–93, 100]. Unfortunately, the sensitivity of those instru-
ments is insufficient to detect any but the most abundant proteins in a single cell.

We have employed purified proteins as standards, which are used to spike elec-
tropherograms; those proteins are isolated from gel electrophoresis of large-scale
homogenates [101]. The isolation of proteins is very tedious, and alternative meth-
ods are required for component identification. Fortunately, capillary electrophoresis
can be very reproducible, so that analysis of large homogenates by capillary elec-
trophoresis with mass spectrometry detection may provide tentative identification
of the components in single cells.
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2
Metabolic Cytometry – The Study of Glycosphingolipid
Metabolism in Single Primary Cells of the Dorsal Root Ganglia
Colin D. Whitmore, Jillian Prendergast, David Essaka, Ole Hindgaul,
Monica P. Palcic, Ronald L. Schnaar, and Norman J. Dovichi

2.1
Introduction

2.1.1
Glycosphingolipids Play an Important Role in Neuronal Membranes

The surfaces of animal cells are covered with glycoproteins and glycolipids. The
sugar chains, termed oligosaccharides, face the outside of the cells where they
can act as recognition molecules in a very wide array of biological events [1–3].
Both glycoproteins and glycolipids are present in cell membranes. The brain is
unique among vertebrate tissues because >80% of the conjugated saccharides are
glycolipids rather than glycoproteins. Glycosphingolipids are the most common
glycolipids. In these compounds, the lipid portion consists of ceramide, an N-acyl
sphingosine. The sugar chains of 1 to over 20 residues can take on very complex
structures. The compounds are not static within the cell but undergo continual
internalization and recycling [2]. It appears that the expression of these compounds
is tightly regulated with biosynthesis and biodegradation in careful balance.

These compounds play important roles in transmembrane signal transduction,
apoptosis, Alzheimer’s, diabetes, and neuronal functions. There is a rich literature
describing the changes in structures of glycolipids, which accompany embryonic
development and tumor progression. A set of devastating diseases arises from
inborn errors of metabolism involving enzymes in the biosynthetic and biodegra-
dation pathways for glycolipids; the best known of these are Tay-Sachs and Gaucher
diseases.

2.1.2
The Metabolism of Glycosphingolipids Is Quite Complex

Glycosphingolipid metabolism has been worked out in detail (http://www.genome.jp/
kegg/pathway.html). Figure 2.1 presents a portion of that metabolism, beginning
with ceramide and adding sugars to create larger and more complex carbohydrate
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Figure 2.1 Partial glycosphingolipid metabolic pathway.
The circles are different glycolipids and the squares contain
the EC number for the anabolic enzyme responsible for the
production of that compound.

head groups. The distribution of glycosphingolipids is the result of anabolic
enzymes that add successive sugars and catabolic enzymes that remove those
sugars. The numbers in each box is the EC number for the anabolic enzymes. The
corresponding catabolic enzyme is not shown.

2.1.3
Expression of Glycosphingolipids Is Quite Heterogeneous in Primary Tissues

Labeled antibodies and glycolipid-binding toxins have been used to monitor ex-
pression of specific glycosphingolipids in various primary tissues. These studies
demonstrate extraordinary heterogeneity in the distribution of these compounds.
That distribution presumably reflects differences in the function of individual neu-
rons. The hypothalami of mice with Tay-Sachs disease, in which the ganglioside
GM2 accumulates excessively, were stained to examine GM2 storage. The staining
revealed that accumulation occurred unevenly among the neurons [4]. The effects
of gangliosides are also heterogeneous. Mice that could not synthesize lipids larger
than GM3 and GD3 were engineered. They had axon degeneration at 43 times the rate
of control animals, but this degeneration took place only in a minority of cells [5].
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The dorsal root ganglion (DRG) is one of the several groups of nerve cells
clustered together near the spinal column, comprising part of the peripheral
nervous system. DRGs contain the cell bodies of neurons that carry sensory
impulses along a single long axon extending from their distal termini (e.g., in the
skin) to the spinal cord. Antibody stains were used to characterize the expression of
different glycosphingolipids in DRGs, and heterogeneity was clearly demonstrated.
Gong et al. showed significant variation in the types of gangliosides present in the
various neurons of DRGs [6].

2.1.4
Metabolic Cytometry Has Been Used to Characterize Glycosphingolipid Metabolism
in Model Cell Systems

The use of affinity reagents (antibodies, toxins) to monitor glycosphingolipids
has several limitations. First, reagents are not available for all glycosphingolipids.
Second, the affinity reagents can exhibit cross-reactivity. Third, while different fluo-
rescent stains can be used to visualize several targets simultaneously, correcting for
spectral cross talk is difficult, which limits the dynamic range of the measurement.
Finally, it is difficult to simultaneously monitor more than three components due
to spectral overlap.

Compounds labeled with highly fluorescent dyes can be separated with high
resolution by capillary electrophoresis (CE) and detected with great sensitivity by
laser-induced fluorescence [7–11]. If a fluorescent label is attached to a substrate
along a metabolic pathway, metabolites that retain their label can be detected at
very low levels.

We employed chemical cytometry to monitor glycosphingolipid metabolism
in cultured AtT20 cells; these pituitary tumor cells have some resemblance to
neurons and provide a convenient model system. In those studies, GM1 was tagged
with tetramethylrhodamine, a highly fluorescent dye that does not prevent uptake
or metabolism of the substrate [11]. Pagano and coworkers have used similar
fluorescent compounds to examine glycosphingolipid localization and transport
[12, 13]. By complexing these compounds with defatted bovine serum albumin, the
authors were able to prompt cells to uptake their probes.

Figure 2.2 presents the structure and metabolic transformations expected for
tetramethyl rhodamine (TMR)-GM1. The substrate can undergo catabolic transfor-
mation, losing terminal sugar groups to successively produce the simpler GM2,
GM3, and LacCer structures. LacCer can undergo loss of the terminal galactose
and glucose, resulting in the fluorescently labeled ceramide. The LacCer can also
undergo anabolic transformation with the addition of sugars to create the asialo
GA2 and GA1, where asialo refers to the absence of a sialic acid. GM3, a branch
point in the biosynthesis of the more abundant gangliosides can undergo addition
of sugars to create larger structures such as GD3, GD1b, and GT1b. Finally, GM1 can
itself accept additional sugars to become GD1a or GT1a.
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Figure 2.2 Glycosphingolipid metabolic pathway. Cer is
ceramide with a covalently attached tetramethyl rhodamine.

We adapted Pagano’s method to induce an immortalized cell line to take up our
fluorescent GM1 analog. The cells metabolized the lipid into products that retained
the tetramethylrhodamine tag. After incubation, cells were selected, injected onto
a capillary, and lysed by contact with the separation buffer. The cell’s contents were
then separated by CE and detected by laser-induced fluorescence [14]. Relatively
little variation existed among AtT20 cells. There is a limited amount of relevant
biological data that can be gleaned from studying a model cell line. Therefore, it is
crucial to adapt our technique to allow for the interrogation of primary nerve (and
other) cells freshly isolated from animals.

In this chapter, we present a method for the analysis of glycosphingolipid
metabolism in individual, primary cells. We apply this method to the conversion
of the ganglioside GM1 by single neurons isolated from rat DRG.

2.2
Material and Methods

2.2.1
Reagents

The synthesis of tetramethylrhodamine-labeled GM1, GA1, GM2, GA2, GM3, LacCer,
GlcCer, and Cer has been previously described [15]. The preparation involved acyla-
tion of the homogeneous C18 lyso-forms of GM1, LacCer, GlcCer, and Cer with the
N-hydroxysuccinimide ester of a β-alanine tethered 6-tetramethylrhodamine deriva-
tive. The resulting glycosphingolipids were treated with galactosidase, sialidases,
and sialytranserase enzymes to create the other standards.

2.2.2
Cells and Cell Culture

DRG neurons were prepared from four- to five-day-old rat pups using the protocol
described [16], with the following changes. Collagenase for DRG dissociation was
increased to 10 mg ml−1. An additional purification step was used after dissociation
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and cell filtering. A suspension of cells in medium (∼1.5 ml) was pipetted
over a two-step gradient of 25 and 50% Percoll in Hepes-buffered saline (3 ml
each; Sigma–Aldrich). After centrifugation (800g, 25 min) cells at the 25%/50%
interface were collected, washed by centrifugation in saline, resuspended in
growth medium, and plated on a 35-mm cell culture dish coated with 10 µg ml−1

laminin (Cultrex/Trevigen, Gaithersburg, MD) for 1 h at 37 ◦C. Nonadherent cells
were collected and plated at 200 000 cells/well on 24-well plates (Costar, Corning,
NY) precoated with 125 µg ml−1 poly-d-lysine (Sigma–Aldrich) and 10 µg ml−1

laminin. Cells were cultured in complete (serum containing) medium for 24 h,
washed, cultured in serum-free growth medium for 24 h, then TMR-GM1 added.

2.2.3
Uptake of Fluorescent GM1

Fluorescent GM1 was complexed to defatted bovine serum albumin in 1 : 1 ratio
using a procedure adapted from Pagano [12]. The plated neurons were grown in
this media for 24 h.

2.2.4
Homogenate and Single Cell Preparation

To prepare cellular homogenates, cultured DRG neurons were washed with
phosphate-buffered saline (Dulbecco’s formulation, PBS) then were dislodged
using trypsin–EDTA solution (2.5 mg ml−1 trypsin, 1 mM EDTA; Invitrogen).
After 5 min at 37 ◦C, cells were gently triturated from the culture surface and trans-
ferred to a glass tube. Soybean trypsin inhibitor (2.5 mg ml−1; Sigma–Aldrich)
was added, the cells collected by centrifugation, and washed repeatedly with PBS.
Finally, the cell pellet was lysed by addition of 1% SDS in PBS and the lysate was
kept frozen until analysis.

For single cell analyses, cultured DRG neurons were washed with PBS and
collected as described above. The washed cell pellet was resuspended in a solution
of 4% paraformaldehyde in PBS. After 12 min at ambient temperature the fixed
cells were collected by centrifugation (200g, 3 min) and the cells incubated in
10 mM glycine in PBS to quench the fixative, then washed repeatedly with the
same solution. Finally, cells were resuspended in the same solution and shipped
to University of Washington on ice prior to analyses.

2.2.5
Capillary Electrophoresis

The CE system is similar to others used in this group [7–11, 17, 18]. An uncoated,
fused-silica capillary (35 cm long, 20 µm i.d., 150 µm o.d.) was used for the
separation. The distal tip of the capillary was placed in a sheath-flow cuvette for
postcolumn fluorescence detection. A 10 mW frequency-doubled Nd-YAG laser
operating at 532 nm was focused in the cuvette to excite fluorescence. Emission
was imaged by a 0.45 NA microscope objective through a 580 DF40 band-pass
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filter onto a gradient index-lens coupled fiber optic. The optic transferred the light
to a single-photon counting avalanche photodiode that was interfaced to a data
acquisition card. The signal was recorded on a PC using Labview and data were
processed using Matlab running on a Macintosh computer.

The cells were lysed in the capillary. Injection was accomplished by exposing the
sheath flow at the terminus of the capillary to a 1 m drop for 1 s, which created
a siphon to inject a small volume. In the procedure, a plug of 2% Triton X-100
in water was injected. An inverted microscope was then used to locate a cell on
an uncoated, Teflon-printed 21-well slide. The capillary was centered over the cell
with a set of micromanipulators, and the cell was aspirated into the capillary. A
second plug of Triton X-100 was added, and the cell was allowed to lyse for 5 s.
The capillary was then placed in a running buffer composed of 10 mM sodium
tetraborate, 35 mM sodium deoxycholate, and 5 mM methyl-β-cyclodextrin [19].
Separation was performed at 25 kV.

Data were treated with a 7-point median filter to remove spikes due to bubbles
and cellular debris and then convoluted with a 44-point Gaussian function with
5 point standard deviation. Peak alignment was performed using a two-point
procedure based on the GM1 and Cer peak positions.

2.3
Results and Discussion

2.3.1
Dorsal Root Ganglia Homogenate

We first analyzed a homogenate prepared from primary DRG neurons (Figure 2.3).
The largest peak is that of the substrate, GM1. This data demonstrates that the
dissociated, plated DRG neurons are capable of taking up GM1 from media, and
of catabolizing it into the anticipated products. The metabolic profile produced by
these cells is very similar to that produced by the AtT20 cells [14]. There is significant
accumulation of GM2 and ceramide, smaller amounts of GM3, lactosylceramide and
glucosylceramide, and several peaks that correspond to metabolites for which we
do not have standards.

2.3.2
DRG Single Cells

The homogenate of DRG neurons had a glycosphingolipid profile very similar
to that from an immortalized cell line, while the single cells were more diverse
(Figure 2.4).

First, there was great variation in total labeled lipid content from cell to cell. This
variation can be seen in confocal microscopy (Figure 2.5). The variation is more
striking in our CE data. There was a three order of magnitude range in summed
lipid peaks (Figure 2.6). The uptake reached very high levels for some cells. In



2.3 Results and Discussion 27

2.6 2.8 3 3.2
0

1

2

3

4

Migration time (min)

C
or

re
ct

ed
 s

ig
na

l (
M

H
z)

GM1

GM3

Lac Glc

CerGM2

Figure 2.3 Electropherogram of a homogenate of primary
DRG neurons. Cells were harvested, plated, and then incu-
bated with a fluorescent analog of GM1.
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Figure 2.4 Electropherograms of 36 DRG single cells.
Note the variation in peak intensity; some traces are nearly
featureless at this scale, while others are above the detec-
tor’s linear range.

those extreme cases, the signal exceeded the dynamic range of our detector, which
resulted in severely distorted electrophoresis peaks; the estimate of uptake for those
cells is certainly underestimated in Figure 2.6.

Second, primary neurons also showed much more variation in their metabolic
profiles than did immortalized cells. We can measure this heterogeneity as deviation
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Figure 2.5 Fluorescence and bright-field images of plated
DRG neurons grown in the presence of GM1 (TMR). Note
that cells that appear similar in bright field vary considerably
in fluorescence intensity.
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Figure 2.6 Histogram of substrate uptake. Substrate up-
take was estimated by summing the signal from lipid peaks
present in a single cell electropherogram. The smooth curve
is the least squares fit of an exponential decay to the his-
togram.

of normalized peak areas of the three major peaks, GM1, GM2, and ceramide, which
produce signals that are large enough to be quantified in every cell, and account for
approximately 80% of total lipid signal. Normalization is accomplished by dividing
each peak’s height by the summed intensity of all three peaks. In the AtT20 cell
line, the peak heights of GM1, GM2, and ceramide had relative standard deviations
of 9, 16, and 40%, respectively. In the primary DRG neurons, the relative deviations
are a good deal larger: 38, 45, and 81%. The data provided hints of population
differences. Plotting the level of ceramide versus GM1, (Figure 2.7), suggests the
presence of two populations; one in which ceramide is linearly dependent on GM1,
and the other in which ceramide is at a consistent, lower level which is independent
of the substrate’s quantity.
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Figure 2.7 Scatter plot of GM1 versus ceramide. The dis-
tribution suggests the presence of two populations, one in
which ceramide is dependent on substrate concentration and
the other in which it is independent.

2.4
Conclusions

We have demonstrated a method of harvesting primary DRG neurons and inducing
them to take up a fluorescent glycosphingolipid analog. We have shown that these
neurons metabolize that analog, and that we can fix them, ship them 4000 km
between laboratories, and analyze the fluorescent lipid content of single cells. We
have shown that, as might be expected for a diverse neuronal cell population, there
is a great cell-to-cell heterogeneity in the uptake and metabolism of this lipid.
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3.1
Introduction

Prior to having the ability to analyze signal transduction events in individual cells,
signaling was thought to occur on a graduated scale. However, as technological im-
provements have enabled cells to be individually probed, it has become increasingly
apparent that this is not always the case. It is now known that in many instances a
cell may react to an incoming stimulus in an all-or-none fashion [1]. This important
information is lost in a homogenous assay format by virtue of signal averaging
across a bulk cell population. For example, in a cell population where only a select
few cells show abnormal signaling, an average may indicate ‘‘normal’’ behavior,
whereas a single-cell interrogation process would reveal abnormal cells. Tumors
are an example of this situation, where the vast majority of cells within the tumor
may be normal, and only a minority of cells demonstrates abnormal signaling
behavior. It is in such instances where the ability to study individual cells gives
valuable insight into the true behavior of signal transduction events.

Protein kinases are central to many signal transduction pathways. These enzymes
add the terminal phosphate group from adenosine triphosphate (ATP) to a serine,
threonine, or tyrosine residue on a target protein, which results in a modification
of the target’s bioactivity [2]. Protein phosphatases remove this phosphate group
from the protein, returning it to the prephosphorylated form. This phosphoryla-
tion/dephosphorylation of proteins acts as a switch in many signal transduction
pathways, with the phosphorylated form generally signaling the ‘‘on’’ state, and
the dephosphorylated form signaling the ‘‘off’’ state [1]. The ability to monitor the
amount of phosphorylation by a kinase in a single cell can give an indication of
how the signaling pathway is functioning.

This chapter describes our group’s efforts in the development and application
of analytical technologies for the study of normal and aberrant signaling path-
ways through monitoring kinase activity within single cells. The techniques rely
on microelectrophoresis, a technique that has been in use for many years for
high-sensitivity chemical separations to characterize the contents of single or small
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numbers of cells, a field known as chemical cytometry [3]. Our method utilizes an
integrated platform comprising an inverted microscope, pulsed laser, and micro-
electrophoresis system, either in a capillary or microfluidic format. To perform a
single-cell biochemical assay, cells are loaded with fluorescently labeled substrates
that function as reporters of the activity of the target enzyme. For kinases, the
substrate is typically a fluorescently labeled peptide with a serine, threonine or
tyrosine residue or a small lipid molecule. At the desired time after reporter
loading, a cell is lysed by a focused laser pulse. Dilution of cytoplasmic molecules
by diffusion and turbulent mixing terminates cellular reactions with sufficient
rapidity to prevent measurement artifacts from cell lysis [4]. Following lysis, the
cellular contents are immediately loaded into a separation channel and separated
by electrophoresis. Owing to their different chemical properties, the substrate and
product forms of the reporter are readily separated, detected using laser-induced
fluorescence (LIF), and identified by their characteristic migration times. The ratio
of the peak areas of the substrate and product are then used as a measure of the
targeted enzyme’s activation. Both fluorescent peptides and lipids have been used
successfully as substrates for kinases [5–9]. The phosphorylated products can also
be dephosphorylated by phosphatases; therefore, the measurement reflects the
dynamic equilibrium of the kinase and phosphatase activity in the single cell [5–7].
An additional advantage of this approach is the ability to measure the activation of
multiple enzymes simultaneously in a single cell by loading the cell with reporters
for a variety of enzymes. At present, three kinases have been assayed at the same
time in single cells, although the very high separation efficiency of microelec-
trophoretic methods makes it likely that a much larger number is possible [7].
A second advantage of this capillary electrophoresis (CE)-based method is that it is
fully compatible with light microscopy so that the cells can be monitored using a
variety of optical tools prior to analysis by microcolumn electrophoresis. Included
in this chapter is a discussion of which signaling pathways have been interrogated;
the reporters utilized to study these pathways; how the reporters are loaded into
cells; the techniques for cell lysis; the electrophoretic and detection modes used
in these determinations; and the high-throughput screening technology developed
thus far for single-cell analyses.

3.2
Analytes Examined and Reporters Used

3.2.1
Reporter Properties

In the context of this chapter, a reporter can be any molecule, such as a
fluorescently tagged peptide, lipid, or carbohydrate, which is detectable by CE [10].
When choosing a reporter, there are several parameters that must be examined.
First of all, the reporter must be able to be loaded into the cell. The reporter must
be specific for the process of interest and must undergo a change detectable by CE,
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achieved by altering the electrophoretic mobility of the reporter. The chosen reporter
must be distinguishable from cellular components and must be compatible with
the chosen detection method. Fluorescently labeled substrates are often used as
reporters because of the very low detection limits afforded by LIF detection. Finally,
the reporter availability and storage options must be considered. Some reporters
are commercially available (derivatization may be necessary), while others may be
synthesized in the lab. Long-term storage of the reporter may necessitate special
treatment, such as storing peptide reporters at −70 ◦C to prevent degradation or
storing lipid reporters under nitrogen or argon to prevent oxidation.

3.2.2
Probing System Function

When first setting up a system for single-cell component analysis, the abilities of
the system must be explored under standardized conditions. CE and microfluidic
systems can be tested by loading cells with two fluorescent dyes, usually fluorescein
and Oregon green [11–15]. There are several reasons why these two dyes are
utilized. First, both are small molecules that can be easily loaded into cells. An
argon ion laser, commonly used in LIF, provides excitation at 488 nm, close to
the maximum excitation wavelength for both compounds. These compounds have
different electrophoretic mobilities and can be distinguished from one another as
well as from other nonfluorescent cellular components by CE. Finally, reporter
molecules are frequently labeled with fluorescein or fluorescein derivatives, and
hence the use of these dyes provides some data on separation and detection limits
of labeled reporters under similar conditions. Once the new system’s functionality
has been verified with these fluorescent molecules, more complicated analyses can
be undertaken.

3.2.3
Peptides as Reporters

Kinases are enzymes that play an integral role in nearly all signal transduction
pathways by phosphorylation of target substrates [1]. To better understand the roles
that specific kinases play in signaling pathways, analysis of kinase activity within a
single cell is critical. Single-cell assays have been used to measure activity of several
kinases implicated in cancer, including protein kinase A (PKA) [7, 16], protein
kinase B (PKB or Akt) [6, 9], protein kinase C (PKC) [7, 16], calcium-calmodulin
activated kinase II (CamKII) [6, 7, 9, 16], and cdc2 protein kinase (cdc2K) [7, 16].
Fluorescently tagged peptide substrates have been used in numerous studies of
kinase activity in single cells [6, 7, 9, 16]. The peptides specific to the desired kinase
are purchased commercially or synthesized in the lab, loaded into the cell and
monitored by CE to determine the activity of the kinase in single cells.

There are many benefits in using peptide substrates as reporters for kinase
activity, but also many drawbacks. Peptide substrates are easily synthesized by
utilizing solid phase-peptide synthesis with Fmoc-protected amino acids [10]. They
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are readily labeled with fluorescein or other organic dyes by reacting with the free
amine of the resin-bound peptide. The first obstacle arises when the reporter must
be loaded into the cell. However, several methods exist to accomplish this task, either
by physical means or by making the reporters membrane permeable [1]. Initially,
the reporter is a nonphosphorylated substrate of the desired kinase, which is then
phosphorylated by the kinase on a serine, threonine, or tyrosine residue. Addition of
the phosphate group from ATP changes the net charge on the peptide, thus altering
the electrophoretic mobility of the phosphorylated substrate and allowing for
separation from the starting material. In addition, due to the varying electrophoretic
mobilities of the substrate reporters and their phosphorylated counterparts, it is
feasible to simultaneously monitor the activity of multiple kinases in a single cell. CE
has excellent resolving power, allowing for the separation of multiple components
in a single sample. An additional benefit of using sensitive LIF detection with CE
is that the reporter concentration loaded into cells can be much lower than native
substrate concentrations, which eliminates competitive inhibition [1].

A drawback to using peptide reporters is the possibility that the substrate will
be phosphorylated by a nontarget kinase, usually one closely related to the target
kinase or one recognizing a similar consensus sequence. Care must be taken in
substrate design to avoid this problem and a screen against potentially interfering
kinases may be necessary to more accurately understand what is being reported.
In addition, the substrate reporters have been shown to have lower KM and Vmax

values than protein substrates, something that may also affect the assay and the
interpretation of the results [1]. A final drawback when using peptide reporters
is their susceptibility to degradation by proteases that cleave and digest peptides.
There is no guarantee that the reporter will behave as expected once it is cleaved
and the results cannot be trusted once this occurs. Attempts to prevent degradation
of the reporters to increase stability and lifetime in the cell are as important as
ensuring kinase specificity.

Reporter loading difficulties can limit the utility of fluorescein-labeled peptide
reporters [17]. Already in use in microscopic cell biology studies, biarsenical dyes
have recently been used to fluorescently label recombinant proteins and synthe-
sized peptides, which can then be used as reporters. This method requires a
genetically encoded motif of —C—C—X—X—C—C— (where X is any noncys-
teine amino acid) that binds two arsenic atoms with high affinity [18]. FlAsH
[4′,5′-bis(1,3,2-dithioarsolan-2-yl)fluorescein] has two As(III) subunits that pair to
the cysteine thiol groups located in the motif. FlAsH is a fluorescent dye that
permeates the cell membrane and increases in fluorescence once it binds to the
tetracysteine motif. FlAsH has an excitation maximum at 508 nm, making it com-
patible with CE–LIF. One of the main benefits of this approach is that the reporter
is synthesized by the cell and does not need to be loaded into the cell. The FlAsH
dye then binds to the reporter, providing a fluorescently labeled reporter inside the
cell. Owing to the differences in electrophoretic mobility of the free and bound dye,
these analytes can be easily separated by CE, and hence removal of the unbound dye
prior to analysis is unnecessary. Also of note is that labeling with FlAsH has been
shown to have minimal influence on the substrate properties of the reporter [17].
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3.2.4
Lipids as Reporters

In addition to peptide reporters, lipid-based substrates have been used as reporters
for the lipid kinases. These include fluorescently labeled sphingosine and phos-
phatidyl inositol phosphates [5, 8]. Sphingosine is phosphorylated by sphingosine
kinase 1 and 2 (SK1 and SK2) and dephosphorylated by the phosphatases SPP1
and SPP2 [5]. Although the balance between these pathways is yet to be deter-
mined, SK1 is thought to be oncogenic and SK2 is involved in immune response.
Monitoring of the amount of sphingosine and sphingosine-1-phosphate in the cell
can give an idea of the activity of these kinases and phosphatases. Sphingosine
labeled with fluorescein remains cell permeant, so that it may be passively loaded
into the cells, where CE–LIF has been used to observe the relative amounts of the
phosphorylated and nonphosphorylated sphingosine reporter in cells. Other lipid
reporters include phosphatidyl inositol 4,5-bisphosphate (PIP2) and phosphatidyl
inositol 3,4,5-trisphosphate (PIP3) [8]. Mwongela et al. used Bodipy-Fl tagged PIP2

and PIP3 to monitor the in vitro activity of the enzyme phosphatidylinositide
3-kinase (PI 3-K), which is a known tumor promoter and converts PIP2 to PIP3.
These reporters were also used to monitor the reverse conversion, catalyzed by the
lipid phosphatase PTEN (phosphatase and tensin homolog detected on chromo-
some 10), which is a known tumor suppressor. The electrophoretic mobilities of
Bodipy-Fl labeled PIP2 and PIP3 are different enough to show separation by CE
with good resolution, heralding a promising method for monitoring the activities
of PI 3-K and PTEN in cells.

3.2.5
Secondary Reporters

Use of CE in series with a biological detector cell has allowed for quantitative de-
termination of inositol 1,4,5-trisphosphate (IP3) in Xenopus laevis oocytes [19–22].
In these works, CE was used to isolate and deliver the analyte IP3 to a detector
cell loaded with the Ca2+ sensitive indicator mag-fura-2. Presence of IP3 triggered
IP3-induced Ca2+ release, in turn causing a fluorescence increase in mag-fura-2. By
using this reporter system, physiologic IP3 concentrations [19], spatial concentra-
tions [21], and fertilization-dependent concentrations of IP3 in the X. laevis oocytes
were determined [22].

3.3
Cell Preparation and Reporter Loading

Effective loading of fluorescent reporters into cells is critical for their use in
single-cell analysis. The success of a given loading method depends on the proper-
ties of the reporter itself and the cell being studied. A variety of such techniques are
described here, each with unique advantages as well as potential pitfalls, Figure 3.1.
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3.3.1
Disruptive Loading Methods

Microinjection is a method by which reporters can be directly injected into the cells
of interest using a fine glass capillary. It is a relatively labor-intensive technique
which, while allowing for the introduction of nearly any reporter, also subjects
the cells to high, often lethal, levels of stress. Because the cell membrane must
be punctured by the capillary to introduce the reporter, cells that must be grown
in suspension, as well as cells with low cytoplasmic or nuclear volume, are not
generally compatible with this technique [23]. Furthermore, this technique is not
well suited to experiments in which stress-related pathways are to be interrogated,
as the shock of microinjection itself can activate signaling mechanisms related to
stress response. Nevertheless, microinjection has been used for introduction of
fluorescent reporters into a variety of cells [4, 6, 7, 15, 16].

Another disruptive loading technique is pinocytic loading. Here, cells are first
subjected to a hypertonic solution containing the reporter molecule, inducing the
formation of fluid-filled plasma membrane invaginations known as pinosomes.
Next, the cells are treated with a hypotonic solution, resulting in rupture of the
pinosomes and release of the reporter into the cytoplasm. Finally, cells are washed
with extracellular buffer (ECB) prior to CE [6]. Again, this technique involves a
relatively high degree of shock to the cells of interest and thus is not ideally suited
for interrogation of pathways that would be obscured or confounded by stress
response or membrane repair mechanisms.

3.3.2
Nondisruptive Loading Methods

While the aforementioned techniques can be highly effective, certain applications
of fluorescent reporters require methods of loading that are less stressful to the
cells being analyzed. There are a number of options available for reporter loading
based on diffusion or cellular transport mechanisms that require no physical or
osmotic manipulation of the cells.

Some commonly utilized fluorescent dyes, including fluorescein and Oregon
green, are commercially available in an acetyl ester form. The addition of acetyl
groups to the carboxylic acid moieties of these dyes increases their hydrophobicity
substantially and permits diffusion across the plasma membrane. Once in the
cytoplasm, the ester linkages are cleaved by ubiquitous esterases, rendering the
dye charged and thereby trapping it inside the cell [24]. Fluorescein diacetate
(mixed isomers) and Oregon green 488 carboxylic acid diacetate 6-isomer have
been successfully loaded into rat basophilic leukemia (RBL) cells [12, 24, 25], Ba/F3
(murine leukemia) [11], and Jurkat (nonadherent human leukemia) cells [14]. In
each case, simply incubating the cells in a solution of the diacetate dye provided
effective loading.

Peptide-based reporters are frequently charged, hydrophilic molecules that will
not pass through a plasma membrane unassisted. However, the conjugation of a
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peptide reporter to a TAT sequence, taken from amino acid residues 48–57 of the
TAT protein of HIV, has been demonstrated to allow entry of the reporter into cells
through a mechanism not yet fully elucidated. The TAT peptide (RKKRRQRRR)
has been used to load substrates for PKB and CamKII into HT1080, RBL, and NIH
3T3 cells with efficacy similar to microinjection, but without the need for physical
manipulation of the cells [9]. The TAT sequence has been shown to effectively aid
in reporter loading through attachment via either a disulfide bond or photolabile
linker. In the latter example, cells are exposed to UVA (ultraviolet A) light after
reporter loading and the TAT tag is spontaneously removed by linkage degradation.
It should be noted that certain cells, including B lymphocytes, do not show effective
uptake of TAT-conjugated compounds [26].

Another valuable tool for peptide reporter loading, particularly in cells that are
incompatible with endocytosis-based strategies such as TAT conjugation, is the
coupling of a hydrophobic lipid tag to the peptide reporter. The conjugation of
a C14 myristate group to otherwise cell-impermeant peptides has been shown to
promote efficient loading into cells [26], though the exact mechanism for membrane
transport of these tagged peptides has not been fully established. Furthermore,
conjugation of myristate to the peptide reporter via a disulfide bond allows for
spontaneous release of the reporter once in the cytoplasm. In the above work, a
number of peptides were synthesized using standard solid-phase technique, with
the addition of a myristate-conjugated lysine and an N-terminal fluorescein to each.
Ba/F3 cells were prepared for loading by centrifuging the cells at 800 g for 2 min,
discarding the supernatant, and resuspending in an ECB. The cells were then
incubated in a 20 µM solution of reporter in ECB for 30 min at 37 ◦C.

Lipid molecules are naturally membrane-permeant, a quality that simplifies the
loading of lipid-based reporters. This principle was illustrated in the measurement
of SK activity using sphingosine fluorescein (SphFl) as a reporter [5]. In this work,
Ba/F3 cells and sheep erythrocytes were loaded with SphFl by incubation with a
solution of the reporter in ECB at 37 ◦C for 15–20 min.

3.4
Cell Lysis and Sampling Techniques

Cell lysis is an integral step in single-cell analysis because it releases the compounds
for CE analysis. The cell is a complex mixture of cell contents and lysis techniques
must be compatible with downstream analysis; thus, the method of cell lysis must
be chosen very carefully [27]. The foremost methods to date for single-cell lysis are
discussed below.

3.4.1
Chemical Lysis

Chemical lysis is typically performed with a detergent. The detergent solubilizes the
lipids and proteins of the cell membrane to create pores and eventually lyse the cells.
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The cell lysis buffer contains either strong ionic detergents such as sodium dodecyl
sulfate (SDS), milder nonionic detergents such as Triton X-100, or zwitterionic
detergents such as 3-[(3-cholamidopropyl)dimethylammonio]-1-propanesulfonate.
Lysis by detergent has been well developed for bulk cell lysis and has also been trans-
lated to the single-cell level [28]. This method is easy to use with low cost. However, it
takes seconds to permeabilize the cell membrane and terminate chemical reactions
within the cell, which is too long a time frame for observations of many signaling
pathways. This delay allows the cell time to initiate signal transduction pathways
involved in membrane repair and stress response, rendering it difficult to accu-
rately assess the cell’s true biochemical activity. Also of concern is the remaining
detergent in the cell lysate, which can influence the downstream analysis [10].

3.4.2
Hypotonic Lysis

The cell membrane is completely permeable to water. When the cell is exposed to a
hypotonic solution lower in salt concentration than the cytoplasm, water from the
hypotonic solution moves into the cell via osmosis, causing it to swell and rupture.
Li et al. used distilled water as a hypotonic solution to lyse cells. A cell was immersed
in the hypotonic solution for 10 s and was observed to swell, destroying the cell
membrane. The hypotonic solution was then immediately exchanged for ECB and
sampling and electrophoresis of the cell contents was performed [4]. This method
does not contaminate the lysate because only distilled water is introduced; however,
the results of these studies showed that cellular membrane repair mechanisms
may activate a variety of enzyme systems in response to the cellular damage during
this slow lysis process.

3.4.3
Laser Lysis

For decades, it has been known that pulsed laser radiation focused at high
numerical apertures (pulsed laser microbeams) can create damage on the cellular
or subcellular level [29]. More recently, highly focused laser microbeams with
pulses on femtosecond to nanosecond timescales are increasingly used for lysis
of single cells. Rau et al. did critical work in describing the process of lysing cells
with a pulsed laser. As shown in Figure 3.2, a directed nanosecond pulse from a
laser through a high numerical aperture objective lens was focused onto a small
spot near the cell to be lysed. After the pulse, localized plasma occurred at the
focus point, generating a cavitation bubble. The cavitation bubble expanded and
contracted within microseconds, resulting in the formation of a shock wave, which
ruptured the cell membrane. Thus, a cell or cells located near the focusing point
have been observed to be lysed either during the expansion of the cavitation bubble
(<1 µs after the pulse) or collapse of the bubble (approximately 30 µs after the
pulse). The zone of lysis could be controlled within a small area by altering the
laser energy [30].
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(a) (b)

(c) (d)

Figure 3.2 Schematic of laser-induced cell
lysis. (a) A pulsed laser microbeam is fo-
cused near a targeted cell, generating the
localized plasma. (b) A cavitation bubble
is formed in the center around the focused

laser pulse beam. (c) The expansion of the
cavitation bubble generates the shock waves
(gray ellipses) and ruptures the cell. (d) The
cells are selectively lysed and aspirated into
the capillary.

Laser lysis is a rapid way to lyse the cell. Many biochemical reactions happen
within seconds or less; thus, the time to terminate cellular reactions (the temporal
resolution) becomes critical when cellular properties such as enzymatic activity are
being analyzed [25]. For such biochemical analyses, accurate measurement requires
complete cell lysis with termination of biochemical reactions in subsecond time
periods. Thus, fast laser lysis makes it possible to study highly dynamic processes
in cells. For example, Li et al. utilized a pulsed laser microbeam for cell lysis and
was able to investigate the activity of important cell signaling kinases PKC and
CamKII [31].

Laser lysis is also very suitable for and compatible with a microfluidic measure-
ment platform because of the optical permeability of the microfluidic system. The
fast lysis time and the very limited zone of lysis area (less than 5 µM) enable cou-
pling of the laser lysis method to a microfluidic chip. Lai et al. have demonstrated
the use of a pulsed laser microbeam for single-cell lysis followed by electrophoretic
separation of cellular analytes in a poly(dimethylsiloxane) (PDMS) microfluidic
device [11].

3.4.4
Electrical Lysis

Although laser lysis has many advantages, it also has some drawbacks. Not only are
pulsed lasers expensive, but also manipulation of the beam is required, bringing
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Table 3.1 Properties of commonly used methods for single-cell lysis.

Lysis mode Temporal resolution Protein
denaturation

Cost Compatibility
with microchips

Chemical Seconds High Low Good
Hypotonic Seconds Low Low Good
Laser Microseconds to nano-seconds None High Excellent
Electrical Milliseconds None Moderate Very good

up safety concerns and a need for training prior to use. Thus, finding an alternative
method for rapid cell lysis that is inexpensive and easy to use is very attractive.

When the cell is exposed to an electric field, transmembrane potentials are
generated, causing a rupture of the lipid bilayer. Pores are formed that will lead
to cell lysis if there is a high enough electric field strength and enough time. Han
et al. have also developed and demonstrated rapid lysis of single, adherent cells
with a voltage pulse of microsecond to millisecond duration followed by efficient
collection and separation of the cellular contents in a capillary [25]. A comparison
of electrical lysis to laser-based lysis was also made, which showed that the lysis
time and sampling efficiencies of the two techniques were comparable.

The cell for single-cell analysis may be lysed either before or after entry into
the capillary or microchannel by one of the several methods mentioned above.
Depending on different applications, certain methods are preferable to others [27].
A comparison of commonly used methods for single-cell lysis is listed in Table 3.1.

3.4.5
Sampling Techniques

Efficient sampling techniques are highly challenging to the application of CE and
microchip analysis for the study of single cells not only because of the extremely
small amounts and volumes of cell contents, but also because of the required
detachment of adherent cells from their growth surface. Sampling techniques to
date have been classified into two categories: whole cell sampling and subcellular
sampling. Generally, either part of a cell (subcellular sampling) or the entire cell’s
contents (whole cell sampling) can be loaded by hydrodynamic or electroosmotic
fluid flow into a capillary or microchannel for electrophoretic analysis.

3.4.6
Whole Cell Sampling

Whole cell sampling for CE or microchannel electrophoresis typically includes
the loading of a single cell suspended in solution or a cell attached to a substrate
surface into a capillary or microchannel. Sims et al. developed a laser-based cell lysis
technique to sample and analyze a cell using CE [24]. An individual cell attached to
the coverslip of a cell chamber was put 10–20 µm beneath one end of a capillary
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mounted on the stage of a microscope. After the cell was lysed by a focused laser
pulse, a potential difference was applied across the capillary to electrokinetically
load the cell’s contents into the capillary in 33 ms, possibly much faster. Dilution
of cytoplasmic molecules by diffusion and turbulent mixing terminates the cellular
reactions on a similar time scale. The cellular contents were then separated and
analyzed by CE–LIF.

Marc et al. has also developed a fast electrical lysis procedure for single-cell
analysis as a lower cost alternative, with fewer safety concerns than the laser-based
system [12]. In this setup, cells are grown on a gold-coated coverslip in a trap.
A gold-coated capillary with a tapered tip was positioned above the cell chosen for
analysis and a voltage pulse was applied between the capillary and the coverslip.
The applied voltage pulse passed through the cell membrane, lysed the cell and
loaded the cellular contents into the capillary for separation.

3.4.7
Subcellular Sampling

Subcellular sampling refers to the analysis of only the cellular region of interest in-
stead of whole cell contents. Many biochemical processes occur in localized spatially
discrete regions of cells. Subcellular sampling could minimize interference from
extracellular components, and offers the possibility to sample specific subcellular
compartments. By this sampling method, the function of different compartments
can be studied and thus simplify the information obtained, giving a more basic
understanding of the mechanisms occurring within cellular processes. Various
methods for subcellular sampling have been discussed in the literature. These
methods include direct insertion of a capillary tip into a cell followed by hydro-
dynamic or electrokinetic loading of cytoplasm into a capillary for electrophoretic
analysis or the use of a laser to detach a cellular process for further analysis [27].

Lee et al. have demonstrated spatially localized measurement of kinase activation
in the oocyte of the frog, X. laevis [16]. The large size of the X. laevis oocytes and eggs
make them extremely useful as model cells for biomedical science investigations.
One end of a capillary was directly inserted into the targeted region of the cell and
a vacuum force was utilized to aspirate the subcellular contents into the capillary.
Next, a voltage was applied across the capillary for separation analysis. With this
sampling technique, it is possible to define a spatial resolution depending on
the volume sampled, the capillary’s internal diameter and the insertion depth of
the capillary into the oocyte. Typical achievable spatial resolutions are from 50 to
250 µm. Such micron-sized spatial resolution enables the identification of gradients
of metabolites across the 3 mm circumference of the oocyte. However, only giant
cells (>1 nl) that are much greater in size than the typical mammalian cell (1 pl)
are suitable for this method. Significant perturbations to the cell at the time of
sampling are also limitations to this method.

Li et al. were able to show a successful method for lysis of portions of a single
neuronal process pheochromocytoma (PC 12 cells) without damaging the neuron
body by using the laser-based cell lysis technique [4]. The laser energy was carefully
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adjusted from 1 to 3 µJ to find an appropriate laser energy level to generate an
attenuated shock wave, which could selectively lyse the process while leaving
the cell body and intervening neuronal process intact. Lysis of the cellular tip
occurred in less than 33 ms. In addition, by modulating the laser pulse energy, the
size of the region of cellular disruption could also be controlled. Simultaneously,
with the laser lysis process, subcellular contents were loaded into a capillary
for electrophoretic separation. Targeting molecules in subcellular compartments
was performed to demonstrate the feasibility of performing measurements by the
subcellular sampling technique described above. A reporter localized to the nucleus
was detected on the electropherogram following laser-mediated disruption of the
cell and the nucleus.

3.5
Electrophoresis Separation Conditions

Electrophoresis-based separations are a viable method for chemical analysis of
single cells [8, 11, 17, 21] and this separation method has been extensively
characterized and successfully used to separate a wide variety of molecules [5, 8, 16,
32]. Separations are based on differences in electrophoretic mobilities as a result
of mass, size, shape, and charge differences in the analytes [33]. Migration times
can be optimized by altering the buffer and changing the conditions used for the
electrophoretic separation [8, 31]. Both capillary and microfluidic electrophoresis
have proven useful in the interrogation of biological pathways in mammalian cells
and X. laevis oocytes [7, 24].

3.5.1
Buffer Exchange

The use of electrophoresis for in vivo studies requires that the separation buffer be
biologically compatible with the cells [31]. Generally, electrophoretic buffers are not
biologically compatible because their composition is detrimental to the living cell
[34]. Unless the separation is to be conducted in a physiologic buffer such as ECB,
the cell buffer must be exchanged for electrophoretic buffer prior to separation.
This requirement of having to use two different buffers is commonly referred to as
the buffer exchange problem.

Lee et al. demonstrated a successful buffer exchange when monitoring the activity
of SK in intact sheep erythrocytes [5]. The cells were kept in a cell-compatible ECB
during handling and were chemically lysed when exposed to the electrophoretic sep-
aration buffer. Bodipy-labeled sphingosine and spingosine-1-phosphate from the
cells were then separated and detected with CE–LIF. Separations were performed
in a fused-silica capillary (50 µm i.d., 360 µm o.d.) with an effective length of 18 cm
and a total length of 41 cm. An applied field strength of +487 V cm−1 was used for
the separation. The electrophoretic buffer yielding the best resolution and efficiency
was 100 mM Tris, 10 mM sodium deoxycholate (SDC), 20% 1-propanol and 5% of
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a dynamic coating, EOTrol LR polymer solution, from Target Discovery (Palo Alto,
CA). The addition of the surfactant SDC improved the efficiency of the separation
and reduced capillary wall interactions, shortening elution time to less than 10 min.
1-Propanol was used as an organic modifier to improve separation efficiency and
the dynamic coating was used to reduce interactions with the capillary wall.

Lee et al. investigated the activity of cdc2K, PKA, and PKC in X. laevis oocytes
utilizing a slightly different technique [16]. A positively charged coating of
poly-ethyleneimine was utilized in the fused-silica capillary to reduce adsorp-
tion of analytes to the capillary surface. Triton X-100, a surfactant used in the
separation buffer (45 mM NaCl, 1.6 mM KCl, 0.6 mM MgCl2, 1% Triton X-100,
10 mM HEPES, pH 7.4), is toxic to living cells, so a buffer exchange was required
prior to the commencement of the electrophoretic separation. The oocytes were
kept in an ECB and a capillary was utilized to puncture the membrane for the load-
ing of the cytoplasm. The capillary inlet was then translated to the electrophoretic
buffer reservoir and CE immediately initiated.

Another demonstration of a successful buffer exchange was shown by Marc et al.
in 2007 [13]. This work utilized a coaxial sheath around the capillary to provide
electrophoretic buffer for the separation while keeping this toxic buffer away from
viable cells. The adherent cells were located in a PDMS channel and surrounded
in an ECB appropriate for viable cells until the moment of lysis. The separation
capillary with the surrounding sheath was positioned 10–40 µm over the cell to be
sampled. Sheath flow and voltage were applied simultaneously, serving to lyse the
cell and commence electrophoretic separation of the cell contents. The capillary was
then translated upstream to the next viable cell, where the process was repeated.
This sheath adaptor on the capillary and constant fluid flow across the cells allowed
for cells upstream of the capillary to remain viable in the ECB buffer while the
separation occurred in an appropriate electrophoretic buffer. Figure 3.3a–c depicts
this instrument design.

3.5.2
No Buffer Exchange

Another way to avoid the problem of cytotoxicity from the separation buffer is
to use an electrophoretic buffer that is compatible with living cells [31]. This
technique eliminates the buffer exchange problem and reduces the number of
steps and time required for analysis. Meredith et al. utilized CE without a buffer
exchange to monitor both pharmacologically and physiologically stimulated PKA,
PKC, CamKII, and cdc2 kinase activity in RBL and mouse Swiss 3T3 cells [7].
The physiologic buffer of 135 mM NaCl, 5 mM KCl, 10 mM HEPES, 1 mM MgCl2,
1 mM CaCl2, pH 7.4 was also used as the electrophoretic buffer. The use of this
buffer for CE was possible because the separation did not require a dynamic
coating, surfactant or other organic modifier – all compounds that are cytotoxic. It
is also possible to add low concentrations of biologically compatible buffer additives
such betaine to the ECB. Betaine-containing buffers have been shown to separate
lysozyme and alpha-chymotrypsinogen utilizing CE [35].
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Figure 3.3 Schema for capillary- and
microfluidic-based serial analysis of cell an-
alytes. (a) A capillary encased in a sheath
adaptor remains stationary while the mi-
crochamber is translated to position the
cell under the capillary. (b) A close-up, side
view of the capillary and coaxial sheath.
(c) Photograph of the coaxial system. The
coaxial sheath fluid flow containing a dye
is dark blue. Note that this fluid extends

only 1 mM upstream of the capillary posi-
tion. (d) Schematic of a microfluidic chip for
separation of cellular contents. A laser pulse
lyses the cell and the contents are separated
in the microchannel and detected with LIF.
(Figure (a–c) were reprinted with permission
from [13], Copyright 2007 by The American
Chemical Society; (d) was reprinted with per-
mission from [11].)

3.5.3
Microchannel Electrophoretic Separations

In addition to the capillary electrophoretic techniques, electrophoresis in
microchannels has also been used to probe single cells. In a feasibility study to
look at separations in coated microchannels, Phillips et al. demonstrated baseline
resolution of fluorescein and Oregon green separated electrophoretically on a
PDMS microchip with 30 µm × 30 µm phosphatidylcholine-coated channels with
a separation distance of 2 mm and an applied field strength of +133 V cm−1 [36].
In this same work, a high concentration ECB buffer (135 mM NaCl, 5 mM KCl,
10 mM HEPES, 1 mM MgCl2, 1 mM CaCl2, pH 7.4) was utilized to separate the
phosphorylated and nonphosphorylated forms of a peptide substrate reporter for
Abelson tyrosine kinase (Abl). The two peaks representing the phosphorylated and
nonphosphorylated forms of the substrate were nearly baseline separated in 10 s
with good efficiency and migration time reproducibility. This same buffer system
was also utilized previously for peptide separations utilizing a capillary; however,
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the efficiency and reproducibility were poor, with unstable migration times and
peak tailing [31].

In another study, Lai and coworkers separated the contents of whole Ba/F3 cells
in a microfluidic channel using a separation buffer isotonic to the ECB [11]. The
isotonic buffer consisted of 1 mM KH2PO4, 4 mM Na2HPO4, 245 mM d-mannitol
and 40 mM poly(ethylene glycol), pH 7.4, and was used only for electrophoresis.
A 3-mm-long, 50 µm × 50 µm polymer-coated PDMS channel was utilized for
the electrophoretic separation of fluorescein and Oregon green in the cells. The
cells were lysed with a 4.2 µJ laser pulse and the cell contents were injected into
the separation channel by altering the voltage applied to the channels on the
microchip. A field strength of +175 V cm−1 was utilized for the separation and
detection occurred via LIF near the end of the separation channel. See Figure 3.3d
for a schematic of the setup. While the isotonic buffer utilized in this study gave
an adequate separation, it was not as good as a previous separation performed with
an alternative electrophoretic buffer (25 mM Tris and 192 mM glycine, pH 8.4)
[37, 38], indicating that the isotonic buffer was not an optimal electrophoretic
buffer.

3.6
Detection

Detection is a very important step in any chemical analysis. Advancements in
detection techniques have had a major impact on chemical cytometry. The cellular
environment is chemically complex and may contain only a few hundred copies
of target analyte distributed in the picoliter-to-nanoliter volume of the cell [3].
Therefore, an ultrasensitive detection method is necessary for single-cell chemical
analyses. LIF is the most sensitive of the techniques for detection in CE and
microchip devices [39]. The high photon flux and spatial coherence of laser light
provide excellent properties for a fluorescence excitation source. This section will
discuss CE–LIF detection on custom-built instruments for single-cell analysis.

3.6.1
Instrumentation

Fluorescence detection is extremely dependent on the instrumental design. Because
of the complexity and state of the art of chemical cytometry, CE–LIF systems are
built in-house. Sims and coworkers first introduced a CE–LIF system coupled
with a laser-based cell lysis method (Figure 3.4) [24]. Over time, this setup was
continuously upgraded for enhanced sensitivity as well as to meet experimental
demands [17, 25].

3.6.1.1 Excitation
Selection of fluorescently labeled analytes and fluorescent dyes used in most
investigations to date (refer to Table 3.2) were mainly based on availability of an
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Figure 3.4 Schematic of the CE–LIF system coupled to a laser-based cell lysis technique.

Table 3.2 A summary of the reporters used, processes that
are interrogated with these reporters, and the various meth-
ods for loading the reporters into cells.

Reporter Process interrogated Loading methods References

Fluorescein and Oregon
green

Electrophoretic
system function

Microinjection, pinocytic
loading, diacetate
incubation

[11–15]

Fluorescein-labeled
peptides

Protein kinases Microinjection, pinocytic
loading, TAT
conjugation, C18
conjugation

[6, 7, 9, 16]

FlAsH-labeled peptides Protein kinases Genetically engineered
tetracysteine motif;
incubated with FlAsH
dye

[17]

Fluorescein-labeled
sphingosine

SK1, SK2, SPP1, and
SPP2

Incubation [5, 8]

Bodipyl-Fl phosphatidyl
inositol phosphates

PI3-K and PTEN Incubation [8]
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excitation light source. In most cases, green fluorescence (535 ± 20 nm) is detected;
therefore, either an argon ion laser (488 nm; Uniphase, San Jose, CA) [24] or a
solid state laser (473 nm; Lasermate Group Inc., Pomona, CA) [5] was used as an
excitation source. A laser line filter was placed in the excitation pathway when
multiline argon ion lasers (488, 514 nm) were used as the light source. To allow the
capillary lumen to be interrogated by the focused laser beam, an optical window
in the capillary was created by burning off the polyimide coating and the laser
beam was focused down to a size less than the inner diameter of the capillary by a
focusing lens.

3.6.1.2 Fiber-optic Cable-based Excitation Pathway
Continual improvements to the custom-built CE–LIF system have been made to
increase the robustness and improve the detection limits. Kottegoda and coworkers
replaced the open space excitation pathway with a single-mode fiber-optic cable that
coupled a focusing lens of 3.5 cm focal length to the end of the fiber (Oz Optics,
Ottawa, ON, Canada) [17]. This new design provides a sharper spot size on the
capillary than was previously obtained. For a 50 µm i.d. capillary, a 40 µm spot size
was maintained, minimizing the laser scattering from the glass–liquid interface
parallel to the optical pathway. Owing to the fiber-optic cable setup, the laser was
positioned outside the main body of the CE–LIF system, improving the stability of
the excitation pathway.

3.6.1.3 Emission
The measured fluorescence intensity is linearly dependent on the excitation power
of the light source. For excitation, 2 mW of laser power was maintained at the
capillary detection window and fluorescence was collected with a microscope
objective (40 × 0.75 N.A., Plan Fluor, Nikon, Melville, NY) at a right angle to
the capillary and the laser beam. The emission light was collected and mea-
sured with a photomultiplier tube (PMT; R928, Hammamatsu, Bridgewater, NJ)
or an intensified charge couple device (CCD) camera (PhotometricsCoolSNAPfx;
Roper Scientific Inc., Tucson, AZ) [11] after filtering it with a 488 nm holographic
notch filter and band pass filter, 535 ± 50 nm. The broad spectral response
(400–900 nm) and high sensitivity of the PMT give an amplification of a low
light signal with little noise and fast response times. However, optical filter-
ing is an essential part of wavelength selection and assists in the reduction
of the background noise. The holographic notch filter and the spatial filter are
used to eliminate most of the laser scatter that contributes to the background
noise.

3.6.1.4 Data Collection and Analysis
A custom program was written in Testpoint (Keithley Instruments, Inc., Cleveland,
OH) for data collection and hardware control. This program also controls the
Nd:YAG laser firing for cell lysis and the CE by controlling the high-voltage
power supply. The PMT current was amplified and converted to a voltage with a
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preamplifier (model 1212, DL Instrument, Dryden, NY). The fluorescence signal
and current reading from the CE were constantly monitored and digitized by a
data acquisition board (KPCI 3100, Keithley Instrument). Upon run completion,
the data was stored in ASCII format for later manipulation in a graphic software
program. Many graphic software programs are available for use and allow for peak
identification and peak area calculations.

3.6.2
Limit of Detection (LOD)

After the initial setup of the detection and electrophoresis system, it must be tested
and adjusted to achieve the detection limits and sensitivity necessary for single-cell
experiments. To detect single cells loaded with nanomolar concentrations of the
fluorescently labeled reporter, the detection limit of the system must be on the order
of 10−20 mol [1, 24]. To determine the limit of detection (LOD), fluorescent standards
were injected at successively lower concentrations until the electrophoretic peak
was three times larger than the baseline. To accurately calculate the mass detection
limit using a sample of known concentration, the volume of the injection plug
must be estimated. The Poiseuille equation can be used to calculate the injection
volume of the sample:

V = �Pd4π t

128ηL
(3.1)

where V is the volume injected, �P is the pressure applied, d is the capillary internal
diameter, t is the duration of pressure application, η is the viscosity of the medium,
and L is the total capillary length [21]. Optimized fluorescence detection systems
can detect 10−20mol or lower concentrations of fluorescent standard, suggesting
that it may be possible to detect fluorescently labeled reporters in a single cell
[7, 17, 24]. In single-cell kinase activity studies, 10−20 –10−18 mol levels of labeled
substrate peptides were detected in HT1080 cells [6, 9], RBL cells [7], and Swiss
3T3 cells [6, 7].

3.6.3
Detection in a Microfluidic Device

Owing to the spatial limitation of microfluidic devices, an epifluorescence optical
setup was used for detection [11, 14]. This system was similar to that described
earlier, except the exciting laser beam was reflected off a 505 nm long-pass dichroic
mirror (Omega Optical, Brattleboro, VT). Fluorescence was detected 3 mM from
the point of lysis. A second detection system was added in some cases to detect
the fluorescence from intact cells just prior to the point of lysis [14]. In this case,
the excitation light was shared by both detection systems. Figure 3.5 illustrates
the chemical analysis by microfluidic separation of Ba/F3 cells preloaded with
fluorescein and Oregon green [11].
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Figure 3.5 Schematic diagram of the optical delivery system
used in microfluidic-based single-cell analysis. The Nd:YAG
laser (532 nm, 750 ps) and a beam expander designed for
laser-based cell lysis and an epifluorescence optical setup
was used for fluorescence detection. (Reproduced with per-
mission from [11].)

3.7
Automation and Throughput

3.7.1
Increasing Throughput

While results obtained thus far using CE for analysis on the single-cell level have
been very impressive, data collection has been time consuming due to the nature
of the custom-built CE system. Time consuming steps of positioning the capillary
over the cell to be lysed, movement of the capillary from sample site to separation
buffer and capillary washing between runs must all be performed by hand. Thus
far, traditional CE has allowed for analysis of less than 20 cells per day, which is not
practical for measuring large populations [12]. Two strategies exist for increasing
the throughput of CE separations: parallel and serial analyses. Parallel analyses
consist of multiple capillaries monitored simultaneously, either with concurrent
monitoring of all capillaries or with a moving detector that sequentially monitors
each capillary in time [40]. While the best known application of parallel CE has
been the sequencing of the human genome, parallel analysis may not be feasible
for living cells because alignment of all the capillaries over the cells may be difficult
to accomplish. The second strategy for increasing throughput is serial analysis, in
which a second sample is injected into the same capillary prior to the first sample’s
exit from the capillary [13]. Given the parameters, serial analysis appears to be the
most promising for high-throughput CE analysis of single cells.
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3.7.2
Capillary-based Devices

The development of a coaxial flow system in 2007 that allows for the serial injection
of cells onto the capillary has increased throughput from less than 20 cells per day
to one cell every 2 min [13]. An important caveat is that the cells to be analyzed must
remain viable up until the point of lysis. As discussed above, electrophoretic buffer
is generally toxic to the cells, so the cells remain in a physiologic buffer prior to lysis
and the buffer must be rapidly exchanged for an electrophoretic buffer for the sep-
aration. This is accomplished by positioning the cells in a PDMS channel, flowing
a physiologic buffer over the viable cells and utilizing a sheath around the capillary
to contain the electrophoretic buffer. The sheath controls when the electrophoretic
buffer is allowed to flow and can be switched on and off. When the sheath is
opened, the electrophoretic buffer runs into the capillary and downstream in the
channel, over the cells that have already been sampled, but does not affect viable
cells to be sampled. Sequential analysis of the cells occurs by moving the capillary
upstream relative to the physiologic buffer flow; hence the next cell has not yet been
exposed to the electrophoretic buffer and so remains unperturbed (Figure 3.3a–c).
Injection of the next cell occurs prior to the detection of the contents of the first
cell; hence more than one assay is present in the capillary at a single moment in
time. As long as the contents of the sequential samples do not overlap, samples
can be injected and detected serially, increasing the throughput of the analyses.

Throughput of single adherent-cell analysis by CE can be further enhanced
through electrical lysis of cells held in individual microwells in combination with
the previously discussed coaxial flow system [12]. In studying the feasibility of
this method, Marc and coworkers investigated appropriate materials for microwell
fabrication, positioning of the electrode in the well, field strengths required
for cell lysis, and effects of this field strength on nontarget neighboring cells.
The first design of the microwell plates had many flaws, including difficulty in
aligning the plates, inability to visualize the cell through an opaque electrode, and
the delamination of the SU-8 microwell surface coating from the chips. These
problems were addressed and a new design was utilized for the remainder of the
study. The newer design incorporated the use of 1002F as the polymer cell trap,
which has a greater adhesion to glass and resists delamination. The electrode design
was altered so that only one electrode was used in each well, as opposed to two
per well, and each electrode addressed more than one cell trap, which aided in the
fabrication of the chips. A second electrode was placed in the media surrounding
the cell and was used as a common ground for both the lysis and separation
steps. Finally, it was determined that an electrical pulse of 10 ms generating a field
strength of approximately 10 kV cm−1 was both sufficient to lyse cells in 33–66 ms,
and showed no effect on cells in neighboring traps positioned 500 µM apart. Of
initial concern was the formation of a gas bubble in the well during electrical lysis.
If the bubble entered the capillary, there would be a break in the electrical circuit,
which would prevent current flow through the capillary and halt the separation.
However, it was found that the contents of the lysed cell were rapidly loaded onto



52 3 Cell Signaling Studied at the Single-cell Level

the capillary while the gas bubble remained trapped in the microwell. By using cells
trapped in a microwell array, it was determined that cells loaded with fluorescein
and Oregon green could be analyzed at a rate of one cell in 30 s, giving adequate
separation of the two components. This shows much promise in the design of a
higher-throughput instrument for CE analysis of single cells.

3.7.3
Microfluidic-based Devices

Another way to increase throughput is to use microfluidic devices that incorporate
cell-handling, cell-processing and electrophoretic separation on a single chip [14].
This could greatly enhance the throughput while maintaining high separation
efficiencies. Similar challenges arise in that the cells must remain viable up until
the point of lysis, and thus must not be exposed to toxic electrophoretic buffer
prior to lysis. This has been accomplished by chip design as well as application
of a pulsed DC voltage for cell lysis immediately prior to separation. A problem
encountered was the adhesion of the lipid components of the cellular debris to
the microchannel. This was greatly reduced by the addition of an emulsifying
agent to the buffer. An additional challenge was the injection of the contents into
the separation channel, which was perpendicular to the flow channel, as opposed
to the contents continuing straight into the waste channel. This is a function of
the fluid velocity toward the waste channel and the electrophoretic velocity of the
analyte in the separation channel. It was found that the flow velocity must be
slower than the electrophoretic velocity of the slowest moving analyte in order to
get an injection into the separation channel. Cells loaded with fluorescein and
Oregon green were used on this microchip to demonstrate a 2.2 s separation time
of each cell’s contents with less than 1% migration time error. This translates
to the analysis of 7–12 cells per minute, dramatically increasing the throughput
previously seen and showing that microchips may be important in the design for
high-throughput electrophoretic analysis of single cells.
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4
Ultrasensitive Detection of Low-copy-number Molecules from
Single Cells
Kangning Ren and Hongkai Wu

4.1
Introduction

Different from conventional methods that are performed with cell populations,
single-cell analysis, which has become a highly attractive tool for investigating
cellular contents [1], avoids the loss of information associated with ensemble
averaging. Methods including integrated fluorescence and single-molecule imaging
can be used for quantifying specific proteins inside a single cell [2–4]. However,
the need of resolving fluorescence from different probes restricts these analytical
techniques to one or a few species at a time. Moreover, their applications are
limited to the cases where the cell environment changes the fluorescence of the
reporter molecule or endogenous fluorescence interferes with the measurements.
In contrast, chemical cytometry based on microfluidics allows the integration of
several distinct functions including cell transport, lysis, and separation of cellular
contents, enabling the entire process to be performed rapidly on a massively parallel
scale. In this chapter, we focus the discussion on the ultrasensitive detection of
low-copy-number molecules from single cells.

4.2
Microchip Designs for Single-cell Analysis and/or Cell Manipulation

It is challenging to process the minute, precious samples of single cells in a
reproducible, quantitative, and parallel fashion by using conventional methods,
while microfluidic device provides powerful and potential tool for that purpose.
Some representative microchip designs for single-cell analysis are summarized in
this section.

To obtain better reproducibility, it is essential to precisely trap single cells at
a fixed position within microchannels, which can be achieved by well designed
microfluidic device. Ros’ group fabricated a microfluidic device with microobstacles
at channel crossings for cell trapping [5]. Sun and Yin fabricated a multidepth
microfluidic chip with a weir structure for cell docking and lysing [6]. Gao et al.
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developed a microfluidic system that integrated cell sampling, single-cell loading,
docking, lysing, and capillary electrophoresis (CE) separation with laser-induced
fluorescence (LIF) detection by using a simple glass micro-CE chip [7]. The flow
of cells and single-cell loading into the separation channel were controlled by
hydrostatic pressure and electrophoretic force, respectively, and the single-cell
docking was performed by a sequence of potentials. The 2D electrophoresis (2DE)
has also been used for chemical cytometry [8, 9]. In these experiments, individual
cells were injected into a capillary; the cell was lysed by contacting with the running
buffer contained within the capillary and the cell lysate was subsequently separated
by 2DE [10].

The Quake group fabricated micromechanical valves in a microfluidic device
for single-cell RNA and DNA analysis. With this approach, they managed to
implement all steps including cell capture, cell lysis, mRNA purification, cDNA
synthesis, and cDNA purification in the single device [11]. Then they demon-
strated a higher throughput microfluidic system for multiplex digital PCR of
single cells, in which many parallel reaction chambers (12 samples × 1176 cham-
bers per sample) were formed by micromechanical valves to act as independent
PCR reactors [12]. However, the method based on PCR is limited to amplifiable
molecules.

Xie et al. [13] demonstrated a microfluidics-based assay with single-molecule
sensitivity for real-time observation of the expression of β-galactosidase (β-gal),
a standard reporter for gene expression in living Escherichia coli cells. However,
because efflux pumps on the cell membrane actively expel foreign organic molecules
from the cytoplasm [14], the fluorescent products of β-gal are not retained in the
cell but pumped to the surrounding medium and rapidly diffuse away, therefore
the advantage of enzymatic amplification is lost. To recover the fluorescence signal,
they trapped cells in closed microfluidic chambers such that the fluorescent product
released from the cells accumulated in the small volume of the chambers. The
microfluidic device is made of a soft polymer, polydimethylsiloxane (PDMS), and
consists of a flow layer containing the cells and a top control layer for valves [15]. Cells
were trapped and cultured in an enclosure of 100 pl by actuation of two adjacent
valves in the control layer. The microfluidic chip was translated by a motorized stage,
allowing multiplexing of data acquisition by repeatedly scanning the chambers with
an inverted fluorescence microscope. Typically, scanning of 100 chambers took
less than 2 min. To avoid cellular autofluorescence and photodamage to the cell,
the excitation laser beam was tightly focused that did not directly illuminate the
cell (Figure 4.1).

Zare’s group developed a three-state (fully open, half open, and fully closed) value
by which a reaction chamber with a volume of 70 pl for the lysis and derivatization
of the contents of a single cell was constructed, while the unwanted dilution of the
intracellular chemical contents was reduced [16]. Concentration of various amino
acids from individual human T cells was determined. The microfluidic device was
also used to count low-copy-number proteins in a single cell, which is discussed in
detail in later sections [17].
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Figure 4.1 Schematic diagram of the microfluidic chamber
used for the enzymatic assay. Cells are trapped inside a vol-
ume of 100 pl, formed by compression of a flow channel by
two control channels. (Reprint permission to be sought.)

4.3
Ultrasensitive Detection Methods for Single-cell Analysis

Low-copy-number proteins (present at fewer than 1000 molecules per cell) are
critical in cell functioning. Without amplification procedures, their abundance is
far below the detection limits of conventional protein analysis methods, such as
enzyme-linked immunosorbent assay (ELISA) and mass spectroscopy. As an ultra-
sensitive detection method, the single-molecule fluorescence counting technique
[18–20] has been used to solve this problem.

4.3.1
Fluorescence Detection Method

The power of a miniaturized chemical analysis system is ultimately limited by
its sensitivity. Current microanalysis systems mainly rely on four major detection
modes: fluorescent, electrochemical, chemiluminescence, and electrochemilumi-
nescence detection. With an extremely high sensitivity, LIF is probably the most
widely used among all methods for on-chip chemical cytometry. The spatial co-
herence characteristic of lasers permits tight focusing that is important for high
resolution separation systems, and their narrow emission bandwidth is beneficial
for signal to noise ratio. A variety of components including amino acids, peptides,
proteins, and nucleic acids from single cells have been detected with LIF at low
concentrations. Various LIF detection systems based on different optical arrange-
ments have been successfully and broadly applied in the microfluidic chip-based
analysis systems.

In LIF systems, the excitation lasers are often the most bulky component.
However, with advances in III–V nitride manufacturing processes, compact and
high-power light-emitting diodes (LEDs) in the visual and UV wavelengths are
now commercially available at low cost and can be used as excitation sources
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in optical sensing as alternatives to traditional laser sources. Typically, the width
of the channels in microfluidic applications is tens of micrometers; a very tight
focal spot is not necessary, otherwise most analytes would not even transit the
small focal volume and get excited at the detecting point. For such applications,
the spatially incoherent emission from LEDs does not represent a significant
drawback. Typically, a 500 W cm−2 illumination could be achieved with a spot
diameter of 0.1 mm. Chiu et al. [21] demonstrated the use of these high-power
LEDs for sensitive fluorescence detection on chip (Figure 4.2). A 40-mW blue LED
was used as the excitation source of a simple chip-based bead sorter for fluorescent
beads’ enrichment. The blue LED was also used in detection of CE experiments;
the results showed a mass detection limit of 200 zmol for fluorescein. In this
work, ultrasensitive fluorescence imaging of single rhodamine 123 molecules and
individual l-DNA molecules using LED light source was also demonstrated. At
a small fraction of the cost of a conventional laser, high-power LEDs provide an
effective alternative in many fluorescence applications that demand portability, low
cost, and convenience.

Because fixed wavelength of lasers limits the choice of the labeling reagent,
the Cheng group constructed a fluorescence detection system for microfluidic CE
with a Hg lamp as the excitation source and a photon counter as the detector
[22]. Various fluorescent probes with different excitation or emission wavelengths
could be adopted owing to the wide spectrum of Hg lamp. The amino acid
neurotransmitters in rat pheochromocytoma (PC12) cells were separated and
determined, and the intracellular Glu in individual PC12 cells was quantified as
3.5 ± 3.1 fmol with this technique.

4.3.2
Fluorescence Labeling

Fluorescent dyes currently used cover the whole visible spectrum, permitting
extremely low-concentration detection of samples in femtoliter volume and even
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Figure 4.2 (a) Optical configuration for
imaging single molecules with a blue LED.
S/CS, stage/coverslip; OBJ, objective; DM,
dichroic mirror, L, lens; F1, excitation filter;
F2, emission filter. (b) Image of single

rhodamine 123 molecules on the surface
of a glass coverslip. (c) Three-dimensional
intensity plot of the single dye molecules
imaged in b. (Reprint permission to be
sought.)
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single molecules. Many biomolecules have native fluorescence, and laser-induced
native fluorescence (LINF) detection can be adopted directly to investigate these
molecules. The cellular expression of some proteins and fusion proteins can be
analyzed by the natural fluorescence. Label-free LIF detections for proteins based
on the UV fluorescence of the three amino acids – tryptophan (Trp), tyrosine (Tyr),
and phenylalanine (Phe) have been reported with an ultrahigh sensitivity [23].

CE was commonly used as a very powerful tool to separate the low content
components inside a single cell. The Dovichi group separated and detected green
fluorescence protein (GFP) expressed in a single bacterium [24]. The background
signal was reduced by separating GFP from other native cellular autofluorescent
components and the detection limit was improved to 100 ymol (60 copies) for GFP.

The GFP-construct protein (T31N-GFP) in single Sf9 insect cells (Spodoptera
frugiperda) was separated and determined by native LIF [5, 25]. Black microflu-
idic chip by incorporating carbon black particles into PDMS could decrease the
background fluorescence of the PDMS, which was a major source limiting the fluo-
rescent detection sensitivity; the detection limit of Trp with 25 nM could be achieved,
and the single-cell electropherogram with native UV–LIF was demonstrated [26].

Sweedler’s group developed a multichannel native fluorescence detection system
for CE to obtain more information [27]. In their system, a series of dichroic beam
splitters were used to distribute the emitted fluorescence into three wavelength
channels: 250–310, 310–400, and >400 nm; three photomultiplier tubes were used
to detect the fluorescence in each of the wavelength ranges, respectively. By this
system, the analytes could be identified by their multichannel signatures. The
instrument was used to detect and identify the neurotransmitters in serotonergic
LPeD1 and dopaminergic RPeD1 neurons from Lymnaea stagnalis.

However, in most cases, proteins are not autofluorescent and need to be
fluorescently labeled in advance. Fluorescent derivatization with a fluorophore
significantly improves the detection sensitivity of materials in low concentration
and thus is widely used in single-cell- and subcellular analysis. Usually, the
derivatization process is nonspecific and incomplete. Progresses are being made
on developing more specific and sensitive derivatization agents as well as the
labeling techniques, which will facilitate the LIF detection for single-cell analysis.

Specific fluorescence detection has been achieved by combining with immunore-
action. Jin’s group used CE with on-capillary immunoreaction for determination
of different forms of human interferon-γ (IFN-γ ) in single natural killer cells [28].
Immunoreaction between different forms of IFN-γ from the lysate of a single cell
and their labeled antibody was carried out in a microreactor at the front end of a
separation capillary. Then the complexes were separated and detected by CE with
LIF detection with a limit of detection (LOD) of zeptomoles.

Intracellular labeling technique was also developed to overcome the diffusion
of the analytes during the on-capillary immunoreaction [29]. The immunoreaction
was carried out inside a single cell before being injected into the capillary. The cell
was then lysed and different forms of IFN-γ in the cell were separated and detected
with a significant improvement in resolution as compared with those using the
on-capillary immunoreaction.
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Xiao et al. demonstrated an LIF detection method for permeable intact cell without
lysis [30]. They used two antibodies, mouse-raised JSB-1, for immunoreaction and
LIF detection of the P-glycoprotein (PGP), a transmembrane efflux pump in
multidrug resistance research. The labeled cell was injected into a capillary and
directly separated without lysis, and the PGP amount on the cell was calculated.

4.3.3
Optical Configuration

The confocal LIF system, as an effective arrangement to perform highly sensitive
detection, is commonly used on microchip. For example, single-molecule detection
of rhodamine 6G was achieved by a confocal microscope [31].

However, the conventional confocal LIF systems are very bulky and complicated
with high cost. As alternative, nonconfocal LIF detection systems based on bevel
incident laser [32] or orthogonal arrangement [33] (Figure 4.3) were developed
for coupling to chip-based systems. By detecting fluorescence light through the
sidewall of the chip, an LOD of 1.1 pM fluorescein was obtained [33], which is
comparable to that of the confocal LIF systems for chip-based CE.

In principle, single-molecule counting can be used for detection in single-cell
analysis with the ultimately high sensitivity. Typically, it was achieved by monitoring
the number of fluorescence bursts generated when the molecules flowed through
the detection volume. The most common approach to obtain a high S/N is to use
confocal fluorescence microscopy, but its detection cross section (approximately
500 nm wide by 1 µm high) is much smaller than the size of an ordinary microfluidic
channel, which results in extremely poor detection efficiency. One way to solve
this problem is to decrease the dimensions of the channel to the nanometer
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Figure 4.3 Schematic diagram of the optical setup of an
orthogonal LIF detection system. (Reprint permission to be
sought.)
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Figure 4.4 Schematic diagram of the confocal setup for LIF
detection with a restrictive channel. (Reprint permission to
be sought.)

range (Figure 4.4) so that the entire flow cross section fits into the focus of the
confocal microscope [34, 35]. Such small channel dimensions, however, can affect
the electrophoretic separation of molecules in cell lysates [36, 37], and can easily
cause clogging of the nanochannel with cell debris and other particulate matters.

Zare et al. [17] described a more practical way to resolve the counting-efficiency
problem. They widened the excitation laser focus in one direction by using a
cylindrical optics to illuminate the entire channel width. In their system, the
excitation laser beam was focused by a cylindrical lens to form a line at the back
focal plane of a high-numerical-aperture objective. The laser beam was collimated
in the direction perpendicular to the channel length so that it illuminated a channel
width of tens of micrometers. In the other direction, the laser was still focused by
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the objective to minimize the fluorescence background from out-of-focus excitation.
The laser was less tightly focused as compared to confocal systems so that the limit
of the channel height by the excitation focus was slightly relaxed (∼2 µm). This
height was large enough to avoid clogging in their experiments. With this optical
configuration, the excitation laser formed a rectangular, curtain-shaped detection
region across the channel.

Figure 4.5a shows the formation of a curtain-shaped laser focus in the microchan-
nel by combination of the cylindrical lens and the microscope objective. The laser
beam emerging from the optical fiber is collimated with a 100 mm achromatic
lens, shaped by a 1 cm × 1 cm square hole, and sent into the microscope through
a spherical or cylindrical lens (each having a focal length of 400 mm). The emitted
fluorescence is collected by a microscope objective and filtered by a dichroic mirror
(400-535-635 TBDR, Omega Optical) and a band-pass filter (HQ675/50m, Chroma).
For LIF detection of CE separation, the cylindrical lens is used for excitation, and
a photon counting photomultiplier tube module (H6240-01, Hamamatsu) is used
for detection, with a 50 µm slit installed at the microscope image plane to reject the
out-of-focus emission. For wide-field fluorescence imaging and molecule counting,
an intensified charge-coupled device (ICCD) camera (I-Pentamax, Roper Scientific)
serves as the detector. In molecule-counting experiments, the power of the laser
beam emerging from the objective is about 10 mW, and the line-shaped laser focus
at the sample is 50 µm long.

Figure 4.5b shows the z-dependence of the excitation laser strength in three
different configuration: (i) wide-field, in which a spherical lens focuses the excitation
laser beam to the back focal point of the microscope objective; (ii) cylindrical, in
which a cylindrical lens focuses the laser beam to the back focal plane of the
objective; and (iii) confocal, in which a parallel laser beam is sent into the objective.
The comparison was carried out by imaging the fluorescence from a glass surface
coated with Atto 565 labeled streptavidin. When the imaging plane moves away
from the focal plane, the confocal configuration has the sharpest drop in excitation

Wide-field

Cylindrical

Confocal
0.0

−4 −3 −2 −1 0

z offset (µm)(b)(a)

1 2 3 4

N
or

m
al

iz
ed

 in
te

ns
ity

0.2

0.4

0.6

0.8

1.0
Channel length

Microscope
objective

Cylindrical lens

Figure 4.5 (a) Creation of the detection curtain for
molecule counting. (b) Dependence of detected fluorescence
from a glass surface coated with Atto 565 labeled strepta-
vidin. (Reprint permission to be sought.)
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strength, the cylindrical configuration shows similar but slightly lower z-resolution,
and the wide-field configuration has almost constant excitation strength when the
z position of the sample changes. A 2-µm channel fits well into the focus of the
cylindrical configuration and the out-of-focus background is suppressed.

4.3.4
Molecule-counting Algorithm

The fluorescence from molecules that passed through the curtain can be recorded
by an intensified CCD camera. A threshold criterion should be used to identify each
molecule as a bright spot in an image frame. To enhance the fluorescence signal,
the flow rate can be slowed down when an analyte is expected to pass through the
detection curtain.

However, as the excitation laser intensity varies at different positions in the
channel cross section, molecules that passed through the periphery of the channel
produced lower fluorescence signals, which might be lost in the background noise.
As a result, the detection efficiency varied slightly according to the brightness
of a specific sample molecule. Zare et al. have measured the molecular-counting
efficiency of Alexa Fluor 647-labeled streptavidin in a standard ‘‘double-T’’ chip
and found that 60% of the injected molecules are counted [17]. A general method
was then developed to estimate detection efficiencies directly from counting
experiments by varying the threshold of molecule identification. In this way, the
actual number of molecules can be derived without additional calibration.

A fluorescent molecule can be recorded by an intensified CCD camera as a bright
spot in the image when it travels across the excitation laser focus. Sometimes
flashes rather than tracks should be recorded when the motion of the molecules
through the detection curtain is faster than the time resolution of the CCD
camera. During the time of CCD integration, multiple analyte molecules can pass
the detection region. At a relatively low concentration, the resultant fluorescent
spots commonly appear at different locations along the detection curtain. Before
counting the number of target molecules in a certain frame of the CCD image, a
Fourier low-pass filter can be used to reduce the noise in the image. Continuous
regions that are above a set threshold can be marked. These regions can be
considered to be the signal from a fluorescent molecule if the following two criteria
are satisfied: (i) the area of a region is larger than a certain threshold and (ii)
the coordinates of the center of mass of a region are within the range of the
detection curtain. When the analyte concentration increases, more molecules will
be recorded in each image frame, thus increasing the probability of having two
or more fluorescent spots very close together. Because each of these spots has
a finite size (mainly determined by diffraction and their distance from the focal
plane of the objective), when applying the threshold, they will be marked as one
continuous region. Therefore, after the threshold is applied, the cross section of
the image along the detection curtain should be examined. By identifying local
maxima and minima in the cross section, closely spaced molecules can be resolved
(Figure 4.6a).
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Frame 18

Frame 19

(a) (b)

Figure 4.6 Image analysis procedure for
the separation and counting of A647-SA
molecules. In each panel, the upper part
is the original image recorded by the CCD
camera, the lower part is the image af-
ter Fourier filtering, and the line between
them shows the cross section of the Fourier
filtered image along the detection curtain.

(a) Note the improvement in identification
when overlapped fluorescent spots can be
split (lower panel). (b) When one molecule
is imaged in two consecutive frames, the
fluorescent spot has the same x position
in both frames. (Reprint permission to be
sought.)

Another source of bias in counting is the possibility that one molecule is imaged
in two consecutive frames. In Zare et al.’s slow-flow method, the time for a molecule
to travel across a 1-µm-wide detection region could be about 2 ms; therefore, if a
molecule reaches the detection region at the end of one CCD integration period,
it could be recorded in the next integration period as well. Within that short time,
the Brownian motion of the molecule is not significant, and hence the molecule
could be expected to appear at the same x positions in the two frames. Therefore,
the fluorescent spots counted in one image frame could be compared to those in
the previous frame with the x positions of their centers of mass. If the difference is
within 2 pixels (450 nm), the fluorescent spot in the second frame could be marked
as an invalid count (Figure 4.6b). Despite these efforts to compensate for biases
in molecule counting, the chance of false negatives increases when the number
of molecules in each frame is very high (>10 molecules per frame). By increasing
the length of the separation channel, which increases the peak width when the
analyte reaches the detection point, the molecules could be spread into more image
frames, thereby the number of molecules per frame could be controlled.

The molecule-counting result depends on the threshold chosen for the image
analysis. A lower threshold decreases the probability of false negatives in counting
but increases that of false positives from background noise. To characterize this
effect, an experiment was taken to analyze the total molecule counts from the
same experiment (900 frames) with different thresholds [17]. First, a lower limit of
threshold was found by calculation of the molecule counts from a blank experiment
(no sample is injected). Then, using the optimized threshold, the corresponding
overall counting efficiency for streptavidin molecules that have different degrees
of labeling was calculated to about 60% (after subtracting the counts from blank
experiments).
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Two factors can contribute to the incomplete counting of sample molecules:
missed molecules in identification (identification efficiency) and loss in transporta-
tion from the sample reservoir to the detection point (transportation efficiency). A
counting experiment was performed to measure the transportation efficiency on a
‘‘double-T’’ chip that moves the detection point from 5 to 20 mm after the injection
junction [17]. The results indicated that the transportation efficiency of a 15 mm
channel is nearly 100% and contributes very little to the loss in counting efficiency.
Therefore, it can be assumed that the counting efficiency is fully determined by the
identification efficiency in the image analysis.

From the threshold analysis, the true sample molecule counts can be estimated
directly. Molecules of the same kind at different positions in the channel show
different fluorescence intensities because of the different excitation laser intensity.
Moreover, molecules distant from the focal plane are dimmer, because their images
are blurred by defocusing. These dim molecules are more likely to be rejected by
a higher threshold. The same set of images can be analyzed using different
thresholds and the true molecule number can be estimated by interpolating the
molecule counts to a threshold of zero (which hypothetically should not reject
any fluorescence signal). This estimation method was found to be applicable to
the major species in single-cell analysis [17]. More sophisticated modeling could
provide higher accuracy in estimating the true molecule counts.

4.4
Single-cell Analysis with Single-molecule Sensitivity on Integrated Microfluidic Chip

The Zare group further presented some examples to demonstrate the detailed
procedures and methods of ultrasensitive detection of low-copy molecules from
single cells [17].

For cell manipulation, they used a three-state valve design that has been demon-
strated previously [16]. First, the cell was captured in the reaction chamber formed
between the three-state valve and a conventional two-state valve, then the cell
contents were released by a lysing/labeling buffer, which was injected into the
chamber. As the proteins are not naturally fluorescent, fluorescently labeled anti-
bodies were used as a generic method to tag target proteins. In order to preserve
the activity of the antibodies, a nonionic detergent, 1 wt% n-dodecyl-β- (DDM),
was used as the lysing reagent. The excess labeling reagent was electrophoretically
separated from the target proteins after the labeling process. To reduce the loss
of the sample during transportation, 0.1 wt% DDM was added to the separation
buffer to suppress the protein adsorption on the hydrophobic PDMS channel walls
[38]. In addition, a low concentration (∼0.005 to ∼0.05 wt%) of sodium dodecyl
sulfate (SDS) was added to generate sufficient electroosmotic flow by its adsorption
to the PDMS surface [39]. Although DDM/SDS separation was used for all of
their experiments, they explained that any other electrophoretic/chromatographic
separation method that is compatible with a PDMS microfluidic chip could
be used.
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4.4.1
Microfluidic Chip Fabrication

The PDMS microfluidic devices (Figure 4.7) used in Zare’s experiment were
fabricated with standard soft photolithography. To produce the silicon masters
for the molecule-counting chips, the molecule-counting section was made from a
thin layer (∼2 µm) of negative photoresist (SU-8 2002, MicroChem). The rest of
the channels were then fabricated with a 15 µm (insect cell analysis chip) or 7 µm
(cyanobacteria analysis chips) layer of positive photoresist (SPR 220-7). The masters
for the channel layer in valve-controlled chips were heated to 115◦C for 30 min to
reflow the positive photoresist so that the channels form a smooth, round shape.
The masters for the control layer of these chips were made of 40-µm-thick negative
photoresist (SU-8 50, MicroChem).
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4.4.2
Analysis of β2AR in SF9 Cells

Using the single-cell analysis chip, the copy number of a human transmembrane
protein, β2 adrenergic receptor (β2AR), which expressed in an insect cell line (SF9),
was quantified. β2AR is not naturally fluorescent. Therefore, a short peptide
sequence was genetically added to the N terminus, so that it could bind Cy5-labeled
monoclonal M1 antibody against FLAG (Cy5-M1) with high affinity (dissociation
constant = 2.4 nm) [40].

The separation and imaging experiments were performed on an inverted mi-
croscope. The excitation sources were a 532-nm diode-pumped frequency-doubled
Nd:YAG laser (Compass 215M, Coherent) and a 638-nm diode laser (RCL-638-25,
Crystalaser), which were combined and coupled to the same single-mode optical
fiber.

The size of the injection plug could be measured by imaging the injection
procedure at the ‘‘double-T’’ junction using 200 nM A647-SA as the sample. An
effective plug area could be obtained by dividing the integrated intensity of the
injection plug with the intensity in the channels filled with sample solution during
the loading step. The injection plug volume could be derived by multiplying this
area by the thickness of the channel (7.6 µm).

A647-SA can be separated into multiple peaks using capillary zone electrophoresis
and LIF detection. These peaks can be attributed to the charge ladder created when
different numbers of negatively charged dyes were labeled on the streptavidin
molecule. By inserting a short (10-µm-long) molecule-counting section into the
separation channel, this charge ladder was resolved using molecule counting
at a low sample concentration. From five different measurements, the effective
size of the injection plug was calculated to be 35 ± 4 pl, which corresponds to
1557 ± 174 injected A647-SA molecules when the sample concentration was 73 pM
(Figure 4.8).

To measure the average copy number of β2AR by anti-FLAG M1 antibody (M1)
binding, M1 antibody was labeled with Cy5 succinimidyl ester (GE Health Care)
and purified with a gel filtration column. The concentration of M1 was calibrated
by measuring the absorption at 280 nm. For single-cell analysis, SF9 cells were
harvested 18 h after infection, washed with Dulbecco’sPBS/Ca, and adjusted to a
final density of about 1 million cells per ml. Briefly, the cell suspension was injected
into the chip using 3 psi of pressure. Valve 1 (Figure 4.7) opened and closed until
a cell was close to the three-state valve. The three-state valve was then opened
to introduce the cell into the reaction chamber. After the three-state valve was
partially closed, a low pressure was added to the air inlet through valve 2 and valve 5
to remove excess DPBS/Ca. The three-state valve was fully closed before filling the
channel with lysis/labeling buffer (20 mM HEPES, pH 7.5, 20 nM Cy5-M1, 1 wt%
DDM, 1 mM CaCl2) through valve 6. The three-state valve was partially opened
to inject the lysis/labeling buffer into the reaction chamber. Valve 2 was closed to
confine the volume of injection, and the reaction chamber was filled because of the
air permeability of PDMS. Then the three-state valve was fully closed to incubate the
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Figure 4.8 Analysis of A647-SA in a
double-T chip. (a) Layout of the ‘‘double-T’’
chip for A647-SA separation. (b) Fluores-
cence images of the double-T junction when
separation starts. Dotted lines show the out-
line of the channels. Timing starts when the
voltage set applied to the chip is switched
from loading (1 = 1000 V, 2 = 700 V, 3 =
0 V, and 4 = 1000 V) to separation (1 =
700 V, 2 = 1000 V, 3 = 700 V, and 4 = 0 V).

Arrows indicate the flow direction. (c) CE
separation of 100 nM A647-SA. (d) Molecule
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voltage to 1/10 of the ordinary values when
the analyte passes the detection curtain,
showing the number of identified molecules
in each frame of image (black bars) and
the average molecule count rate in 1-s time
bins (gray line). (Reprint permission to be
sought.)

cell with the lysis/labeling buffer for 10 min. At the same time, separation buffer
(20 mM HEPES, pH 7.5, 0.1 wt% DDM, 0.02 wt% SDS, 1 mM CaCl2) was injected
through valves 3 and 7 to rinse the channels. After the lysis/labeling reaction was
complete, a voltage of 1000 V was applied to the chip through valve 7, partially
opened three-state valve, valve 2, and valve 4. The image acquisition started 20 s
later and an integration time of 20 ms per frame was used. The voltage was lowered
to 100 V after the unreacted M1 peak passed the molecule-counting section.

4.4.3
Analysis of Synechococcus

4.4.3.1 Electrophoretic Separation of Synechococcus Lysate
Traditional ways to lyse cyanobacterial cells use strong mechanical forces, such
as high pressure or glass bead grinding; both methods were difficult to be
integrated into a PDMS microchip design. Zare’s group developed a method to
lyse Synechococcus cells chemically. The cell lysate was diluted at least 10-fold
into a sample buffer that contains 20 mM HEPES (pH 7.5), 0.1 wt% DDM, and
0.012 wt% SDS before it was added to the sample reservoir of a ‘‘double-T’’ chip.
The other three reservoirs were filled with the separation buffer, which contains
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20 mM HEPES (pH 7.5), 0.1 wt% DDM, and 0.045 wt% SDS. The distance between
the injection junction and the detection point was 23 mm. No significant change
in peak heights was observed through continuous running of the separation,
which indicates that the phycobiliprotein complexes were stable in the sample
buffer. However, a further increase in the SDS concentration results in gradual
dissociation of these protein assemblies.

For facility of the identification of the CE separation peaks, the fluorescence
spectra were recorded by an intensified CCD camera on the same microscope.
The detection path was modified by inserting a pair of relay lenses and a grating
between the microscope and the camera and by placing a 50-µm-wide slit at the
image plane of the microscope. With this modification the CCD camera could be
used to record wavelength information. By comparing the fluorescence spectra with
that in the literature, and by monitoring the change in the electropherogram when
adding different antibodies against phycobiliproteins and linker polypeptides, the
major peaks in the electropherogram could be identified.

4.4.3.2 Synechococcus Analysis Procedure
The lysis and analysis of individual Synechococcus cells was performed on a
Nikon TE2000-U inverted microscope using a single-cell analysis chip including
three reaction chambers. The analysis procedure was carried out in three steps
(Figure 4.9a).

1) Cell capture: Synechococcus cells were treated with lysozyme, washed, diluted
into B-PER II, and immediately delivered to the chip from the cell inlet.
Then the cells flowed through one of the reaction chambers with a negative
pressure applied at the cell outlet by a syringe. The valves of the reaction
chamber were opened and closed randomly. At the same time, fluorescence
of phycobiliprotein (650–700 nm) was continuously monitored by imaging
through a 40× objective using wide-field illumination with a 636 nm laser.
When the valve was closed, if no cell or more than one cell was captured,
the valve was opened again to let the cell suspension continue to flow; this
procedure repeated until an individual cell was trapped, then the next reaction
chamber was moved into the view field and the capturing operation was
repeated. It took less than 2 min to capture three cells after they were mixed
with B-PER II; therefore, no cells were broken during the capture process.

2) Cell lysis and chip cleaning: After capture, the lysis was monitored by taking a
fluorescent image of each cell every 10 min. The excitation light was controlled
by a shutter that was synchronized with the CCD acquisition to minimize the
adverse effects (such as photobleaching). During the cell lysing, voltages were
applied to wash out the B-PER II solution in the channels (from separation
buffer inlet to cell outlet, and then from separation buffer outlets to cell inlet).
After all the cells were lysed, the reservoirs were refilled with fresh separation
buffer and the chip was washed.
Figure 4.9b shows a fluorescence image sequence of a Synechococcus cell. The
fluorescence initially increases, which may be caused by the detachment of
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Figure 4.9 Analysis of individual cyanobacteria cells. (a)
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phycobilisome (PBS) from thylakoid membranes and their partial dissociation.
This disruption of the PBS increased fluorescence from membrane-dissociated
penicillin – binding protein (PBP) complexes. After 50 min, fluorescence from
the cell rapidly decreased, reaching a very low level after 70 min. A comparison
of the cell fluorescence intensity at 50 and 70 min following exposure to B-PER
II indicated the release of more than 90% of the fluorescent cell contents into
the reaction chamber.

3) Separation: To start the separation, the excitation path was changed from
wide-field configuration to cylindrical configuration, switched from the 40×
objective to a 100× 1.4 NA oil immersion objective, and the view field was
moved to the detection point in one of the separation channels. The valves
of the corresponding reaction chamber were then opened and a 1000 V
separation voltage was applied simultaneously. In single-molecule counting,
the separation voltage was lowered to 100 V at 18.5 s after the separation starts.
The image acquisition started at the same time when the voltage was lowered,
and the integration time of the ICCD was 50 ms per frame. Cell lysate in the
other two reaction chambers were analyzed sequentially.

After the separation step, the next set of cells can be introduced into the reaction
chambers for reinitiation of step (1). Thus, the single-cell analysis chip can be used
repeatedly. However, more than 8 h of continuous usage could cause degradation
in the resolution of CE separation.
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4.5
Conclusions

The rapid growth of microfluidics has greatly pushed forward the development of
single-cell analysis in the past decade. Various chemical cytometry systems based
on microfluidics have been demonstrated for the analysis of different types of
molecules in individual cells. However, it is very difficult to quantitatively analyze
low-copy-number proteins, which have critical functions in cells; their amount is
far below the sensitivity limits of conventional protein analysis methods. Analysis
of low-copy-number proteins in individual cells requires the integration of the
following functions on chip: (i) careful manipulation of individual cells, (ii) effective
suppression of nonspecific adsorption of proteins, and (iii) ultrasensitive detection
method.

The integrated microfluidic chip developed by the Zare group satisfied all the
requirements for ultrasensitive detection of low-copy-number proteins in single
cells. Microvalves are used to control the flow of fluids in microchannels and to
isolate and deliver biological cells to specific locations. Furthermore, microvalves
can be used to form isolated microchambers with picoliter volume for reaction
incubations. The microchambers minimize the dilution of cell contents after lysis
and microvalves prevent molecules from diffusing away from the microchambers.
A mild neutral surfactant with a hydrophilic sugar group is able to minimize non-
specific adsorption of proteins to single-molecule level. A single-molecule counting
technique is used on the microchip for ultrasensitive detection by directly counting
the number of minute protein molecules. A cylindrical confocal optical configu-
ration has been adapted to be integrated with the chip by focusing a laser beam
on the detection region. With these approaches, the actual number of molecules
can be derived without additional calibration, which leads to a convenient way to
detect the low-copy-number proteins in single cells. This ultrasensitive method
is general to most biomolecules in almost all individual biological cells. Although
the throughput of current method needs to be greatly improved, its extremely high
sensitivity should be very useful in the study of various biological processes.
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5
Capillary Electrophoresis of Nucleic Acids at the Single-cell Level
Ni Li and Wenwan Zhong

5.1
Introduction

Each cell is one unique individual differing significantly even from its close
neighbors. For example, bacterial cells have different resistance to antibiotics,
which could be attributed to accidental gene mutations that occur in few bacterial
cells. Such difference is the basis for the selection of bacterial strain with the
capability to survive the antibiotics. Stem cells are another group of cells that
show significant variations from cell to cell, each having the ability of renewing
themselves through mitotic cell division and differentiating into a diverse range
of specialized cell types. What controls the cell development at each growing
stage? What determines the final cell phenotype? Only with advanced development
in techniques analyzing gene mutation and expression at the single-cell level
will all these puzzles be solved. Enabling techniques for single-cell analysis is
also beneficial for investigations on cells with extraordinary complexity such as
mammalian neurons and tumor cells [1], and for studies dealing with limited
availability of homogeneous cell populations such as stem cells. Heterogeneity in
tumor cells may indicate disease progress; therefore, single-cell analysis could be
helpful in early diagnosis of cancer diagnosis and could enhance the survival rates.
Unfortunately, classic analytical methods report only the average composition of a
number of cells due to limited sensitivity and sample handling ability. The average
does represent the general situation for a population of cells, but it conceals the
cell-to-cell differences as well. If we use ‘‘S’’ to stand for the signal from only a
few cells of interest and ‘‘N’’ for the background signals from neighboring cells,
the classic methods have poor S/N ratio for the few target cells. In order to greatly
improve S/N ratio, the most straightforward way is to analyze cells one by one.
With the availability of the analytical devices (i.e., capillary electrophoresis (CE),
microarray, and microfluidic chips) with small volume and high sensitivity in
detection (i.e., laser-induced fluorescence (LIF) and intense CCD camera imaging),
researchers have put efforts on analysis of genes and gene expression at the
single-cell level in the past 10 years.
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The ideal assays of nucleic acids in single cells should have the following features:
sensitive and specific enough to give a ‘‘yes’’ or ‘‘no’’ answer; capable of screening
a population of cells within a short time period; and cost-effective. In this chapter,
CE-based gene and gene expression analysis is discussed, which demonstrates the
basis of constructing affordable and applicable assay platforms. In these platforms,
conventional gene analysis assays were performed in miniaturized devices with
high degree of automation, and several challenges were addressed, including how
to integrate and simplify the processes of cell lysis, extraction of nucleic acids, and
gene amplification; how to modify the enzymatic reactions for adaptation to the
capillary column reactor; and how to extract as much information as needed from
one single cell. At the end of the chapter, envision of the future developments of
the CE-based gene analysis is presented.

5.2
On-line Cell Analysis

From intact whole cell to detectable nucleic acids, the conventional genetic analysis
usually includes breaking up the cells to release nucleic acid materials, extracting
and cleaning up the DNA or RNA, and finally detecting the presence of the target
of interest. Most likely, amplification strategies are adopted to amplify the target
strands, such as polymerase chain reaction (PCR) and reverse transcription poly-
merase chain reaction (RT-PCR). The overall process is not only time consuming
and labor intensive, but also needs sufficient amounts of cells. In addition, multi-
ple reaction steps with tedious liquid handling are susceptible to contaminations
and sample loss, which increase the frequency of false negatives/positives and
introduce errors in quantification.

If the multistep process is integrated well in an on-line format, starting cell
number can be reduced, cell lost can be limited, and analysis time can be reduced
greatly. Such improvements are extremely valuable in cases where only a few cells
of interest are available and fast analysis is required; for example, in early diagnosis
of diseases. Some lead to the development of integrated CE instruments for gene
and gene expression analysis in single cells, especially those performed in Yeung’s
group, which are covered in this section of the chapter.

5.2.1
Cell Injection and Lysis

Introducing cells into the capillary is the first step for the on-line assays. CE is
quite compatible with single-cell analysis in terms of sample volume. The inner
diameters of the capillary are in tens of micrometers, highly suitable to injection of
cells with diameters of a few micrometers (5–15 µm) [2]. The on-column detection
window also allows in situ counting of individual cells inside the capillary when they
pass the detection window individually. Thus, both injection of one single cell and
continuous flow injection of multiple cells were adopted in the CE-based on-line
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analysis [2–4]. To inject individual cells, hydrodynamic injection can be used for
well suspended cells by creating suction at the outlet end of the capillary [3]. For
adherent cells, electrokinetic injection can be employed [5] or laser cavitation and
fast electrical lysis developed in the Allbritton group can directly lyse the cells
and inject only the cell content into the capillary [6, 7], which has been reviewed
elsewhere [8]. In order to monitor the injection process, the inlet capillary tip should
be mounted under a microscope by a micromanipulator and point at the cell [3]. In
general, single-cell sampling is tedious and yields low throughput. Inspired by the
sample introduction procedure in flow cytometry, continuous cell injection by a
capillary was developed by Lillard’s group as shown in Figure 5.1 [2]. Two capillaries
were coupled together with a 5-mm-long Teflon tube, where cell lysing occurred
due to mechanical disruption by a dramatic change in the flow property at the gap.
The inlet end of the first capillary was dipped into cell suspension buffer to bring
in cells continuously via electroosmotic flow (EOF). The second capillary was for
separation and detection. In their setup, the capillary inner diameter was 21 µm.
The gap between the outlet tip of the injection capillary and the inlet tip of the
separation capillary was 5 µm and is smaller than the size of the cell of interest – the
red blood cell with a diameter of 7 µm. The Teflon tube junction was immersed in
a reservoir containing the lysing buffer. The erythrocyte was deformed in the radial
direction as it entered the gap with a smaller dimension while being still driven by
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Figure 5.1 Schematic of instrumental setup for high-
throughput CE analysis of single cells with continuous cell
introduction [2].
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the electric field and the siphoning flow toward the second capillary. Therefore, the
cell membrane was ruptured and the intracellular compositions were swept into
the secondary capillary by the siphoning action. The average analysis time of one
human erythrocyte was less than 4 min including injection, lysis, separation by CE,
and detection of the nucleic acid materials with LIF. The continuous cell injection
is one big step forward in single-cell analysis because it increased the throughput
of cell sampling, which is critical in single-cell gene analysis for the collection of
profiling information from cells in different significant cellular stages.

Another simple approach of injecting multiple suspended cells to a defined
capillary was to directly flow the highly diluted cell suspension into the capillary.
The throughput was greatly improved without sophisticated sample preparation
and instrumental setup. It was adopted for selective genotyping of individual cells by
capillary PCR [4]. Since the injected cells randomly distributed along the capillary,
three on-line procedures for counting the loaded cells and estimating their position
inside the capillary were developed to correlate the detected peaks of amplification
with the individual cells. The first method was to mount a photomultiplier tube
(PMT) downstream of the capillary and count the cells stained with SYTO16 by
monitoring the fluorescence from cells flowing by. The number of fluorescence
burst indicated the number of cells. However, the number identified by this method
was much smaller than that estimated by a hemocytometer. Therefore, a second
method was developed by replacing the PMT with a frame-transfer CCD camera
and recording the LIF images of the cells (Figure 5.2). The imaging method was
more straightforward because the actual cells were seen, but the cell debris from
the culture media was one source of deviation of the actual count when the regular
round capillary (75 µm i.d.) was adopted. The imaging quality and consistency
were then improved by switching to square capillary (75 × 75 µm). Without any
staining, cells were counted visually by the partial dark-field microscopy. An occult
disk was placed between the light source and the condenser of the microscope
to make a partial dark field. Although the dark-field viewing mode did not show
the capillary wall as distinct as the bright-field method, it resulted in images with
better contrast. This development is valuable to cases where the separation step
does not follow immediately after the cell lysis. Normally, amplification reactions
are required to increase the detection signal. Then, the sampling capillary can also
serve as the reactor and the amplified material from each cell can be delivered to
the analysis capillary by pressure and separated by electrophoresis.

Following cell injection, the next step would be cell lysis to release the cellular
contents for the subsequent amplification and analysis. The lysis method should
be effective enough to achieve a high, ideally 100%, lysing efficiency for single-cell
analysis because of the low sample amount available in each cell, and at the same
time it should be friendly enough for other integrated parts of the entire assay.
To break the cell membrane, conventional methods using both the chemical and
physical forces are often applied with adjustments to fit the integration experimental
design. The feasibility of disrupting the cell membrane depends greatly on the types
of the cells. For chemical lysis, it is very important that the added chemicals should
have ideally no inhibition on the following amplification and negligible effect
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on the electrophoretic separation and detection. Detergents, such as SDS, Triton
X-100, and NP40, can be used to break the cell membrane by solubilizing proteins
and disrupting lipid–lipid, protein–protein, and protein–lipid interactions. To
achieve highly efficient cell lysis by charged surfactants, the concentration of
surfactant should be above a certain level. For SDS, the typical effective cell lysing
concentration is 0.05–0.1%. However, off-line study showed that a concentration
higher than 0.03% in SDS inhibited the subsequent PCR amplification [4]. Neutral
surfactants such as NP-9 and Triton X-100 were friendly to PCR but without
satisfying lysing efficiency. Enzymatic digestion by Proteinase K is widely adopted
as cell lysing reagent for DNA isolation [10, 11]. However, an additional digestion
step is needed to remove proteinase K itself before PCR because proteinase K
is not compatible with PCR reagent [4]. While chemical lysis may have several
limitations, the strategy of combining osmotic pressure and heat worked well for
instant cell lysing inside the capillary column. Cells were suspended in hypotonic
buffer (50 mM NaCl, 10 mM Tris–HCl, pH 8.0) and immediately mixed with
PCR cocktail before loading into the capillary. Before the PCR cycles, a heating
step was applied and the temperature was raised to 95◦C for 5 min to achieve
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efficient on-line cell lysing [4] Other physical cell lysis methods include liquid
homogenization, manual grinding, high frequency sound waves, and freeze/thaw
cycles. The last two can be easily adopted on-line by automated temperature or
ultrasonic wave control. Besides, the capillary with fine diameters can be utilized in
constructing junction slightly smaller than cells, where physical squeezing could
contribute to cell lysis as shown by Lillard’s group in the continuous cell injection [2].

For the studies aiming at obtaining quantitative gene and gene expression
information from cells at different growth phases (M, G1, S, and G2), cell syn-
chronization should be carried out before cell injection. It could be an off-line
preparation (i.e., shake-off method) [12]. With the development of the microfluidic
devices [13], on-line cell synchronization becomes practical as well.

5.2.2
In-column DNA or RNA Amplification with Integrated Devices

In order to monitor specific DNA or RNA in a single cell, either amplifying target
of interest or applying ultrasensitive detection system is demanded. Ultrasensi-
tive detection requires highly expensive experimental setup, such as intensified
charge-coupled device (ICCD) camera, not a widely acceptable approach because of
its high cost. Consequently, nucleic acid amplification is still popular for single-cell
analysis because PCR is capable of amplifying tiny amounts of target DNA ex-
tracted from even one single cell [14]. Initially, single-cell PCR involved picking up
single cells and moving them to individual reaction vials [15, 16], which was time
consuming, labor intensive, and with low sample throughput. Thereafter, integrat-
ing PCR on-line together with CE separation and LIF detection was developed to
increase the analysis throughput. As for RNA analysis, reverse transcriptase should
be employed to transcribe the RNA template to the complementary DNA (cDNA)
for PCR amplification, which generates several additional challenges in single-cell
RNA analysis including the elimination of DNA to reduce false amplification and
the thorough removal of the environmental RNase in the reaction and separation
capillary. For amplification of both the DNA and RNA materials extracted from
single cells, amplification specificity and yield should be noted because the few
copies of the target DNA or RNA may coexist with a large amount of interfering
background nucleic acid materials. Therefore, successful amplification of DNA or
RNA on-line in an integrated device depends greatly on the device design, the
connections between different segments for sample preparation, reaction, and sep-
aration, and the optimization of the reaction protocols, which would be discussed
in the following sections.

5.2.2.1 Stream-lined Instrumental Setup
Since several temperature cycles are required in PCR for denaturing, annealing,
and amplification, accurate and fast temperature control is critical for in-column
PCR. The commercially available rapid air cycler, which utilizes air flow with high
velocity to heat and cool the reaction mixture inside the capillary tubes, was once
adopted [4], and one single capillary was used for both amplification and separation
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with the amplification segment enclosed in the rapid cycler. High convenience in
operation and simplicity in the instrumental design are two big advantages of this
setup. Cells were introduced into the capillary and counted before cell lysis under
the combined action of heat and osmotic pressure as mentioned previously. The
cell suspension was diluted to a large extent to ensure that the cells were well
apart from each other inside the capillary. Because the two ends of the capillary
were sealed with MicroTight unions during PCR to prevent liquid movement, the
amplified products in the capillary were concentrated locally at the places where
cells with the target DNA fragment located, each zone of the amplified product
corresponding to one individual cell. After amplification, the zones containing the
amplified products were driven toward the LIF detection window by CE instead
of hydrodynamic flow to minimize the band broadening. A low concentration of
polyvinylpyrrolidone (PVP;0,4%) was added to the reaction mixture and running
buffer to suppress the EOF, and the products were stained with the intercalating dye
of SYBR. Green I. Successful PCR on the β-actin gene in individual cells (human
lymphoblast) were achieved with this setup. However, using the same capillary
for both amplification and separation imposes limitation on the selection of the
separation matrix, which cannot contain polymer concentrations high enough to
offer good separation resolution of the amplified products, not to mention DNA
sequencing. Moreover, the same capillary was also used for cell sampling as well
as cell lysis. Performance of each step could be compromised to some level in
order to obtain a good overall result. Owing to the size of the rapid air cycler itself,
miniaturization of the entire setup could be problematic as well.

By contrast, minimized temperature control modules, such as the
assembled-in-house microthermocycler [17] are more appealing, because every
step can be performed in separated sections with elegant design of the capillary
connections, enabling simple, independent optimization of individual steps for
the enhancement of the overall performance. A simple microthermocycler used
for capillary PCR was illustrated in Figure 5.3. A short reference capillary of the
same inner and outer diameters as the reaction capillary was used to enclose
a thermal couple with water and both ends of it were sealed. Then, both the
reaction and reference capillaries were sandwiched between two pieces of the
thin brass sheets. Thermal conductive material was applied in the void spaces
between the brass sheets, providing effective thermal conduction around the
microreactor and the thermal couple probe. The outer surface of one of the brass
sheets was attached to a Kapton insulated flexible heater by a double-stick tape
[18] or by thermal conductive epoxy [19]. Finally, the brass sheets, the capillaries,
and the heater were clamped together by two frames with screws on the four
corners to form the microthermocycler. The size of the microthermocycler and the
diameter of reaction capillary can be adjusted for the best reaction performance.
A proportional-integral-derivative (PID) temperature controller was used to
control the temperature profile of the flexible heater and tune the temperature
for compensation of temperature overshoot and fluctuation. An aquarium air
pump was used alone [18], or together with a microfan [19] to blow air onto the
microthermocycler and quickly cool the capillary to the desired temperatures.
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Figure 5.3 Schematic diagram of the mi-
crothermocycler. (a) Sample solution in the
microtube is introduced into the reaction
capillary from the gate end, and is carried
to the microthermocycler by means of the
syringe pump. Then, thermal reaction is

performed in the microthermocycler. (b) The
microreactor (a part of the reaction capillary)
and the probe are sandwiched by the brass
sheets with the heater. Temperature in the
microreactor is controlled by monitoring the
temperature in the probe [19].

With this microthermocycler, analysis of the mRNA expression from a few
cells was achieved by Matsunaga et al. [19] DNase treatment was necessary to
remove DNA from the background and extreme care was taken to avoid RNA
target degradation. Cell lysis, DNase treatment, and RT-PCR were all performed
in the same capillary, a part of which (20 mm long with an overall volume of
1.0 µl) was inserted to the microthermocycler serving as the reactor. One end of
the capillary was connected to a syringe pump through a 25-µl gas-tight syringe
and a microtight adaptor. The liquid content could then be accurately aspirated or
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dispensed from or to the microvials in which the other end of the capillary was
dipped. To precondition the capillary and inhibit the RNase activity, the reaction
capillary was flushed with RNase ZAP, diethylpyrocarbonate (DEPC)-treated
water and the RNase-free 1× Tri-borate EDTA (TBE) buffer sequentially before
usage. Cell lysing was realized inside the microthermocycler by heating up the
capillary to 95◦C for 2 min and keeping it at 65◦C for 5 min, and the cell lysate was
expelled to the microvial and mixed with DNase cocktail thoroughly by aspiring
and dispensing the mixture 12 times with the syringe pump. Then, 1.0 µl reaction
mixture was moved into the microthermocycler and incubated at 37◦C for 15 min
to digest DNA molecules. Similar mixing step was carried out in the following steps
of RT-PCR and EtBr staining of the PCR products, followed by the transportation
of 2 µl reaction mixture to a second capillary for capillary gel electrophoresis (CGE).
Since the separation matrix no longer affected the amplification, a polymer solution
of 3% PVP (Mw 1 000 000) with the intercalating dye EtBr was used. The entire
analysis took 3 h, significantly shorter than the time taken for the traditional off-line
RT-PCR procedure for single-cell analysis. Reliable amplification of the mRNA of
β-actin from approximately 16 human lymphoblast cells was attained. This study
well demonstrated that successful enzymatic reactions could be performed in the
lab-made microthermocycler, which saves a lot of space, minimizes the sample
amount, and is fully compatible with the following CE analysis. The construction
of the microthermocycler paved the way for the subsequent, full integration of the
PCR and cycle-sequencing reactions with CGE analysis, offering feasibility of high
sample throughput and smooth adaptation into a microfabrication system [18].

In such a system, PCR, cycle-sequencing reaction, purification of the sequencing
fragments, and CGE separation for the sequencing product were performed in
different capillaries as illustrated in Figure 5.4. The capillaries were connected by
universal capillary connectors, and programmable syringe pumps were employed
to accurately transfer precise volumes of solutions at desired times from the
microvials. The whole process was not fully automated yet with some steps still
manually operated, for example, preconditioning the capillary and replacing the
capillary zone electrophoresis (CZE) buffer with the sequencing buffer in C3,
C5, and C6 prior to the CGE separation, which could be operated by robots
in the future high-throughput setup. Removing the excess dye-terminators from
the cycle-sequencing reaction is necessary to ensure high separation resolution
and detection sensitivity. A novel approach was employed by separating the
dye-terminators from the long sequencing products with CZE. A freeze/thaw valve
was opened to control the material transfer from the cycle-sequencing capillary
to the CZE capillary immediately after the reaction by siphoning. Then, CZE was
initiated with the application of a positive field at the R2 position. The CZE in
normal mode eluted the elongated PCR product earlier than the terminators. When
the DNA peak reached the detection window, the positive field was switched to
the R3 position to electrokinetically inject the sequencing product into the CGE
capillary (C7) (Figure 5.5). Even though complete separation of the sequencing
product and dye-terminator was not achieved, the dye peaks were well removed
from the sequencing region (>70 bp) with careful injection time adjustment and
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illary connector. The inset shows the F/T
valve control system using a TEC [18].

fast electrode switching (∼10 s). The overall time from PCR to CGE separation for
sequencing only took 4 h. The effectiveness of the setup was demonstrated by the
successful sequencing of a 257-bp gene region of the β-actin in 9.8 ng µl−1 from
human genomic DNA with a volume of 616 nl (total 6 ng, 3 zmol, ∼180 cells). This
integrated system is compatible with the continuous cell injection and on-line cell
lysing discussed previously for genetic analysis starting with a few cells.

5.2.2.2 Optimization for Reactions
On-line amplification is quite different from PCR performed in vials with the
heating block-based thermocyclers. First of all, the reaction volume of on-line
PCR is much smaller than that in the vial format, which significantly shortens
the duration for denaturing, annealing, and amplification and thereby the overall
PCR time. Then, higher cycle numbers can be used without extending the analysis
time. Secondly, the yield for on-line PCR greatly affects the success of the follow-
ing operations, such as sequencing or detection. For the traditional PCR, if with
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one-round of reaction, the amount of PCR products are still not enough, more
reaction rounds might be performed in the original vials. However, for the inte-
grated on-line system, reactions are performed sequentially without interruption
and the sample amount is limited. If the yield of PCR is not enough, it directly
suppresses the subsequent sequencing and fails the entire process, which could
only be recognized at the end of the analysis. Therefore, it is especially critical to
optimize the yield of PCR for on-line assays.

For any enzymatic reaction, enzyme activity, buffer composition, pH value, and
reaction temperature are always important factors that can impact the reaction
yield. Numerous DNA polymerases and PCR cocktails are available in the market
for traditional PCR in vials, facilitating the selection of the most active enzyme and
corresponding reaction cocktail [4]. Comparison of the yields can be monitored
by slab gel imaging. However, this is only a rough comparison because when the
reaction vessels are very small, the diffusion and other factors may influence the
yield as well. Further enhancement of PCR yield could be achieved with addition of
betaine (trimethylglycine), which protects DNA polymerase from thermal denatu-
ration [20] to improve both the yield and selectivity [21, 22]. To prevent nonspecific
adsorption of DNA polymerase to the capillary wall, BSA can be added to the
reaction mixture [23], or the enzyme adsorption sites can be saturated by prerinsing
the capillary by repeated aspiring and dispensing 1-µl PCR solution not containing
the DNA template or dNTPs, which has been found to lead to a threefold yield
enhancement [18] Additionally, capillary-based PCR takes much less time for one
cycle due to the small volume of the reaction vessel and the fast temperature change
provided by microthermocycler. DNA polymerase denaturation by heat should be
less after the same cycle number. Herein, larger cycle numbers (i.e., 50 cycles) can
be adopted to generate more PCR product when the polymerases are still active.
Moreover, since temperature plays an important role on sensitivity and selectivity,
several strategies were developed to optimize the temperature cycle. In the early
1990s, the concept of ‘‘touchdown’’ PCR was introduced to increase PCR yield
with good specificity by lowering the annealing temperature stepwise [24], because
an annealing temperature too low at early cycles could lead to false hybridization
of the primers, but a lower annealing temperature at later cycles could stabilize
the primer and target ssDNA hybrids, and enhance the yield of amplification.
Therefore, ‘‘touchdown’’ PCR was employed in the integrated on-line system that
has been discussed here. Similar strategies can be applied for cycle-sequencing
reaction, although the cycle-sequencing reaction is generally more robust than PCR
and the temperature cycles do not need to be modified.

Another challenge to be overcome for the integration of PCR–cycle-sequencing–
CE separation is that PCR product should be purified to remove the excess
amount of dNTP and primers before the cycle-sequencing reaction to maintain the
correct ratio of dNTP and ddNTP. To simplify the instrumental setup and avoid
post-PCR purification, the PCR protocol was modified with lower concentration
of primers and dNTPs, increased number of thermal cycles, and smaller PCR
volume transferred to the cycle-sequencing reaction cocktail so that the carryover
primer and dNTPs could be diluted and reused in the cycle-sequencing reaction.
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However, the lower amounts of primer and dNTPs used for PCR was a trade-off.
Additionally, threefold excess of the primers for the cycle-sequencing reaction
were added to compete with the carryover primers from PCR.

5.2.2.3 Analysis of Amplified Products
LIF is the dominant detection method for single-cell nucleic acid analysis using the
integrated systems because of its high sensitivity and simplicity in instrumentation
and operation. Intercalating dyes can be added to the running buffer to stain DNA
or RNA molecules. Ultrasensitive nucleic stains, such as ethidium bromide [19],
SYBR Green I [4], SYBR Green II [25], and SYBR Gold [18] are frequently employed.

In the direct on-line PCR product detection performed in [9], the product peaks
were well correlated with the starting location of individual cells inside the capillary
[4]. Even though the separation power was limited due to the incompatibility of the
sieving matrix with the PCR buffer, the major product peaks were still separated
from the primer peak. Different peak heights were detected probably due to the
variation in the amplification efficiency, which, on the other hand, indicated the
importance of PCR yield optimization. Occasionally, some relatively small peaks
showed up at locations without the presence of a cell, and were attributed to the DNA
debris from the dead cells in the cell suspension, which were ‘‘invisible’’ in visual
cell counting using the partial dark-field method. The good correlation between the
cell and the PCR product positions provided a digital readout of the ‘‘yes’’ or ‘‘no’’
answer for the existence of the target DNA without quantitative information.

CGE separation is necessary if the background nucleic acid material would
affect the specific target identification. In such cases, using different capillaries for
the reaction and CE separation is advantageous. For example, upon transferring
the RT-PCR mixture in the reaction capillary to the separation capillary after the
reaction, the low-molecular weight RNAs could be separated from the 523-bp
RT-PCR product from the breast cancer specific gene (BCSG-1) mRNA and did not
interfere with its detection. In the integrated device for PCR and cycle sequencing,
the high resolution capability of CE became more demanding for the analysis of the
sequencing products [18] Therefore, two separation capillaries were employed in
this device besides several others as reactors and transporters. The first one was to
remove the excess dye-terminator from the cycle-sequencing products by CZE. The
other was for analyzing the sequencing products by CGE. The segmented design
allows using different capillaries for different purposes, even though the system
complexity is also increased.

5.3
Direct Gene and Gene Expression Analysis Without Amplification

Without amplification, detection of specific DNA or RNA targets from one cell
is only possible with highly sensitive methods that are able to detect single
molecules. High-throughput single-molecule DNA screening based on CE has
been demonstrated [26], which opened up the possibility of screening single
copy of DNA in an individual cell. The DNA molecules were labeled with the
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intercalating dye of YOYO-1 at a ratio of 1 dye molecule per 5 bp. LIF imaging
using a scientific-grade microscope together with a high-speed ICCD camera
determined the electrophoretic mobility of the labeled DNA molecules through the
multiframe, streak, and multispot procedures. Each measurement was finished in
a few milliseconds. The migration behaviors of many distinct DNA molecules were
recorded simultaneously in the images, so that individual DNA molecules were
identified based on their specific mobility measured.

If the overall expression profile is to be sorted out, CE equipped with a regular
LIF detector can do the work. RNA levels in individual cells at different phases,
the pre-DNA-synthesis phase (G1), the DNA synthesis phase (S), the post-DNA
synthesis phase (G2), and the mitotic phase (M), were compared with CE without
preamplification by Han et al. [12]. To differentiate phases, cell synchronization is
needed before analysis. Several techniques commonly used by cell biologists can be
employed by the single-cell analysis. These techniques include physical shocks, such
as temperature shock and X-ray irradiation; chemical shocks, such as isoleucine
deprivation, thymidine block, and vinblastin inhibition; and physical selections,
such as filtration, centrifugal elution, membrane elution, and mitotic shake-off [12].
Mitotic shake-off is the simplest one and based on the property of cells they become
spherical and tenuously attached to the culture flask during the mitosis phase.
Gentle agitation of the culture medium by shaking can lead to the dislodging of the
mitosis phase cell from the bottom of the flask. These mitosis phase cells then served
as the seeds for other phases by growing them for different durations. One single
cell (Chinese hamster ovary cell) at a distinct growth phase was injected into the
capillary and lysed with a diluted surfactant solution (0.2% SDS in TBE buffer), and
the RNA contents released were separated by electrophoresis and detected by LIF.
By comparing with RNA standard ladder, the major peaks detected were identified
as 18S and 28S rRNA, which showed significantly different expression levels at each
phase of the cell cycle (Figure 5.6). This method may be applied to detect diseases
closely related to abnormally regulated cell cycles, such as cardiovascular diseases,
human neurodegenerative disease, and cancers, or to monitor the effectiveness
of drugs that are developed to target specific cell phases [27, 28]. However, more
interesting RNA targets, such as the mRNA and small RNA, cannot be detected due
to the lack of sensitivity, and the information obtained by this method is limited.

5.4
Potential Alternative Techniques for Single-cell Gene and Gene Expression Analysis

The systems discussed above pave the way for sensitive, rapid, and high-throughput
analysis of nucleic acids at the single-cell level with or without amplification.
However, further developments are demanded to simplify the integrated systems,
lower the operation cost, and increase the volume of the information obtained.

To simplify the design of the integrated systems, several strategies can be
considered. For example, to improve the effectiveness of the cell lysis process,
microfluidic sonicator could be used for real-time disruption of the eukaryotic cells
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Figure 5.6 Representative electrophero-
grams indicating the separation of RNA from
individual CHO-K1 cells at different phases
of the cell cycle: (a) G1, (b) S, (c) G2, (d)
M. Eight individual cells from each phase

were analyzed for a total of 32 electrophero-
grams. The first group of peaks corresponds
to low-molecular mass RNA (including tRNA
and 5S rRNA) and the last two peaks (>20
min) correspond to 18S and 28S rRNA [12].

and bacterial spores for DNA analysis [29]. Since the most complicated part of the
integrated analysis system is the temperature control module for PCR, isothermal
amplification can be employed. Rolling circle amplification is a good replacement
for PCR, which can amplify the circular template up to 10 000-fold within a few
hours due to the high strand-displacement ability and great processivity of the
polymerase [30, 31]. Our group has demonstrated the accurate quantification of
the target ssDNA (29 nt) coamplified with an internal standard ssDNA (31 nt) by
rolling circle amplification (RCA) using CGE–LIF [25]. This RCA–CE method has
adequate sensitivity to detect DNA materials extracted from several hundred cells
if the amplification is performed on-line. Since the mature small RNA molecules
(17–25 nt) can serve as the primer for RCA and initiate the polymerization from
their free 3′-OH groups, we eliminated the ligation step in small RNA detection
and improved the reaction efficiency, which further decreased the detection limit
by 10-fold. Small RNAs are involved in highly specific regulation of gene expression
by the RNA-mediated silencing mechanism in multicellular organisms such as
plants and animals [32–34]. Only a few copies of small RNA can effectively silence
gene [35]. They play even more critical roles in stem cells by controlling stem cell
differentiation [36, 37], cell cycle regulation, apoptosis [38], and maintenance of
stemness [39]. MicroRNA is one subgroup of small RNA, the expression patterns
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of which are found highly related to cancer development and could be potential
targets for cancer detection, diagnosis, and prognosis [40, 41]. Our assay can be
applied to detect small RNAs in a few cells or even single cells, and therefore is
valuable to studies on small RNA expression in stem cells or cancer cells because
of the low availability of homogeneous cell population of such cells.

5.5
Conclusions

It is well known that the capillary is an appropriate platform for nucleic acids’
analysis because of the low sample consumption, low reagent cost, easy dynamic
staining, sensitive detection, and potentials for higher sample throughput with
the array setups. Facing the challenges in nucleic acids’ analysis at the single-cell
level, the capillary shows its distinct advantageous features, such as volume
compatible with single cells, high heat conductivity, and good optical properties.
Therefore, systems consisting of several capillaries were successfully developed to
integrate cell introduction, in-column cell lysis, on-line thermal cycle reactions,
and CE separation. Such systems are the pioneers in single-cell analysis using
electrophoretic techniques and are highly compatible with recent developments
such as the CE–RCA assays for continuous improvement in the instrumental
design and broader application scope. Future developments in this area can
also include sophisticated data analysis tools based on statistic and mathematical
modeling to obtain more information from the genetic analysis in a few number
of cells, and eventually contribute to deciphering the ultimate difference among
individual cells.
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6
Microfluidic Technology for Single-cell Analysis
Yan Chenand Jiang F. Zhong

6.1
Introduction

Molecular biologists increasingly recognized the difficulty of obtaining a population
of homogenous cells for molecular analysis, especially for oligo-microarray assays,
which may require a few millions of cells. Without intervention procedures such as
synchronization, which often changes characteristics of cells, it is very difficult to
obtain a homogeneous cell population. Many heterogeneous cell populations were
treated as homogenous samples simply due to our inability to obtain homogeneous
cell populations for analysis. The human embryonic stem cell (hESC) colony
maintained in pluripotent culture condition was regarded as a homogenous
pluripotent cell population in many studies. However, recent single-cell analysis of
these colonies showed that each colony is a heterogeneous cell population [1].

Homogeneity is a relative concept. In fact, no two cells are identical because
they are exposed to different environments. This is similar to the fact that two
identical twins are two individuals with different personalities. Perhaps, the only
homogenous cell population is a single cell. Single-cell analysis is a critical aspect of
molecular biology. However, current experimental tools for molecular biologists are
not suitable for analysis of single cells, which are only several picoliters. This is the
primary reason why biologists are forced to accept the concept of a ‘‘homogenous
cell populations’’ when they know that ‘‘homogeneity’’ is a relative concept.

6.1.1
Limitation of Current Technology

Fluorescence-activated cell sorting (FACS) is the most popular analysis tool for
single-cell analysis. It rapidly analyzes the fluorescent profiles of a population
of single cells via various labeling techniques. FACS analysis is often limited by
applicable fluorescent tags to label biological molecules of a cell. Laser capture
microdissection (LCM) is another common method for isolating specific cells from
a cell population [2]. Both FACS and LCM are developed to isolate cells with certain
characteristics rather than analyze the chemical contents of individual cells. New
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tools are needed for chemical analysis of single cells which are typically in the scale
of picoliters.

Despite the difficulty, attempts have been made to explore the unique and
critical information that can be obtained from biochemical analysis of single-cell
contents. Multiple protocols for single-cell RT-PCR has been reported [3–5].
However, the success of these protocols is often dependent on the experience of the
technical personnel. Material lost remains as a major challenge in single-cell mRNA
expression analysis. A single mammalian cell contains 20–40 pg of total RNA [6]
and only 0.5–1.0 pg of mRNA (105 –106 mRNA molecules) [7]. This small amount
of material presents a major challenge for single-cell mRNA profiling with current
tools such as micropipette and microcentrifuge tubes, which are designed for
performing biochemical reactions at the microliter scale. The relatively huge dead
volumes of micropipette and microcentrifuge tubes lead to significant material loss
in single-cell analysis. Performing biochemical reactions in the nanoliter scale is
needed to avoid significant material lost in single-cell analysis. Microfluidic devices
developed by us can meet the requirement for single-cell analysis by performing
biochemical reactions in 10 nl reactors.

6.1.2
Microfluidic Devices

Microfluidic devices are formed by integrating functional valves and pumps that
can manipulate nanoliters and even picoliters of fluid. Microfluidic devices can be
fabricated by multilayer soft lithography (MSL), a micromachining technique that
exploits the elasticity and the surface chemistry of silicone elastomers to create
monolithic valves [8]. For devices used in our laboratory, polydimethylsiloxane
(PDMS) layers with nanofluidic channels were cast from a microfabricated mold,
created by standard optical lithography on photoresist. A typical microfluidic
device has two layers. One layer consists of fluidic channels where samples and
reagents will be introduced and manipulated; the second layer consists of control
channels where pressurized air will be introduced to pneumatically actuate the thin
membrane between the control and fluidic channel crossing area. The nanoliter
dimension of microfluidic device improves efficiency of biochemical reactions. The
mRNA-to-cDNA efficiency in our microfluidic device is fivefold higher than those
of bulk assay with the same reagents [1].

6.2
Biological Significance of Single-cell Analysis

Many gene expression studies with qPCR and microarray have been carried out to
dissect the complex human gene regulatory networks. The two major challenges
of the field are as follows: (i) Time- and phenotype-averaging expression profiles
from bulk assays conducted with total RNA from heterogeneous cell populations
are not very informative for gene network study. (ii) Although gene regulation is a
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continuous event, continuous expression profiles are not available for studying the
interactive relationship among genes.

6.2.1
Investigate Gene Regulation in Consecutive Developmental Stages

Compiling and clustering single-cell mRNA profiles from consecutive develop-
mental stages is an effective approach to investigate the complex gene regulation
networks in mammalian cells. However, current bulk assays can only compare
samples from preselected and very distinct cell stages due to sample heterogeneity.
The population-averaging effect of bulk assays excludes the possibility to compare
mRNA expression profiles from consecutive developmental stages.

Single-cell gene expression profiling has been conducted with LCM and FACS,
but obtaining consecutive single-cell expression profiles with these methods is still
not possible. The technical barrier for obtaining single-cell mRNA profiles from
consecutive developmental stages has forced biologists to investigate gene regu-
lation networks with compromised approaches such as extrapolation of bacterial
and yeast data to mammalian cells or reduction of gene networks to include only a
few critical members. Consequently, some published data are contradictory. This
problem is particularly severe in the investigation of human disease and stem
cell regulatory networks. With our microfluidic system for single-cell analysis, we
will be able to interrogate individual cells from entire cell populations consisting
of cells in a continuous spectrum of differentiation/maturation stages. The con-
tinuous single-cell mRNA expression profiles can also reveal stepwise gene–gene
interactions within the regulatory networks.

6.2.2
Identifying Cancer Stem Cells (CSCs) Molecular Signature

Recent evidence suggests that mammary stem cells and/or progenitors including
mammary luminal epithelial and myoepithelial cells may be the targets
for oncogenesis by Wnt-1 signaling elements, and that the developmental
heterogeneity of different breast cancers is in part a consequence of differential
effects of oncogenes on distinct cell types in the breast [9]. Consequently, elegant
models have been suggested toward the development of leukemia and different
types of breast cancers arising from cancer stem cell populations, but specific
markers delineating these lineages have not yet been clearly defined [10]. Animal
experiments with limited dilution methods showed that cancer stem cell (CSC)
could be enriched to a frequency of 1 CSC per 100–500 cells by cell surface markers
which are empirically determined in animal transplantation experiments [11–13].
However, the CSC specific genes (markers) cannot be determined because there is
no method to characterize a single cell before transplanting the same cell for tumor
initiation. We have developed microfluidic devices that can enable us to identify
CSC from acute lymphoblastic leukemia cells (CD34+CD38–CD19+) [14].
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Figure 6.1 The principle of microfluidic de-
vices. (a) An illustration 3-D diagram of an
elastomeric peristaltic pump. The peristaltic
pump consists of 3 control channels and 1
flow channel. Peristalsis was typically actu-
ated by the pattern 101, 100, 110, 010, 011,
001, where 0 and 1 indicate ‘‘valve open’’
and ‘‘valve closed’’ respectively. This pattern
is named the ‘‘120◦’’ pattern, which refers
to the phase angle of actuation between

the three valves. Other patterns are also
possible, including 90◦ and 60◦ patterns.
The difference in pumping rate at a given
frequency of pattern cycling is minimal. (b)
A picture of an elastomeric peristaltic pump
with three on-off valves. Three control chan-
nels (C1, C2 and C3) are placed on top of a
flow channel (vertical channel) at 111 con-
figuration (all valves are closed). Scale bar is
100 µm.

Our microfluidic device enables (Figure 6.1) the analysis of several thousands
of single cells without expensive equipments and intensive labor. After profiling
500–2500 cells from a CSC-enriched population (5× coverage, at least five CSC
will be profiled), we can cluster the gene expression profiles into a dendrogram,
a hierarchical organization of the expression profiles based on similarity. These
dendrograms will reveal the molecular signature of CSC and its progenitors. Once
the CSC molecular signature (its gene expression profile) is identified, systematic
discovery of CSC protein markers (especially cell surface markers) is possible
by mining the gene expression profiles. The investigation of the molecular
developmental pathway of CSC toward tumor cells and the development of CSC
targeted therapies will be facilitated by knowledge obtained from single-cell gene
expression profiling with our devices.

6.3
Microfluidic Devices in Our Laboratories

Recently, we reported a sophisticated highly integrated microfluidic device, having
26 parallel 10 nl reactors for the study of gene expression in single hESCs [1]. The
reaction volume is 10 nl and the micropumps and microvalves have a dead volume of
less than 1 pl. All steps of obtaining single-cell cDNA including cell capture, mRNA
capture/purification, and cDNA synthesis/purification are performed inside the
device. We demonstrated a fivefold higher mRNA-to-cDNA efficiency in reactions
performed with microfluidic device as compared to conventional bulk assays.
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Pressure
regulators

Heating plate

Figure 6.2 The setup of the microfluidic device for
single-cell mRNA extraction. The system includes a
microscope, a computer to control air pressure with pres-
sure regulators, a heating stage to heat the microfluidic
chip to desired temperatures. The inset showes a typical
microfluidic chip.

6.3.1
Microfluidic Single-cell mRNA Extraction Device

We have extensively used microfluidic devices in biomedical research [15, 16].
It is in general challenging to perform single-cell gene expression profiling. The
difficulty is due to the loss of material during the steps of single-cell capture, lysis,
mRNA isolation, and cDNA synthesis. Many successful single-cell gene expression
profiling studies have been reported [17–27]. Although these studies showed that
valuable information can be obtained from single-cell gene expression profiling,
they were limited in their ability to process a large number of cells. However,
in order to obtain statistically significant information, large numbers of cells are
needed to be profiled.

Figure 6.2 shows the setting of our microfluidic system. The microfluidic valves
within the device are controlled by individual pressure regulators (Fluidigm) and
are interfaced via 23 gauge pins (New England Small Tube) and tygon tubing
(VWR). An NI-DAQ card through a Labview interface (National Instruments) was
used to actuate the pressure of the pressure regulators.

6.3.2
Functional Components of Single-cell Analysis Devices

The basic components of our device are shown in Figure 6.3, and the device is illus-
trated in Figure 6.4. The process in brief can be described as follows. Lysis buffer is
loaded into the flow channels through lysis buffer inlet until it reaches the waste out-
lets and leaves no air bubbles. Oligo(dT) beads are then loaded into beads inlet and
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Oligo (dT) beadsPartition fluidic
valves
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Figure 6.3 Basic microfluidic components
in our microfluidic devices. (a) Microfluidic
cell lysis modules constructed by putting
control channels (green) under fluidic rings.
Individual rings served as cell lysis modules.
Yellow fluid represents lysis buffer (right part
of the ring). Blue fluid represents cells with
PBS. Black blocks are control valves which
separate individual rings. An inset showes a
fluorescently labeled cell being captured in
the cell capture portion (blue) of the ring.
(b) After opening the partition valve and
mixing lysis buffer with cell by pumping, the
cell was disintegrated. This is represented

by mixing blue fluid with yellow fluid to
produce green fluid. (c) Multiplex control
channels (red) were shown to control the
open or close of individual fluidic channels.
On the left side of the multiplex control net
are the cell capture rings, and on the right
side are the mRNA capture columns. An in-
set showes the column loaded with oligo(dT)
beads. The clear channel next to the beads
creates the leaky sieve valves by partially
closing the fluidic channels containing the
beads. Sieve valves allow buffers but not the
Oligo(dT) beads to pass through.

columns are built serially by addressing flow lines individually with the multiplexer
control channels, while keeping the sieve valve (valve present on yellow flow chan-
nels Fig. 6.3c) actuated. Once columns are built, excess beads still present in the
flow channels are pushed with lysis buffer (introduced from the lysis buffer inlet) to
the constructed columns. Cell suspension (blue) is then loaded into cell inlet, and
once the suspension flows to its outlet, the reactors are closed off by actuating the
control channels. Cells are contained in the cell loading portion and then pushed in-
dividually to the left part of the mixing ring. Lysis buffer is then loaded into the right
portion of the mixing ring. Cells are then lysed chemically by mixing cells with lysis
buffer in the ∼10 nl ring. Mixing occurs by executing a peristaltic pump sequence
[28, 29] with three control channels over the mixing ring. Cell lysate is then pushed
via pneumatic pressure over the affinity columns, followed by washing of the
columns with first strand synthesis buffer, dNTPs, and reverse transcriptase (RT).

Once the RT reaction fills the flow channels, first strand synthesis is carried
out by heating the device to 40 ◦C on a thermal microscope stage with the beads
utilized as both primers (oligo(dT)25 sequences) and a solid phase support. The
reaction mixture is flown over the columns for 45 min at a flow rate of ∼20 µm
s−1. Upon completion of the reaction, the waste valves are closed, collection valves
opened, and beads sent to output by opening the sieve valves and flowing columns
off the device in a serial manner in PCR buffer, by using the fluid multiplexer to
address reactors individually. Beads are collected by cutting off the collection wells
with beads and centrifugation. Figure 6.4 shows a device we used to obtain cDNAs
from 32 single cells simultaneously.
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Figure 6.4 An illustration of manipulating
single cells with flow channels in microfluidic
devices. A microfluidic single-cell analysis de-
vice with 32-nl-scale reactors is filled with
food dye. (a) The 10-nl single-cell analysis
reactors. Each reactor is a ring with 10 nl
volume. The reactor is partitioned into two
parts by two microvalves. The right part is
filled with the lysis buffer. The left part is
filled with the buffer carrying cells (such as
phosphate buffered saline). The cell capture

compartment is formed by valves around the
cell flow channel. (b) Channels stacked with
oligo-dT bead columns. (c1, c2) Binary flow
networks that allow external pressure to be
delivered to individual reactors. The control
channels lie on top of the flow channels. (d)
An enlarged cell capture compartment shows
a captured cell. (e) After opening of valves
and applying external pressure via the binary
flow network (c1), the cell was delivered into
the reactor.

6.3.3
Manipulation of Single Cells

Manipulating the picoliter single cells in microfluidic devices precisely is challeng-
ing. We used two methods to manipulate single cells in our nanoliter reactors
for single-cell analysis. The first method is a fluidic manipulation. Single cells are
manipulated via manipulating the fluid which carries the cells. The second method
is optoelectronic tweezers (OETs) technology [30].

As shown in Figure 6.4, a binary network of flow channels is controlled with
multiplex control channels. With the multiplex control network, external pressure
can be delivered to the 32 individual reactors with computer control. Cells in buffer
can be sent to the proximal locations of the reactors by addressing the flow rate
and cell concentration. Then external pressure was used to deliver the cells with
buffer into individual reactors. Only a minimal amount of buffer was introduced
with a cell. This is an important aspect because a large amount of buffer may affect
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Valve 1
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Valve 2 Valve 2
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Figure 6.5 Collection wells for cDNA col-
lections. Because the poly-T25 sequence
not only captured the poly-A tail of the
mRNA but also served as the primers of the
on-chip RT reaction, the newly synthesized
cDNA was attached to the beads. These
beads were flushed to the collection wells.

(a) An empty collection well. The dark dye
illustrates two microvalves (valve 1 and 2)
that control the input of fluids with beads.
Closed valve 1 and open valve 2 direct the
fluids to waste outlet. (b) Closed valve 2 and
open valve 1 direct the fluid with beads into
the collection wells.

the cell lysis and mRNA capture procedure. The major disadvantage of fluidic
manipulation is that a complex network of flow and control channels must be
designed as shown in Figure 6.4. The microvalves in PDMS devices can be opened
and closed precisely, but their ability to control the flow rate is compromised due
to the length of the flow channel, especially in these very long flow channels.

Recently, we applied OETs to manipulate single cells in microfluidic devices.
OET use light-patterned dielectrophoresis for noncontact and precise cell manip-
ulation. It was first reported by Chiou et al. for massively parallel manipulation
of single cells in an aqueous media [30]. Taking advantage of the transparent
PDMS, a light intensity, 5 orders of magnitude, lower than conventional optical
tweezers technology can be used to manipulate cells directly in microfluidic devices
(Figure 6.5). Computer automation can be easily applied to manipulate single cells.

6.4
Materials, Methods, and Protocols

6.4.1
Materials

Mold Fabrication

1) Three-inch silicon wafer (Silicon Quest International, USA).
2) SU-8 photoresist (Microchem, USA).
3) SPR photoresist (Shipley, USA).
4) Spin processor (Laurell Technology Corporation, USA).
5) Hotplate (VWR, USA).
6) MA6 mask aligner (Karl Suss, USA).
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Chip Fabrication

1) RTV (General Electric, USA).
2) Hybrid mixer (Keyence, USA).
3) Spincoater (Specialty Coating System, USA).
4) Oven (Fisher Scientific, USA).

Device Operation

1) Pressure source (Fluidigm, USA).
2) Twenty-three gauge pins (New England Small Tube, USA).
3) Tygon tubing (VWR, USA).
4) NI-DAQ card (National Instruments, USA).
5) Labview software (National Instruments, USA).

RNA Capture and First Strand cDNA Synthesis

1) Dynabeads mRNA Direct Kit (Invitrogen, USA).
2) RNasin Plus RNase Inhibitor (Promega, USA).
3) Sensiscript RT Kit (Qiagen, USA).
4) QuantiTect Multiplex PCR NoRox Kit (Qiagen, USA).

6.4.2
Methods

Control Mold

1) Spin SU8-2025 at 3000 rpm for 45 s.
2) Soft bake mold for 2 min/5 min at 65 ◦C/95 ◦C.
3) Expose mold under a transparency mask with the fluidic design for 30 s on

MA6 mask aligner.
4) Bake mold postexposure for 2 min/5 min at 65 ◦C/95 ◦C.
5) Develop in SU8 nano developer.
6) Once developed, bake mold at 95 ◦C for 45 s to evaporate excess solvent.

Flow Mold

1) Spin SU8-2015 at 3000 rpm for 45 s.
2) Soft bake mold for 1 min/3 min at 65 ◦C/95 ◦C.
3) Expose mold 20 s under a transparency mask with the fluidic design on MA6

mask aligner (7 mW cm−2).
4) Bake mold postexposure for 1 min/3 min at 65 ◦C/95 ◦C.
5) Develop in SU8 nano developer.
6) Hard bake mold at 150 ◦C for 2 h for the formation of the 10-µm-high flow

channels.
7) Expose mold to HMDS vapor for 90 s.
8) Spin SPR220-7 at 1500 rpm for 1 min.
9) Soft bake mold for 90 s at 105 ◦C.

10) Expose mold for 100 s on MA6 mask aligner.
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11) Develop mold in MF-319 developer and rinse under a stream of H2O.
12) Hard bake 3 h at 200 ◦C for the formation of the 15-µm-high flow channels.
13) Expose mold to HMDS vapor for 90 s.
14) Spin AZ-50 at 1600 rpm for 1 min.
15) Soft bake mold for 1 min/5 min/1 min at 65 ◦C/115 ◦C/65 ◦C, respectively.
16) Expose mold for 4 min on MJB mask aligner.
17) Develop mold in 3 : 1 of H2O : 2401 developer. Rinse mold under a stream of

H2O.
18) Hard bake 3 h at 200 ◦C for the formation of the 40-µm-high flow channels.

Chip Fabrication

1) Prepare 5 : 1 of GE RTV A : RTV B (mix 1 min, defoam 5 min).
2) Expose flow mold to TMCS vapor for 2 min.
3) Pour 30 g of 5 : 1 of GE RTV A : RTV B on respective flow mold.
4) Degas flow mold under vacuum.
5) Bake flow mold for 45 min at 80 ◦C.
6) Prepare 20 : 1 of GE RTV A : RTV B.
7) Expose control mold to TMCS vapor for 2 min.
8) Spin 20 : 1 RTV mix at 1800 rpm for 60 s (15 s ramp).
9) Bake control mold for 30 min at 80 ◦C.

10) Cut devices out of flow mold and punch holes with 650-µm-diameter
punch tool.

11) Clean the flow device and align to control mold.
12) Bake the resulting two-layer device for 45 min at 80 ◦C.
13) Prepare 20 : 1 of GE RTV A : RTV B.
14) Expose blank wafer to TMCS vapor for 2 min.
15) Spin 20 : 1 RTV mix on blank wafer at 1600 rpm for 60 s (15 s ramp).
16) Bake blank wafer for 30 min at 80 ◦C.
17) Cut out the two-layer device from control mold and punch holes with

650-µm-diameter punch tool.
18) Clean the device and mount on blank wafer. Check for debris and collapsed

valves.
19) Bake three-layer RTV device for 3 h at 80 ◦C.
20) Cut three-layer device out, and mount on glass slide.
21) Bake finished device overnight at 80 ◦C.

6.4.3
Device Operation Protocols

6.4.3.1 Microfluidic Chip Control
The on–off valves in the microfluidic chip are controlled by individual pressure
sources via 23 gauge pins and tygon tubing. A NI-DAQ card is utilized through a
Labview interface to actuate the pressure sources. A microfluidic station is shown
in Figure 6.3.
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6.4.3.2 Column Construction and Cell Lysis
The whole process of bead column construction and single-cell lysis is shown in
Figure 6.4.

1) Add 1 µl (40 units) RNase inhibitor to 99 µl lysis buffer from Dynabeads mRNA
Direct kit. Load the resulting lysis buffer with RNase inhibitor into the flow
channel from lysis buffer inlet until it reaches the waste outlets.

2) Pelletize 40 µl of beads from Dynabeads mRNA Direct kit with centrifugation
and resuspend beads in 40 µl of lysis buffer. Pelletize the beads again and reduce
the lysis buffer to 20 µl. Vortex to resuspend the beads. It is important to resus-
pend the beads before loading into the microfluidic device from beads’ inlet.

3) When it is addressed, the multiplexer (inset c2) opens individual flow lines.
This allows the bead columns to be stacked in a serial fashion. The sieve valves
are actuated when the beads are flowing in the channels. The sieve valves allow
the fluid but not the beads to pass. Once the columns are built, excess beads
in the flow channels are pushed into the column with lysis buffer to stack into
the column (inset b).

4) Pelletize single cell isolated by FACS with centrifugation, and resuspend cells
in 100 µl PBS. Pipette up and down gently before loading cells into microfluidic
devices through cell inlet. Cells are contained in cell loading portion (inset d).
Then the multiplexer (inset c1) is addressed individually to push the single cell
into the left part of the ring (inset e). Lysis buffer is then loaded into the right
part of the rings. Cells are lysed chemically by mixing cells with lysis buffer in
the ring. Mixing occurs by executing a peristaltic pump (inset a) sequentially.

6.4.3.3 Capturing mRNA, Synthesizing First Strand cDNA, and Recovery of cDNA

1) Prepare 90 µl of RT buffer from Sensiscript RT Kit: 9 µl 10× buffer, 9 µl 5 mM
dNTP, 4.5 µl reverse transcriptase, 2.25 µl RNase inhibitor, 65.25 µl H2O.

2) Cell lysate is pushed through the oligo(dT)25 columns via pneumatic pressure,
the mRNAs are captured by attaching to the oligo(dT)25 sequences on the
beads. Then the columns are washed by first strand cDNA synthesis buffer.
The first strand synthesis is carried out by heating the device to 40 ◦C on a
thermal microscope stage. The reaction mixture is flown over the columns for
45 min. The reaction is completed by heating the device to 70 ◦C for 15 min.

3) The PDMS microfluidic device is peeled off from the supporting glass slide.
Individual collection wells are cut off from the devices and placed in micro-
centrifuge tube beads with the open end face down. Beads are collected by
centrifugation.

6.4.3.4 Analysis of Single-cell cDNA
Beads with attached cDNA from single cells were subjected to multiplex quantitative
PCR. Absolute number of mRNA molecules in individual cells can be calculated
from a standard curve generated with a known amount of the target DNA, and
the efficiency of the cDNA synthesis. The efficiency of the cDNA synthesis in
microfluidic devices can be calculated by loading a known amount of standard
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artificial mRNA (such as GeneChip Poly-A RNA control from Affymetrix, USA)
to the device. Because artificial mRNA does not exist in eukaryotic cells, they can be
spiked into the lysis buffer as RNA standard. The volume of each cell lysis module is
known, and can be used to determine the amount of spike-in mRNA for calculation
of cDNA synthesis efficiency. Besides being used for multiplex quantitative PCR,
the cDNA obtained can also be amplified and used for whole genome microarray
analysis.

Notes

1) It is critical to obtain single-cell suspension by FACS. Clumps of cells or debris
could clot the flow channels. Owing to the micrometer size of the channels, the
clot is very difficult to be cleared, and often makes the chip useless. Therefore,
the FACS procedure is not only for isolating the desired cells but also for
obtaining single-cell suspension.

2) Appropriate pressure should be used to control the microfluidic chip. The
control channels normally work well under a pressure of 18–22 psi at our
laboratory; hence, use the pressure that can completely close the valves, but do
not let the pressure go too high.

3) Lysis buffer and beads can be loaded to the flow channels at 2 psi, but cells
should be loaded in the channel at a lower pressure of 0.3 psi to control the
flow rate.

4) During the mixing of the cells and lysis buffer, the pump valves should be
operated at a lower pressure of 16 psi (not fully closing the valve at 18–22 psi)
to enable an efficient pumping.

5) In the 45-min first strand cDNA synthesis process, always make sure there is
enough cDNA synthesis buffer flowing in the channel so that the bead column
does not dry up.

6.5
Conclusions

Understanding the biological events inside a single cell is the key to treat many
diseases. Multicellular organisms as sophisticated as human beings depend on
individual cells for functioning. As an example, cancer often originates from
a single malfunctioning cell. The lack of tool for manipulating nanoliters of
reagents is one of the major limitations in current biomedical research. Cell
lysate, which is a mixture of a heterogeneous cell population, does not provide
sufficient information for studying biological events. Many molecular events are
masked by the averaging-effects of cell lysate. Studying and understanding the
biochemical events inside a single cell require efficient and affordable technology
for manipulating nanoliters of reagents.

Microfluidic devices have great potentials to meet the need of single-cell analysis.
The simplicity and inexpensive nature make it possible for routine assays in
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research. With miniaturization, electronic devices become increasingly efficient and
affordable. Inexpensive microfluidic devices have the same potential to be broadly
adopted in biochemical research, particularly in single-cell analysis. Once single-cell
analysis becomes a routine assay like PCR in laboratories, many biological events
will be studied inside individual cells directly rather than being inferred from cell
lysate. These microfluidic systems will revolutionize the research of molecular
biology.
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7
On-chip Electroporation and Electrofusion for Single-cell
Engineering
Ana Valeroand Albert van den Berg

7.1
Introduction

Microfabrication and microfluidic techniques are used for many applications
in biology and medicine as tools for molecular biology, biochemistry, and cell
biology, or as medical devices and biosensors [1, 2]. Microstructured devices
provide significantly enhanced functionality with respect to conventional devices
such as lower use of expensive reagents, biomimetic environments, and the
ability to manipulate single cells. Moreover, microfabrication enables devices with
novel capabilities. These enhancing and enabling qualities are conferred when
microfabrication is used appropriately to address the right types of problems [3].
Microfluidics has provided the research community with new methods, especially
those based upon laminar flow and diffusion [4, 5], electrokinetic [6–10], and
dielectrophoretic effects [11–14]. Utilization of microfluidics and microfabrication
in lab-on-a-chip (LOC) applications has increased the potential of high-throughput
biochemical assays on individual mammalian cells. Of particular interest is the
ability to parallelize up-front assay protocols and still be able to examine and treat
every individual cell in the assay separately retrieving single-cell event information
[15, 16].

Electroporation as well as electrofusion are broadly used techniques in biology,
based on the application of controlled electrical fields to cells; these techniques also
benefit from microtechnology. Many adverse effects associated with macroscale
electroporation such as local pH variation near electrodes, sample contamination,
electric field distortion, and low cell viability can be eliminated by using these
techniques in microscale environments. Moreover, in situ visualization of the
process, real-time monitoring of intracellular processes, low consumption of
reagents, and the ability to spatially and temporally control electrical parameters
at the single-cell level are several advantages of potential benefits for research
areas, also providing rapid optimization of transfection protocols and enhanced
cell viability [17–19].

Electroporation is a powerful tool for gene transfection that uses electrical pulses.
Currently used methods to introduce foreign DNA into mammalian cells are based
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on bulk procedures in which a large number of cells are simultaneously transfected,
electroporated, or virally infected. All of these methods have a number of specific
limitations such as limited control over the amount of DNA uptake, the intracellular
half-life, and fate of the introduced DNA and site of genomic integration. These
limitations represent a serious drawback in situations where genetically modified
stem cells have to be produced for therapeutic application including gene therapy
and regenerative medicine, especially when these cells are hard to isolate in large
enough numbers. Recently, microfluidic devices have shown great benefits for
studying a variety of cell processes [20, 21]. Of particular importance is the use of
such LOC devices for electroporation, enabling high-efficiency transfer of a variety
of macromolecules into cells [19, 22–25].

Cell fusion provides a unique technique to combine the genetic and epigenetic
information of two different cells. Cell fusion is used for many different purposes,
including generation of hybridomas and reprogramming of somatic cells [26–28].
Standard fusion techniques, however, provide poor and random cell contact, leading
to low yields and preventing detailed studies of fusion-mediated reprogramming.
The use of LOC devices brings new advantages that are mainly related to the
efficiency of the electrofusion process, of which one of the most important
advantages is that microsystems allow proper pairing of cells, that is, in close
contact, thereby achieving extremely specific fusion.

In this chapter, attention is focused on reviewing current microtechnology-based
single-cell engineering devices and enabling LOC technologies, and in particular
microfabricated fluidic devices for gene transfer using electroporation, as well as
for characterization of fusion-mediated reprogramming of somatic cells.

7.2
Single-cell Electroporation in Microfluidic Devices

Electroporation is the phenomenon that induces breakdown of the cell membrane
lipid bilayer, which results in the formation of transient or permanent pores in
the membrane; molecules can enter and leave the cell during this permeabilized
state [29, 30]. While bulk electroporation appears to be a universal phenomenon,
the outcome of an electroporation protocol is cell type–specific and varies among
cells in a given population: each cell is affected separately and shows its own
characteristic response to the external electric field [31]. Such individuality in
response depends on the dimension of the cell, its shape, its relative position
to the direction of the electric field, and the structure of particular parts of the
membrane [32]. Moreover, there is no effective and real-time feedback on the
permeability status of the cell membrane during and shortly after electroporation.
The most important drawback of conventional bulk electroporation is, however,
that it works with batches of thousands of cells, leading to low cell survival and low
cell transfection efficiency.

These and other deficiencies of bulk electroporation can be resolved by perform-
ing electroporation in individual cells. Therefore, single-cell electroporation is an
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interesting and promising approach that opens up a new window of opportunities
in manipulating the genetic, metabolic, and synthetic contents of single targeted
cells in tissue slices, cell cultures, in microfluidic channels or at specific loci on a
chip-based device.

Several methods to target single cells by electroporation have been reported: solid
microelectrodes [33], electrolyte-filled capillaries [34], micropipettes (patch-clamp
electrodes) [35, 36], and a diversity of chip structures. These techniques make it
possible to electroporate a cell without affecting adjacent cells, and thus provide
ways to manipulate the biochemical content of single cells and even to subcellular
structures (such as organelles), in vivo and in vitro.

For successful single-cell electroporation, the cell must either be isolated or
the electric field must be focused well to target a particular cell. Microfabricated
devices are ideally suitable to fulfill both functions of isolating single cells as
well as focusing of the electric field. In addition, the use of microfluidic devices
for cell electroporation applications offers clear advantages compared to common
electroporation setups (Table 7.1). First of all, by applying microelectronic pattern
techniques, the distances between the electrodes in the microdevices can be made
very small, which means that relatively low potential differences are sufficient
to give high electric field strengths in the regions between the electrodes. The
electrical design of the pulser is therefore much simpler, which makes it possible
to choose from a wider range of pulsers than the common block or exponential
decay pulse shapes to be used [37]. Cell handling and manipulation are also
easier, as the channels and electrode structures are comparable to the sizes of the
cells. As the hydrodynamic regime used in microfluidics is much different than
the flow regimes in large-scale equipment, it is possible to make use of specific
hydrodynamic effects associated with the laminar regime. The coupling between
cell electroporation and separation or detection of the released components is also
more direct, as it can be integrated onto the same chip. This makes it possible even
to trap single cells and to determine intracellular content or other properties, which
is hardly feasible using conventional laboratory-scale equipment. In addition, only
small amounts of cells and difficult-to-produce reagents, such as specific plasmids,
are needed. On top of this, in situ optical inspection and real-time monitoring of
the electroporation process (using fluorescent probes, for example) is possible, as
the microdevices can be made transparent. Finally, the surface-to-volume ratio in
microdevices is relatively large, which results in faster heat dissipation per unit
surface area. This makes it possible to distinguish between heat and electric field
effects.

In recent years, several publications on microfluidic devices have focused on
the process of electroporation, which results in the poration of the biological
cell membrane. The devices involved are designed for cell analysis, transfection,
or inactivation. Detection is usually achieved through fluorescent labeling or by
measuring impedance. So far, most of these devices were merely focused at the
electroporation process, but integration with separation and detection processes is
expected in the near future. In particular, single-cell content analysis is expected to
add further value to the concept of the microfluidic chip. Furthermore, if advanced
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Table 7.1 Electroporation and electrofusion: conventional versus micro.

Properties Conventional Microscale

Efficiency
Viability + +++
Transfection + +++

Electrical
Electric field form + (distorted at edge) +++ (uniform, well focused)
Electrode surface + Large area ++ smaller area
Electrode material Aluminum Platinum, gold, Ag/AgCl, n+ polysilicon

Chemical
pH variation + (often occurs) +++ (not often)
Water dissociation + (highly) +++ (little)
Metal ions + (Al3+ dissolved) +++ (no ions dissolved)

Optical
In situ visualization + +++
Real-time monitoring + +++

Others
Sample volume Large Small
Cell handling + +++
Heat dissipation + +++
Throughput + +++ (high)
Integration N.D. +++
Disposability + +++
Cost + ++

+++: high or excellent; ++: medium or good; +: low or poor. N.D.: not determined.

pulse schemes are employed, such microdevices can also enhance research into
intracellular electroporation.

7.2.1
Microdevices for Analyzing Cellular Properties or Intracellular Content

Applications of electroporation microdevices vary from those devices which investi-
gate true electroporation properties, like the pore formation process, to applications
where electroporation is only an aid to further analysis of the cell content.

Analysis of intracellular materials at the single-cell level presents opportunities for
probing the heterogeneity of a cell population. While cell lysis can be accomplished
using methods like chemical lysis [38], electroporation has gained popularity as
a rapid method for disruption of the cell membrane and release of intracellular
contents, since no chemicals need to be added to the system, which could disturb
the measurements. Gao et al. [39] used electroporation in a microfluidic device to
release the cellular content. Their design consists of a simple crossed channel,
in which erythrocyte cells were loaded using a pressure gradient. When a cell
arrives at the crossing, an electroosmotic flow (EOF) was used to direct the cell
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into the separation channel, after which the flow is stopped for 15 s to allow the
cell to attach to the wall. The cell was then electroporated using a 1-s 1400-V pulse.
In this way, the single-cell glutathione content was measured in a reproducible
way without the need to use disturbing lysing agents. McClain et al. [40] reported
on a capillary electrophoresis (CE) chip for single-cell analysis (Figure 7.1a), in
which continuous 450 V m−1 square wave pulses with a DC offset of 675 V m−1

were used. The DC offset provided the necessary potential for separation, while the
pulses were used for electroporation. Using this device, cells which were previously
loaded with several fluorescent stains were electroporated, which was followed by
the separation and measurement of the stains.

Lu et al. [41] developed a microelectroporation device for cell lysis based on a
sawtooth microelectrode structure to enhance the electric field strength. A straight,
50-µm-high microchannel of the polymer SU-8 was constructed on Pyrex glass, and
the side walls consisted of gold sawtooth-shaped electrodes with a tip distance of
30 µm, supported by the polymer SU-8 (Figure 7.1b). Using pressure-driven flow,
cells were directed through the channel and electroporated at the place where the
electrodes are closest to each other (thus, where the electric field strength is the
highest). To avoid electrolysis in the channel, a continuous alternating voltage of
6–8.5 V at 5–10 kHz was applied to electroporate the cells. It was possible with
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Figure 7.1 (a) Image of chip used for the
cell analysis experiments and schematic of
the emulsification and lysis intersections for
the microchip design [40]. (b) Schematic of
electroporation microdevice for cell lysis [41].

(c) Schematic of the microfluidic electropo-
rative flow cytometry setup. Electroporation
occurs in the narrow section of the microflu-
idic channel when cells flow through [42].
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this device to electroporate human carcinoma (HT-29) cells, as assessed using
fluorescent acridine orange and propidium iodide staining.

More recently, Bao et al. [42] have combined a flow-through electroporation device
with flow cytometry (Figure 7.1c) for selective release of intracellular molecules
under different electroporation parameters at the single-cell level with a high
throughput (∼200 cells/s). They examined the release of a small molecule, calcein
(MW 600), and a 72-kDa protein kinase, Syk, tagged by enhanced green fluorescent
protein (EGFP) from chicken B cells during electroporation at the single-cell level.
The effects of the field intensity and the field duration on the release of the two
molecules were studied; calcein was released in general at lower field intensities and
shorter durations than did SykEGFP. Thus, by tuning the electrical parameters they
were able to deplete calcein from the cells before SykEGFP started to release. This
approach potentially provides a high-throughput alternative for probing different
intracellular molecules at the single-cell level compared to chemical cytometry
by eliminating complete disruption of the cell membrane. Using this technique,
microfluidic electroporative flow cytometry, single-cell biomechanics [43], and
detection of kinase translocation [44] in B cells was also achieved. Owing to
the frequent involvement of kinase translocations in disease processes such as
oncogenesis, this approach will have utility for kinase-related drug discovery and
tumor diagnosis as well as for mechanistic studies of cytoskeleton dynamics in
diagnosis and staging of cancers cells in general.

In contrast to the above-discussed microdevices that evidence the on-chip
single-cell electroporation principle, other electroporation microdevices have
focused on analyzing and understanding the electroporation process itself.
Membrane integrity analysis is often performed optically, by measuring the uptake
or release of fluorescent markers such as YOYO-1, PI, acridine orange, FLICA,
calcein AM or CF. Measuring impedance is another technique that is often used
to follow electroporation; this has the advantages of a fast, on-line response, and a
noninvasive nature [24, 45–47].

7.2.2
Electroporation Microdevices for Cell Inactivation

In the food processing industry, electroporation is used for the pasteurization
of liquid foods in what is known as pulsed electric field (PEF) processing [48].
Pasteurization is used to render all spoilage bacteria present in the liquid foods
inactive. Therefore, irreversible electroporation of all of the cells needs to take place.
The first PEF microreactor was presented by Fox et al. [49], which consisted of a
50-µm-deep channel in glass with a 10-µm-deep, 30-µm-long constriction to focus
the electric field between the two electrodes (Figure 7.2). It was possible to make a
comparison with a preexisting laboratory setup [50], with a typical constriction size
of 1 × 2 mm, using artificial vesicles loaded with carboxyfluorescein as a model
system. This comparison showed that, despite the difference in length scales, the
two devices were comparable when 2-µs square wave pulses of 0–800-V were used.
Vesicle electroporation in both devices was studied using the transmembrane
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Figure 7.2 Image and schematic drawing of the PEF microreactor with dimensions.

potential and the total amount of energy added as criteria for comparison. The
transmembrane potential turned out to be a good parameter to use when comparing
vesicle breakdown as it describes effects happening in the vesicle itself, which
eliminates structural effects. Although microtechnology seems a less obvious
choice for PEF applications because voluminous flows are processed, the use of
microdevices avoids the risks involved with using high voltages and causes any
heat generated to be rapidly dissipated. Because of this, microdevices are a tool for
process optimization and should aid the exploration of other possibilities in the
field of PEF.

7.2.3
Electroporation Microdevices for Gene Transfection

Transfection of cells with foreign DNA is often accomplished by reversible elec-
troporation [51]. However, the treatment protocols are often suboptimal [29] and
based upon the application of long-duration pulses (microseconds) with relatively
low electric field strengths, which results in an excess amount of inactivated cells.
Furthermore, cells exposed to electric fields can be sensitive to substances in the
medium such as Al3+ ions, which can become solubilized from the electrodes [52].
It is possible to control the circumstances better in microfluidic devices, and hence
increase the efficiency of transfection. Besides this advantage, only small amounts
of transfection material are needed, and it is possible to make structures where the
transfection of more cells in a parallel fashion is possible. Several designs of mi-
crodevices for transfection are published, some aiming at single-cell transfection,
others at the transfection of larger amounts of cells.

Lin et al. [53] constructed a device made of poly(methyl methacrylate) (PMMA)
that consisted of a 0.2-mm-high, 5-mm-wide channel with integrated gold electrodes
at the top and the bottom of the channel at the electroporation spot (Figure 7.3a).
Since the electrode distance was relatively small, only 10-ms pulses of 10 V were
required for electroporation. The efficiency of this simple design was proven by
transfecting human hepatocellular carcinoma cells (Huh-7) with β-galactosidase
and green fluorescent protein (GFP) genes.
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While Lin et al. used a small electrode distance to focus the electric field, it is
also possible to accomplish focusing the electric field by introducing a constriction
between the two electrodes. Khine et al. [18, 24] used this concept in their design
(Figure 7.3b), which was originally developed as a multiple patch-clamp array [54].
Although the constriction itself increases the electric field strength, this effect was
enhanced in this design by applying a gentle under pressure and sucking a cell
partially into the constriction, thereby blocking the constriction completely. The
cell could not pass the constriction because the cell diameter (12–17 µm) was
approximately four times larger than the constriction (3.1 µm). Low potentials of
less than 1 V could be applied using an Ag/AgCl electrode. The release of calcein
and the uptake of trypan blue from HELA cells after electroporation were followed
visually, but transfection with DNA has not yet been reported with this device.

Huang and Rubinsky, who designed an electroporation analysis device with
a microhole in a silicon nitride membrane, also adapted this analysis-oriented
design [46] to make it applicable to cell transfection. This was done by creating a
flow-through channel on top of a silicon nitride membrane that was approximately
1.5 times the size of a cell (Figure 7.4). The hole in the membrane is situated
in the middle of the channel. Once a cell was brought into the microchannel, it
was captured in the microhole by a backside pressure, electroporated, uploaded
with the desired foreign molecules and then released, exiting the channel on the
other side. The microhole in the silicon nitride membrane provided the necessary

Top fluid
openings

Micro fluidic
channels SU-8 epoxy

layer

Wire bonding
pads

Bottom silicon
nitride membrane

Bottom grid
electrode

Bottom fluid
openings

Bottom silicon
substrate

Glass cover slip

Silicon nitride
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Middle
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Figure 7.4 Construction of the flow-through microelectropo-
ration chip with a microhole in a silicon nitride membrane
and microfluidic channels for precise cell transport [46].
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Figure 7.5 Schematic of the microfluidic chip presented by
Lin [55, 56] aimed at the transfection of cells growing on a
surface.

enhancement of the electric field. With this microdevice, it was possible to stain
cells with fluorescent YOYO-1 using 100-ms, 10-V pulses and transfect them with
an enhanced GFP gene.

Whereas the above-mentioned transfection-oriented designs were aimed at cells
in solution, Lin et al. [53, 55, 56] created a microfluidic chip aimed at the transfection
of animal cells growing on a solid surface (Figure 7.5). The chip consisted of a
glass wafer with a gold interdigitated electrode structure, which was sealed with
a PDMS (polydimethylsiloxane) mold to form a cavity. Cells grew on the glass
surface, and by the interdigitated electrode structure could be used to electroporate
the surface bound cells. In this way, it was possible to transfect Huh-7 cells, human
embryonic kidney cells, and Human Umbilical Vein Endothelial Cells (HUVEC)
primary cells with GFP-GFP-DUA DNA. By adding an extra anode electrode above
the interdigitated structure, negative DNA plasmids were directed to the cathodes
by an electrophoretic potential [56] prior to electroporation, creating a local high
concentration of plasmids near the cells at the cathodes. Improved cell transfection
was demonstrated by the relatively high concentration of transfected cells near the
cathodes as compared to experiments where no electrophoretic forces were used.

Valero et al. [19] reported the first microfluidic device capable of transfecting
single human mesenchymal stem cells (hMSCs) with high efficiency, while main-
taining the viability and the ability of the cell to respond to changes (factors) in its
environment. The microfluidic device contained two channels that were connected
by microholes, which acted as trapping sites for living cells. The electrodes were
positioned such that individual traps could be electrically addressed. Individual
cells were successfully electroporated, resulting in expression of GFP-ERK1, in
over 75% of the cells. Extracellular signal-regulated kinase, ERK1 is a signaling
molecule that is transported from the cytoplasm to the nucleus upon stimulation
with external factors like growth factors. In the nucleus, it functions to activate gene
transcription. Upon stimulation with fibroblast growth factor (FGF)-2, EGFP-ERK1
was translocated to the nucleus of the hMSCs, while no nuclear translocation was
shown in cells electroporated with an EGFP control vector (Figure 7.6). These results
demonstrate that the trapped cells survive the electroporation procedure and exhibit
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(a) (b)

Figure 7.6 (a) Artistic 3D impression of the microfluidic
device for single-cell electroporation and gene transfection
studies presented by Valero [19]. (b) Fluorescent image of
two trapped and transfected hMSCs; EGFP-ERK1 localized
along internal structures in the cytoplasm.

biological responses, as shown by others [57, 58]. Moreover, they found indications
that protein transport occurs via internal structures in the cytoplasm, possibly actin
filaments, indicating that the single-cell experiments can yield information about
the mechanism of ERK1 nuclear transport.

7.3
Single-cell Electrofusion in Microfluidic Devices

There are a number of methods for carrying out fusion of cells such as chemical
(use of polyethylene glycol; PEG) [59, 60], biological (using viruses or receptors)
[27, 61], or physical (the use of focused laser beams [62, 63] or applying PEFs [64,
65]). Of these methods cell electrofusion has gained popularity due to its ease of
implementation and high efficiency when compared to the other methods. To carry
out electrofusion, a suspension of cells (usually at a density of ∼105 cells/ml) placed
in a fusion chamber are first brought into physical contact by dielectrophoresis
using a low-amplitude (∼100–300 V cm−1), high-frequency (∼1–3 MHz) AC field.
Subsequent application of a short-duration (∼10–50 µs), high-intensity (∼1–10 kV
cm−1) electric pulse then causes a fraction of the cells that are in close contact to
fuse [66]. One of the main drawbacks of this method is therefore the inability of
manipulating and fusing cell pairs selectively since it relies in random cell–cell
pairing. Moreover, low overall fusion efficiencies are achieved and require antibiotic
selection and lengthy subculturing to isolate the desired hybrids. Improving the
process of cell fusion not only depends on the mechanism used for initiating
membrane fusion but also on controlling how the cells are brought into contact
and properly paired. Single cells can be manually immobilized and paired [67]
giving precise fusion partners, but this work is tedious and time consuming and
results in low throughput of fused cells.
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Microfluidic systems provide and attractive and versatile platform for the manip-
ulation, isolation, and transport of selected cells prior their electric field–induced
fusion.

There have been previous attempts to take advantage of microfluidics for cell
pairing, using either flow-through or immobilization techniques to improve cell
contact. Flow-through approaches, in which cells are brought into contact through
alternating current fields or biotin–streptavidin coatings, demonstrate that higher
membrane fusion efficiencies can be achieved [68–71]. A brief description of these
devices is given below.

Tresset et al. [69, 70] describe a microdevice comprising heavily doped silicon
electrodes sealed between glass substrates, where femtoliter lipid vesicles encap-
sulating a fluorescent marker could be aligned, porated, and fused (Figure 7.7a).
They envision this technology as a flexible alternative to emulsion-based methods
of drug and molecule compartmentalizations for complete analysis.

Wang and Lu [71] reported on a microfluidic platform for cell-to-cell electrofusion
using a common direct current power supply. In their method, the cells were first
conjugated based on biotin–streptavidin interaction, and electrofusion was then
conducted by flowing the linked cells through a simple microfluidic channel with
geometric variation (Figure 7.7b–c) under continuous direct current voltage.

Techaumnat et al. [72] presented the use of electric field constriction created
by a microfabricated structure made of SU-8 and PDMS to realize high-yield
electrofusion of biological cells (Figure 7.7d–e). The method used an orifice on an
electrically insulating wall (orifice plate) whose diameter is as small as that of the
cells. Owing to the field constriction created by the orifice they could induce the
controlled magnitude of membrane voltage selectively around the contact point,
regardless of the cell size. The field constriction also ensured 1 : 1 fusion even when
more than two cells were forming a chain at the orifice. Experiments using plant
protoplasts or mammalian cells show that the process was highly reproducible, and
a yield higher than 90% was achieved.

However, these approaches lack the ability to properly pair and fuse unmodified
cells, and the overall yield of desired fusions remains low. Recently, Skelley
and Kirak [73] have introduced a microfluidic device containing a dense array of
weir-based passive hydrodynamic cell traps for cell electrofusion. By combining
these cell-trapping cups and a three-step loading protocol, thousands of cells
could be immobilized and paired at once. The device provided insight into the cell
fusion process and allowed the researchers to decouple fluorescence exchange and
membrane reorganization. Since the device is also compatible with both chemical
and electrical fusion protocols, comparison of the fusion efficiencies was also
possible. The utility of this microdevice for pairing and fusing different cell types
was demonstrated for several cell lines as, for example, NIH3T3 fibroblasts (3T3s),
myeloma cells, B cells, mouse embryonic stem cells (mESCs), and mouse embry-
onic fibroblasts (mEFs), improving fusion efficiencies by up to >50%. Moreover,
fused cells maintained their viability and morphology off-chip, and reprogramming
of mEFs was observed. Therefore, this device is foreseen as innovative tool to
characterize fusion-mediated reprogramming of somatic cells (Figure 7.8).
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Figure 7.7 (a) Schematic view of the mi-
crofluidic device for electrical manipulation
of lipid vesicles [69, 70]; (1) liposomes align-
ment (AC voltage), (2) membrane breakdown
(DC pulses), and (3) hybrid vesicle forma-
tion. (b) Layout of single- and five-pulsed
microfluidic devices for cell electrofusion
with a narrow section of 50 × 40 µm [71].
(c) Fluorescent image of fused cells, between
one cell labeled by calcein AM and one

unlabeled, immediately after flowing through
the narrow section. (d) Schematic of the
microfluidic device for cell electrofusion
based on field constriction [72]. (e) Fusion
between two cells smaller than the orifice;
cells attracted to the orifice surface by dielec-
trophoresis, breakdown of membrane at the
contact point due to electric pulse and cell
released from the orifice.
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Figure 7.8 (a) Scanning electron micro-
graph of the microfluidic device for cell
capture and pairing. (b) Red and green
fluorescent image overlay of 3T3s cells
loaded and capture. (c) PEG fusion of
GFP-expressing mESCs and Hoechst-stained
mEFs. Phase-contrast images show the
status of membrane reorganization and

fluorescence overlay images and line scans
through the cells (dashed line) demonstrate
the exchange of fluorescence. (d) Electrofu-
sion of DsRed- and eGFP-expressing mouse
3T3s. Immediately after the fusion pulse,
exchange of fluorescence was observed, out-
lining the nuclei of the cells [73].

7.4
Conclusions

The combination of microfluidic devices/chips and biology is of potential benefit

in research areas such as biotechnology, life sciences, drug delivery, and so on.

In the past few years, various approaches have been developed to advance these

fields in a synergistic manner, of which microdevices for single-cell electroporation

and electrofusion are discussed here.

Owing to the successful and promising results, we predict that microfluidic

devices can be used for highly efficient small-scale ‘‘genetic modification’’ of cells
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and biological experimentation, offering possibilities to study cellular processes at
the single-cell level. Future applications might be small-scale production of cells
for therapeutic application under controlled conditions. Since the experimental
conditions for manipulation of cells in chips can be tightly controlled while
maintaining normal physiological responses, microfluidic devices offer prospects
to study dynamic processes at the single-cell level.

It is expected that integrated devices where combinations of electroporation,
separation, and analysis occur will emerge, such as devices with integrated chro-
matography, electrophoresis or isoelectric focusing steps for separation, and mass
spectroscopy, electrochemical, and fluorescent methods for analysis. Present de-
signs usually require multiple manual steps in order to insert the cells, electroporate
them, and measure the effects. Until now, no devices have been reported where
all of these steps have been integrated in an automated way, preferably with
multiple samples in parallel, which could greatly enhance the application of
microtechnological analysis.

One advantage in combining microfluidics with cell fusion is the possibility for
creating rapidly and efficiently a combinatorial library of fused (or porated) cells.
With the increasing use of monoclonal antibodies, intense efforts in proteomics
and the pressing need for a high-throughput cell-based format to screen for
drug leads, engineered cell lines with diverse yet well-controlled characteristics
will become ever more critical in these applications. Therefore, by providing a
convenient platform on which different techniques for cell fusion and poration
can be integrated easily with powerful fluidic methods for cell manipulation and
analyses, microfluidics-based cell fusion is well poised to address these emerging
challenges [66].
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Electroporative Flow Cytometry for Single-cell Analysis
Chang Lu, Jun Wang, Ning Bao, and Hsiang-Yu Wang

8.1
Introduction

Electroporative flow cytometry (EFC) combines electroporation with flow cytometric
detection. Electroporation is applied in EFC as a tool to physically process or
perturb cells at the single-cell level. Electroporation occurs when cells experience
an electrical field with the intensity beyond a certain threshold [1–3]. During
electroporation the electrical field opens up pores in the cell membrane. Such
pores allow the delivery of foreign molecules and the release of intracellular
materials from/into the surrounding solution. When the intensity and the duration
of the field applied for electroporation exceed certain thresholds, irreversible
disruption of the cell membrane, or cell lysis, occurs. Conventionally, pulsed
voltage is applied to generate the field necessary for electroporation. The most
common application of electroporation is to deliver exogenous macromolecules
such as DNA into cells in vitro and in vivo [4–6]. However, electroporation (or
electric lysis) is also applied to release intracellular materials [7–9]. The latter
application of electroporation is most relevant to the EFC assays developed so far.
In EFC, cells are detected individually during or after electroporation in the manner
of flow cytometry. Flow cytometric approach allows a definitive discrimination, cell
by cell, by sending the cells through a detection point in a carrier flow [10, 11]. In
this case, the flow cytometric detection ensures that EFC has a high throughput
that allows a cell population of reasonable size to be studied. This is critical
for ensuring that the data are reflective of the population distribution and best
simulate the in vivo results when primary materials including different cell subsets
are analyzed.

EFC is closely related to earlier work on chemical cytometry in which the
breaching of cell membrane serves as an essential step for cellular analysis [7,
8, 12–15]. There are also important differences: first, EFC does not require (as a
matter of fact, tries to avoid) complete lysis of the cells at one physical location of
the device because such a requirement often limits the throughput of the method.
Owing to this reason, in principle, EFC can have a throughput matching that
of flow cytometry (∼104 cells/s). Second, chemical cytometry emphasizes on the
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detection of intracellular molecules after lysis. In contrast, most EFC applications
discovered so far generate the results by examining the cells instead of molecules
during or after electroporation. Third, chemical cytometry is typically designed
for quantifying the expression levels of intracellular molecules at the single-cell
level. As detailed below, EFC has been applied to a variety of different problems in
molecular and cell biology that are not limited to detection of protein expression
level.

We have discovered several applications for EFC so far. One application is to
use EFC to detect intracellular protein translocation by detecting the release of the
target molecule after electroporation [16]. The basic assumption is that the difficulty
in the release of an intracellular molecule is determined by its subcellular location
and its binding to other subcellular structures. When the molecule is deep inside
cells (e.g., in the nucleus) or binds to some subcellular compartment (e.g., plasma
membrane), these situations make the release of the molecule by electroporation,
difficult. By examining how much the molecule is removed by electroporation from
an individual cell, we can deduce the subcellular location of the molecule. The other
application we found for EFC was to use it to study the deformability of cells [17].
Visible cell expansion can be easily spotted and quantified during flow-through
electroporation. Our hypothesis is that with the same electric parameters applied,
more deformable cells would expand more rapidly and more substantially during
such processes. By quantifying the cell expansion due to electroporation, we can
measure the biomechanical properties for each cell. These two applications are
focused on molecular and cell biology, respectively, with no apparent connections
with each other. Other than the above applications, which are fairly distinct from
typical chemical cytometry methods, another application for EFC that is very closely
related to chemical cytometry is to selectively release certain intracellular molecules
for analysis without complete lysis of cells in order to boost the throughput [18].
We fully expect that more applications of EFC will be discovered in the future.

8.2
Flow-through Electroporation under Constant Voltage

We demonstrated flow-through electroporation of bacterial and mammalian cells
based on constant voltage [19–22]. This technique allows flowing cells to be elec-
troporated in one or multiple sections of a microfluidic channel with reduced
cross-sectional area when a constant voltage is established across the channel.
This technique deviates from traditional electroporation technique by eliminating
the application of electric pulses. The use of constant DC voltage allows elec-
troporation to be conducted using the same electric source for electrophoresis.
This dramatically lowers the cost and logistics burden for integrated devices.
Furthermore, constant DC voltage permits uniform treatment of all cells in the
electroporation field. Such traits will be difficult when discrete electric pulses are
applied. Flow-through electroporation provides a perfect platform for coupling cell
screening with electroporation.
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Figure 8.1 The schematic of a flow-through
electroporation device. Cells were loaded
into the sample reservoir and flowed to the
receiving reservoir in a DC field. Electropo-
ration was confined in the narrow section of
the channel due to the amplified field inside.

The inset shows a microscope image of a
part of a fabricated device. The devices used
in this study have the following dimensions:
L1 = 2.5 mm, L2 = 2.0 mm, W1 = 213 µm,
W2 = 33 µm.

In flow-through electroporation, we applied geometric variation to a microfluidic
channel to create a local high field in a geometrically defined section. We controlled
the overall voltage across the channel so that only the field intensity in the defined
section would produce electroporation. We were able to adjust the duration for the
cells to be electroporated in the high field by controlling the velocity of the cells and
the length of the electroporation section.

A flow-through electroporation device in its simplest form is shown in Figure 8.1.
The devices had the following dimensions: L1 = 2.5 mm, L2 = 2.0 mm, W1 =
213 µm, W2 = 33 µm. When a constant DC voltage is applied at a conductor
(in this case, a buffer-filled channel) the potential drop at individual sections of the
conductor is proportional to its resistance within the section. Like any conductor,
the resistance within a certain section of a microfluidic channel is determined by
the conductivity, the length, and the cross-sectional area. For a channel with a
uniform depth and a varying width as shown in Figure 8.1a, the field strength E is
different in various sections. The field strength in the wide section (E1) and in the
narrow section (E2) can be calculated using the below equations:

E1 = V

2L1 + L2

(
W1
W2

) (8.1)

E2 = V

2L1

(
W2
W1

)
+ L2

(8.2)

E2

E1
= W1

W2
(8.3)

The width W2 was always much smaller than W1 in our design. This resulted in
much higher field strength in the narrow section compared to those in the other
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Figure 8.2 The image series showing the rapid release
of intracellular materials when E2 was between 800 and
1200 V cm−1. The CHO cells were loaded with calcein AM.
The images were taken at a frame rate of 33 Hz. The arrows
indicate where the width reduction occurs in the channel.

two sections when a DC field was applied across the whole length of the device.
Similar geometric variations have been shown to create local electrical fields as
high as 0.1 MV cm−1 [23, 24]. Figure 8.2 shows that electroporation (indicated by
the release of fluorescent calcein loaded in CHO cells) occurred immediately when
the cells entered the narrow section.

Flow-through electroporation devices can also have multiple narrow sections. In
that case, the treatment of cells is equivalent to applying multiple electric pulses.
Such configuration is superior to devices with single narrow (electroporation)
section when gene delivery into cells is the intended application [22]. Similar
flow-through devices can also be used for cell electrofusion [25].

8.3
Electroporative Flow Cytometry for Detecting Protein Translocation

Translocation of a protein between different subcellular compartments is a common
event during signal transduction in living cells. Integrated signaling cascades
often lead to the relocalization of protein constituents such as translocations
between the cytosol and the plasma membrane or nucleus. Such events can be
essential for the activation/deactivation and biological function of the protein.
Determination of protein translocation within cells has been traditionally carried
out using methods such as subcellular fractionation/Western blotting or imaging
of a few cells. These techniques either obtain only the bulk average information
of the population or lack the high throughput for studying each cell in a large
cell population. Conventional flow cytometry is intrinsically insensitive to the
subcellular location of the probed protein. Laser scanning cytometry (LSC) has been
used for quantifying nuclear/cytoplasmic distribution of a fluorescently labeled
protein based on solid-phase cytometry technique [26–28]. However, LSC is not
particularly effective for observing cytosol/membrane translocation. The algorithm
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of quantification based on image analysis is complex and lacks robustness. More
importantly, the throughput of LSC is typically less than 100 cells/s, compared to
104 cells/s offered by flow cytometry [29].

One important application established for EFC is to detect protein translocation in
cells [16]. Compared to the above techniques, EFC has both the high throughput and
the single-cell resolution to study translocation in a cell population. EFC detects
protein translocation based on the principle that the release of an intracellular
protein from cells by flow-through electroporation is sensitive to the subcellular
location of the protein. When the protein is deep in the cell (e.g., in the nucleus) or
binds to certain subcellular compartments, its release by electroporation is slowed
down or prohibited. We studied the case of the kinase Syk translocating from the
cytosol to the plasma membrane using EFC. The protein-tyrosine kinase, Syk, is
a prime example of a protein that translocates to the plasma membrane as part
of its role in signal transduction. Syk is essential for the survival, proliferation,
and differentiation of B lymphocytes, processes regulated by signals sent from the
cell surface receptor for antigen (B cell antigen receptor (BCR)) [30, 31]. Syk is the
prototype kinase of the Syk/Zap-70 family [32, 33]. In mature B cells, clustering
of the BCR by interactions with antigens (or artificially through interactions with
anti-IgM antibodies) leads to recruitment of Syk to the aggregated BCR, which binds
to the phosphorylated receptor through a tandem pair of N-terminal SH2 domains
and couples the receptor to multiple intracellular signaling networks including the
Ras/Erk, phospholipase Cγ /NF-AT, and PI3K/Akt pathways [34, 35]. In the case
of Syk translocation to the plasma membrane, because a fraction of Syk moves to
bind to the surface receptor, the release of the kinase due to electroporation is less
from cells with translocation than from those without translocation.

We studied the release of enhanced green fluorescent protein (EGFP)-tagged Syk
from chicken DT40 cells with different activation states using microfluidic EFC
[16]. As shown in Figure 8.3, we applied the flow-through electroporation technique

Laser focal volume

Cell movement Cells without
translocation

GND

Cells with
translocation

Release of labeled
protein

Figure 8.3 The schematic of microfluidic
EFC for studying kinase translocation from
cytosol to plasma membrane. Cells are elec-
troporated and intracellular materials includ-
ing fluorescently labeled kinase are released

in the narrow section of the channel before
laser-induced fluorescence intensity from
each cell is measured. The protein distribu-
tion in the cells with and without transloca-
tion is exaggerated in the drawing.
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that electroporated single cells when they flowed through the narrow section of
the channel. The horizontal channel was composed of two wide sections and one
narrow section with the depth of the whole channel being uniform. When a constant
DC voltage was established across the channel, the field strength in the narrow
section was approximated to be 10 times higher than in the wide sections due to
the difference in the cross-sectional area (E2/E1 = W1/W2) [20, 21]. Electroporation
exclusively occurred in the narrow section because the field intensity in the wide
sections was too weak to compromise the cell membrane [20, 21]. The cells flowed
through the horizontal channel carried by a pressure-driven flow generated by
a syringe pump. In order to screen cells at the single-cell level, hydrodynamic
focusing was applied by having the buffer flow into the horizontal channel from
the two vertical channels at equal flow rates (supported by a second syringe pump).
The duration for cells to stay in the narrow section (the electroporation section) of
the channel was determined by their velocity and the length of the section. The
velocity of cells here was determined by the infusion rate of the syringe pump with
little influence from the electric field. We had one detection point at the exit of the
electroporation section where we measured the fluorescence from single cells after
the release of EGFP-tagged Syk due to electroporation.

Syk translocation from the cytosol to the plasma membrane was well-established
by biologists using cellular fractionation/Western blotting and fluorescence imag-
ing [36, 37]. Syk coupled to EGFP (SykEGFP) expressed in Syk-deficient chicken
DT40 cells has been shown to respond to anti-IgM antibody stimulation by translo-
cating from cytoplasmic and nuclear compartments to the cross-linked BCR at the
plasma membrane [37]. In the absence of Lyn, the receptor–Syk complexes can
persist at the inner side of the plasma membrane without being internalized for
more than 1 h at 37 ◦C [37]. In our experiment, we examined SykEGFP-expressing
chicken DT40 cells lacking both Syk and Lyn (SykEGFP-DT40-Syk−-Lyn−) to ensure
that the localization of Syk at the plasma membrane lasted long enough for us to
finish the tests. The cells were stimulated at room temperature (22 ◦C) by anti-IgM
antibody. The translocation was confirmed by cellular fractionation/Western blot-
ting. A small fraction (∼17%) of SykEGFP moved from the cytosol to the plasma
membrane after the stimulation as shown by Western blotting. This represents a
delicate, but significant change in the state of the cells.

Using the device in Figure 8.3, we were able to establish histograms of the
fluorescent intensities from single cells after their electroporation and release of
intracellular molecules, for cell populations with or without anti-IgM stimulation
and translocation. Such histograms were taken with various field intensities and
durations in the electroporation section. Figure 8.4 shows histograms of the
fluorescence intensity from cell populations treated under different conditions
and electroporated under different electrical parameters. In each histogram, the
y axis shows the percentile frequency of detection and the x axis represents the
fluorescence intensity (in channels). In Figure 8.4a, we show the histograms of
the fluorescence intensity generated by the cell samples stimulated by anti-IgM
(black) and those that were not stimulated (grey), in the microfluidic EFC device.
The cells stayed in the narrow section for around 120 ms. When we increased
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Figure 8.4 The histograms of the fluo-
rescent intensity of DT40 cells detected
by the microfluidic EFC under different
electric field intensities and durations.
SykEGFP-DT40-Syk−-Lyn− cells were applied
in (a) and (b), while calcein AM stained
DT40-Syk−-Lyn− cells were used in (c).
The black curves were generated by cells

stimulated by anti-IgM (with translocation)
and the grey curves were obtained from cells
without stimulation/translocation. The data
in (a) and (b) were obtained with different
electroporation durations of 120 and 60 ms,
respectively. The duration in (c) was 60 ms.
The field intensity in the narrow section is
indicated for each histogram.
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the field intensity in the narrow section from 0 to 900 V cm−1, the fluorescence
intensity of the cell population (stimulated with anti-IgM or not) shifted to the
lower end. The translocation did not make any difference in the histogram until the
field intensity increased to 600 V cm−1. At this field intensity the two histograms
did not totally overlap and the stimulated cell population had a slightly higher
fluorescence intensity compared to that of the other population without stimulation
and translocation. This difference increased further when we increased the field
intensity to 700 and 800 V cm−1. At 900 V cm−1, the two histograms overlapped
again. To observe the effects of the duration of time spent in the electroporation
field on the release of SykEGFP, we applied a microfluidic EFC device with a
shorter narrow section. With the flow rates kept the same as in the previous
experiment, the electroporation duration before detection was only half of that in
the first experiment under the same field intensity. Figure 8.4b shows that the
two histograms from the cell populations with and without stimulation overlapped
very well up to 700 V cm−1. Difference between the two histograms started to show
up at 800 V cm−1 and reached a maximum at around 1000 V cm−1 before the two
histograms were not distinguishable again at 1100 V cm−1. Compared to the data
in Figure 8.4a, with the electroporation duration at one half, a higher field intensity
was needed to achieve a similar level of differentiation between the stimulated cell
population and the unstimulated one. In Figure 8.4a and b, the difference between
the two cell populations was the most pronounced in the medium range of the
field intensity. Such a difference was not present without the electric field and it
diminished at very high field intensity. To confirm that such differentiation was
not caused by the interaction between the plasma membrane and the antibody,
we also performed the same experiment with DT40-Syk−-Lyn− cells that were
not labeled by expression of SykEGFP, but were instead stained with calcein AM.
In live cells, the nonfluorescent calcein AM is converted to green fluorescent
calcein, after acetoxymethyl ester hydrolysis by intracellular esterases. As shown in
Figure 8.4c, we did not observe a significant difference between the cell population
with added anti-IgM and the population without the antibody at any field intensity.
This confirms that the differentiation was closely related to the translocation of
SykEGFP.

Figure 8.5 shows the mean fluorescence intensity of the cell populations plotted
against the field intensity for all the three experiments in Figure 8.4. It was
found that the optimal field intensities for detecting translocation to the plasma
membrane in a cell population was around 700 and 800 V cm−1 with a duration of
120 ms or 1000 V cm−1 with a duration of 60 ms (significantly different at P < 0.01).

Phase contrast images after the tests confirmed that the plasma membrane
of the cells had no significant fragmentation. The throughput we achieved was
∼150 cells/s. Our data indicate that the electroporative release of an intracellular
kinase is closely related to the activation state of the cells and whether translocation
occurs. Although there is only a small fraction of the kinase engaging in such
translocation (∼17% based on Western blotting), such a change can be readily
recognized by EFC. The diminishing of the differentiation at the high field
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Figure 8.5 The variation of the mean
fluorescence intensity value of the cell
population at different field intensities
with and without stimulation by anti-IgM.
SykEGFP-DT40-Syk−-Lyn− cells were applied
in (a) and (b), while calcein AM stained
DT40-Syk−-Lyn− cells were used in (c).
The data in (a) and (b) were obtained with

different electroporation durations of 120 and
60 ms, respectively. The duration in (c) was
60 ms. The error bars were generated by car-
rying out the experiments in triplicate. (*)
indicates significant difference at P < 0.01,
calculated using unpaired t test with equal
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intensities is possibly due to the dissociation of bound Syk from the plasma
membrane due to Joule heating or excessive poration.

Detecting kinase translocation using EFC may find important applications
not only in basic molecular biology studies but also in drug discovery. Owing
to the frequent involvement of kinase activation in cancer development and
tumorigenesis, kinase inhibitors are an important category of cancer drugs (e.g.,
Gleevec by Novartis). Depending on the kinase being targeted, the response of
a cell population to these kinase inhibitors can be evaluated using EFC when
translocation is a requirement for the activation of the kinase.

8.4
Electroporative Flow Cytometry for Measuring Single-cell Biomechanics

Differences in biomechanical properties have important implications for cell signal-
ing, cytoadherence, migration, invasion, and metastatic potential. The cytoskeleton,
the internal scaffolding comprising a complex network of biopolymeric molecules,
provides the framework of cells that determines the shape and mechanical de-
formation properties. Mammalian cells typically contain three distinct types of
polymeric biomolecules in the cytoskeleton: actin microfilaments, intermediate
filaments, and microtubules [38]. Disease development can often dramatically af-
fect cell biomechanics. For example, the structures of the cytoskeleton and the
extracellular matrix are often transformed by cancer [38, 39]. During the cell’s
progression from a fully mature, postmitotic state to an immortal cancerous cell,
the cytoskeleton experiences a reduction in the amount of constituent polymers
and accessory proteins and a restructuring of the biopolymeric network [38–42].
The altered cytoskeleton also changes the ability of cancer cells to contract or
stretch, which determines the mechanics of deformation. In general, malignant
cells exhibit lower resistance to deformation than normal cells. Metastatic cancer
cells are even more deformable than nonmetastatic cells.

There have been a number of tools developed over the years for measuring
the mechanical properties of cells. Early techniques such as filtration [43] or
micropipette aspiration [44–46] were used to study cell deformation based on
suction of cells into capillaries or pores. It was found that a direct correlation existed
between an increase in deformability and progression from a nontumorigenic cell
to a tumorigenic and metastatic cell [43, 46]. Atomic force microscopy (AFM) can
be used to probe an attached cell by applying a local force and measuring local
structural properties using a hard indentor [47–49]. AFM was used to study both
cell lines and primary cells and the results showed that a normal cell has a Young’s
modulus 1 order of magnitude higher than a cancerous one [47, 50]. Magnetic
tweezers can also be applied to study the viscoelastic properties of a cell by attaching
magnetic beads onto the cell surface and applying magnetic forces while tracking
the bead location [51–53]. In microplate manipulation, a cell can be seized between
two microplates with the more flexible one serving as a sensor of the applied force
while unidirectional compression and traction is applied [54–56]. Optical tweezers
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can also be applied to the studies of cell elasticity and mechanotransduction by
manipulating beads attached to the cell surface [57–59]. Arrays of microneedles
were fabricated to map cell forces [60–62]. Microfabricated devices and sensors
were used to apply forces and study cell biomechanics [63]. Several methods
have recently been developed for high-throughput studies. A microfluidic optical
stretcher was used to examine the elasticity of cells in a continuous flow at
a throughput of 1 cell/min [64, 65]. The behavior of cells squeezing through
microfluidic channels with a cross-sectional area smaller than that of the cells can
be monitored for characterizing cell deformability [66, 67]. On the basis of this
mechanism, a throughput of 50–100 cells/min was recently demonstrated [67].

In our recent work, we applied EFC to study cell biomechanics at the single-cell
level with a throughput of 5 cells/s. This represents a high-throughput approach
to study cell biomechanics in a large cell population. The throughput can be
further improved by using a faster camera. We noticed from our earlier work on
flow-through electroporation that cells expanded rapidly in their size once they
flowed into the electroporation section of a microfluidic device [20, 21]. This is
generally believed to be due to the influx of the surrounding solution into cells after
the cell membrane is compromised by electroporation [68]. We hypothesized that
how rapidly a cell expanded due to electroporation correlated with the deformability
of the cell. Thus, by observing the swelling of flowing cells during electroporation,
we would be able to measure the cell biomechanics at the single-cell level.

To test the hypothesis, three cell types with increasing metastatic potential
and deformability (MCF-10A, MCF-7, and 12-O-tetradecanoylphorbol-13-acetate
(TPA)-treated MCF-7) were screened by microfluidic EFC with a throughput of ∼5
cells/s. MCF-10A is a nontumorigenic epithelial cell line derived from benign breast
tissue. These cells are immortal, but otherwise normal, noncancerous mammary
epithelial cells. MCF-7 is a corresponding line of human breast cancer cells
(adenocarcinoma) obtained from the pleural effusion. These cells are nonmotile,
nonmetastatic epithelial cancer cells. TPA-treated MCF-7 cells were generated by
treating MCF-7 cells with 100 nM TPA for 18 h. The treatment of MCF-7 cells
using TPA introduces a dramatic increase (18-fold) in the invasiveness and the
metastatic potential of these cells according to the literature [69]. The swelling of
single cells was monitored in real time during their flow-through electroporation
using a CCD camera with a frame rate of 16 frames/s. As shown in Figure 8.6,
in EFC experiments, cells flowed through a microfluidic channel with a narrow
section at the center, while constant voltage was established across the channel.
Electroporation and swelling occurred when cells flowed into the narrow section.
We used a CCD camera to record time series of images of cells after they flowed
into the entry of the narrow section. In most cases, visible expansion in the cell
size was observed immediately after a cell entered the narrow section (as shown in
the inset image of Figure 8.6).

We studied the swelling of these three cell types with field intensities of 200,
400, and 600 V cm−1 in the narrow section and recorded the percentile cell size
change during the first 200 ms after the cells flowed into the narrow section. With
the field strength of 200 V cm−1, there was essentially no expansion in the cell
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Figure 8.6 The schematic of microfluidic
EFC for single-cell biomechanics studies.
Electroporation occurs in the narrow section
of the microfluidic channel when cells flow
through. The depth of the channel was 32
µm and the widths of the narrow and wide
section(s) were 58 and 392 µm, respectively.
A constant voltage was established across

the channel. A CCD camera monitored a
part of the narrow section including the
entry. The inset image shows the cell size
change of the same cell (MCF-7) at different
time points flowing in the channel with the
field intensity of 400 V cm−1 in the narrow
section.

size during the 200-ms period for all three cell types, due to the fact that the field
intensity was lower than the electroporation threshold. With the increase of the
field strength to 400 V cm−1, all three cell types were observed to swell substantially
with TPA-treated MCF-7 swelling the most and MCF-10A cells the least. At 192 ms
after entering the narrow section, the average size of MCF-10A cells increased to
126% of their original size, while MCF-7 and TPA-treated MCF-7 cells increased
to 148 and 170%, respectively. With a further increase of the field strength to
600 V cm−1, the difference among the cell lines diminished despite the fact that
each cell type swelled more rapidly than at 400 V cm−1.

Our approach allowed us to obtain data on the swelling of each cell in a population
and put together a histogram describing the cell population. In Figure 8.7, we show
that, based on the percentile swelling of a small population of cells under a set
of optimized conditions (with 400 V cm−1 in the narrow section and at 192 ms
after electroporation), we were able to establish histograms that differentiated
the cell types. We fit the histograms using normal distributions and the data
yielded statistically significant differences between any two cell types. The results
indicated that the more malignant and metastatic cell type had higher deformability.
Although the average cell size increased substantially during the electroporation
for all three cell types, about 15% of MCF-10A cells and 4% of MCF-7 cells
actually decreased in their size (smaller than 100%) as shown in the histograms.
In this case, the release of intracellular materials decreased the cell size when
the swelling due to the influx was not pronounced for some cells. Such a feature
would not have been visible if the cells were not examined at the single-cell
level.
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Figure 8.7 Histograms on the swelling of MCF-10A, MCF-7,
and TPA-treated MCF-7 cells under the field intensity of
400 V cm −1 (in the narrow section) and at the time point
of 192 ms. Each histogram includes data from ∼100 cells.
The curves were added based on the assumption of normal
distribution for each population.

We also found that the treatment of cells with cytoskeleton-disrupting reagents
(e.g., colchicine) substantially varied the EFC data [17]. This confirmed that the
EFC data were reflective of the cytoskeletal dynamics and properties.

EFC offers the unique advantage of studying a cell population by collecting data
on the biomechanical properties of single cells given its high throughput. Owing to
the relevance of cell biomechanics to disease processes such as tumorigenesis, EFC
has the potential to become a powerful tool for studying the cell biology involved
in these processes.

8.5
Electroporative Flow Cytometry for Selectively Releasing and Analyzing Specific
Intracellular Molecules

Single-cell analysis based on released intracellular materials or chemical cytometry,
typically requires disruption of the cell membrane and release of the intracellu-
lar contents before the intracellular molecules are analyzed by tools such as
electrophoresis. Chemical cytometry represents a very powerful approach that pro-
vides the molecular signature of the intracellular contents at the single-cell level.
However, chemical cytometry is largely limited by its throughput (<100 cells/min),
due to the fairly low speed for both cell lysis and electrophoresis [9].
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We recently showed that EFC might offer rapid analysis of specific intracellular
molecules at the single-cell level by selectively releasing one or a group of intra-
cellular molecules under particular flow-through electroporation conditions [18].
Different intracellular molecules can be released under different sets of electropo-
ration conditions (e.g., different field intensities and durations) and get analyzed.
By having different release ‘‘thresholds’’ for various molecules, flow-through elec-
troporation serves as a tool to separate intracellular molecules from one another
in EFC, playing the role of electrophoresis in chemical cytometry. Such analysis of
intracellular molecules (still occurring at the single-cell level) can have a very high
throughput (∼200 cells/s) as we demonstrated.

As a proof-of-principle, we examined the release of calcein (MW ∼600) and a
protein kinase, Syk (72 kDa, tagged by EGFP) from B cells during EFC using a
device similar to the one in Figure 8.3. We found that the electroporation-based
release occurred quite differently for the two molecules, calcein and SykEGFP.
SykEGFP required higher field intensity for its electroporative release than calcein,
presumably due to the fact that the molecular size of SkyEGFP is significantly
larger than that of calcein, and the higher field intensity creates larger pores in the
membrane [70].

When cells contained both calcein and SykEGFP (calcein AM loaded
SykEGFP-DT40-Syk− cells), we were able to selectively release calcein first, without
releasing SykEGFP, by tuning the electrical parameters. As shown in Figure 8.8,
the histogram generated by the cell population containing both SykEGFP and
calcein was located at substantially higher fluorescent intensity than that of the
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Figure 8.8 Comparison between the histograms of
fluorescent intensity generated by calcein AM loaded
SykEGFP-DT40-Syk cells (black) and those generated by
SykEGFP-DT40-Syk cells (gray) under different electric field
intensities with the duration of 100 ms.



References 139

cell population containing only SykEGFP, when the examination was taken at
0, 200, and 400 V cm−1. However, the two histograms overlapped when the field
intensity was increased to 600 V cm−1 and beyond, since calcein was depleted
from the cells at this field intensity and duration before the release of SykEGFP
started at 800 V cm−1. In this case, the selective release of intracellular molecules
during electroporation allowed us to single out one type of molecule each time at
the single-cell level by tuning the electrical parameters. When combined with a
proper detection method, the released molecule can be potentially analyzed at the
single-cell level as demonstrated in previous work [71, 72] and different molecules
can be analyzed under different operational conditions.

8.6
Conclusions

EFC is a newly emerging technique for examining cells by combining flow-through
electroporation with flow cytometry. It has been used to detect protein translocation,
measure cell biomechanics, and selectively analyze specific intracellular molecules
with high throughput. In EFC, electroporation provides a powerful means to break
the membrane barrier for access of intracellular molecules or rapid perturbation
of the cell state. More applications of EFC remain to be discovered. EFC will find
important applications in basic molecular and cell biology research, diagnosis and
staging of diseases, and drug discovery.
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9
Ultrasensitive Analysis of Individual Cells via Droplet
Microfluidics
Robert M. Lorenzand Daniel T. Chiu

9.1
Introduction

The cell is the fundamental unit of biology, which spans all levels of life from
simple single-cell to complex multicellular organisms, and accordingly serves the
dual purposes of structure and function. There exists a variety of techniques capable
of examining cells on an individual level, such as capillary electrophoresis (CE) [1],
flow cytometry [2], fluorescence microscopy [3], electrochemical detection [4], mass
spectrometry [5], and nuclear magnetic resonance imaging [6] to name a few. Each
technique has its own strengths and weaknesses with regard to the nature of the
desired measurement. Some of these techniques, such as microscopy, give spatial
information or the physical distribution of analytes, while other techniques, such
as mass spectrometry, yield the chemical identities from cellular samples. We have
chosen the use of droplet microfluidics for our single-cell studies because of the
advantages droplets offer in sample handling.

In this chapter, the particular experimental requirements, such as handling
exceedingly small volumes and detecting miniscule amounts of analyte, necessary
for working with individual cells and droplets have been discussed. Furthermore,
how microfluidics, particularly droplet-based microfluidics, is especially well suited
to meet the needs presented by single-cell analysis is described, and the ways
droplets are generated, methods for controlling the interior droplet environment,
encapsulation of cells within droplets, and optical methods for control and sensitive
detection have been covered.

9.2
Droplet Properties

With a multitude of techniques and applications developed since the late 1980s, the
field of microfluidics has become a mature area of research for studying small-scale
phenomena in a fluid environment [7], and has even been used to study single cells
in restricted volumes [8]. One particularly exciting subarea of microfluidics, termed,
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droplet microfluidics, has significantly grown due to its demonstrated usefulness
with handling very small samples, in a high-throughput manner [9–12]. The utility
can be seen with applications such as protein crystallization, biological assays, and
encapsulation of reagents.

A droplet consists of a small volume of aqueous fluid that is surrounded by
an immiscible oil; when working with cells, the aqueous phase is a biological
buffer or the appropriate growth media for the cell type. There exists more variety
with respect to the oil, natural oils (soybean oil), organics (decanol and mineral
oil), silicone oil, and fluorinated oils, being used. Additionally, surfactants are
commonly used to aid in formation and stabilization of the droplets.

The primary challenges of single-cell studies are interfacing with the sample and
detecting the desired analyte. Common cellular sample preparations, whether from
collected tissues or grown in culture, work with macroscopic portions, and are on
the order of tens of thousands to millions of cells. A reduction in handled sample
size is not feasible with current preparation protocols. Also, there is a significant
challenge presented by the limited amount of analyte to be detected [13]: an average
mammalian cell with a diameter of 10 µm comprises a total volume of∼500 fl.
Highly sensitive detection schemes are needed to accommodate this, especially
when a protein or biomolecule of interest makes up only a miniscule fraction of
the total cellular volume. To further exacerbate the problem, if the cell is lysed in
the interest of detecting the contents, the analytes are subject to rapid dilution and
further reduction of sample concentration.

Droplet microfluidics addresses these issues by encapsulating the cell, thereby
defining the local environment. Furthermore, encapsulation provides a ‘‘handle’’
by which the droplet sample can be mixed with labeling or fixing reagents, moved,
sorted, and collected. Dilution of the sample is also prevented, and can even be
concentrated to aid in signal detection.

9.3
Droplet Generation

There are two primary methods for creating droplets: streaming and discrete droplet
generation. Streaming droplet generation, or continuous droplet generation, is best
suited for high-throughput applications, due to the fact that droplet streams are
created on the order of hertz to kilohertz, allowing a great many samples to
be potentially processed. The two main architectures for achieving such a rapid
generation are known as the T-channel or T-junction and flow focusing [14].

The T-channel design comprises a primary channel through which flows the
inert carrier fluid (silicone or another oil); perpendicular to the primary channel
is the aqueous channel that supplies the sample to be encapsulated. As seen in
Figure 9.1, the oil supplies a shearing force that continuously forms aqueous
droplets; moreover, the interfacial tension between the two liquids, as well as
their relative flow rates, determines the frequency and size of formed droplets
[14, 15].
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1

2 100 µm

Figure 9.1 Image showing a microfluidic T-junction
and the generation of a steady-state stream of aque-
ous droplets.(Reproduction from [12], Copyright 2009 by
American Chemical Society.)

Flow focusing–based droplet generation consists of an aqueous flow channel
that is sandwiched between two parallel oil channels, where the three streams
converge at an orifice, and the oil streams compress and destabilize the aqueous
thread to form a droplet train. With fast oil and aqueous flow rates, the unstable jet
creates droplets with diameters that are proportional to the aqueous jet diameter.
Conversely, slower flow rates produce dripping, where the droplet diameter is
smaller than the orifice, and droplet diameter decreases as a function of decreasing
flow-rate ratio [14, 16].

Discrete or discontinuous droplet generation consists of creating individual
droplets on demand, in a determined location. This bestows a benefit of enhanced
control over how the droplet is utilized; the stationary droplet can easily be left in
the initial position or moved for detection, as well as manipulated (i.e., fused with
another droplet to add labeling reagents or reactive substrates). This technique is
well suited to working with limited samples and long duration detection schemes,
such as those found with single-cell samples.

One technique for discrete droplet generation is achieved with pressure pulses
[17]. As seen in Figure 9.2, a stable interface between the aqueous and oil phase
is maintained at the opening between an inlet channel and the central chamber.
A pressure pulse is applied via a precision microinjector and the aqueous phase
advances toward the main chamber, where it protrudes with a hemispherical shape
that eventually detaches from the neck of the aqueous ‘‘finger,’’ thereby forming a
droplet. This process can be repeated from different inlets to produce droplets with
a variety of encapsulated contents for multistep sample preparations.

In addition to using pressure, droplets can be generated using an applied electric
field (18, 19). With this method, a short duration (milliseconds) high field (kilovolts)
is applied across the water–oil interface, with the result of an aqueous jet being
formed. The jet breaks into droplets due to Rayleigh instability, with the droplet
size being a function of the amplitude and duration of the applied pulse, as well as
the channel dimensions that define the interface.
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Figure 9.2 (a) Schematic depicting
single-droplet generation. The inset shows
the inlets with aqueous solutions (Aq.)
of different chemical compositions; Org,
organic oil phase. (b–g) Images showing
the generation of a water droplet. The aque-
ous and immiscible phase initially formed a
stable interface at the opening of the inlet
channel (b). By increasing the pressure of

the aqueous phase (c and d), a droplet is
formed at the inlet opening, and by quickly
reducing the backing pressure of the aque-
ous phase (e and f), the aqueous neck
shrinks, which led to the break off of the
droplet (g). The scale bar is 4 µm. (Repro-
duction from [17], Copyright 2006 by Ameri-
can Chemical Society.)

9.4
Cell Encapsulation

Although it is possible for clusters of cells or even multicellular organisms [20]
to be encapsulated in droplets, there is a focus to have only one cell per droplet
[21–25], to better characterize and understand the information gleaned from
downstream processing: derivatization, sorting, and detecting. When an aqueous
droplet is generated, whatever comprises the dispersed phase (buffer, nutrients,
and suspended cells) becomes confined in the volume defined by the droplet
boundary, thereby granting incredible control over a cell’s local environment.
With the appropriate conditions such as a gas permeable oil (fluorinated oil), a
biocompatible surfactant, and a large enough surrounding volume of buffer, cells
can replicate in droplets [26] or be collected later for culture [27].

Encapsulated cells are surrounded by an aqueous envelope of media or buffer,
and depending on the nature of the desired experiment, the volumes can range from
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Figure 9.3 Two sequences of images show-
ing a B lymphocyte being encapsulated in an
aqueous droplet. (a) The cell is transported
to the interface by bulk fluid flow in the
aqueous channel. (b and c) The droplet is
sheared off creating a droplet encapsulated

cell (d). Scale bar represent 30 µm for (d).
(e–h) Closer view of encapsulating a single
B lymphocyte. An optical trap was used to
place the cell at the interface in (f). (Repro-
duction from [28, 29], Copyright 2005 and
2007 by American Chemical Society.)

nanoliters down to femtoliters; we match the droplet volume closely (picoliters)
to the cell size to minimize sample dilution. Figure 9.3 shows the encapsulation
process for both streaming and on demand: once a cell is at the interface, the
droplet is sheared off with the cell inside, with the process being continuous and
not all droplets containing cells. For guaranteed cell encapsulation, an optical trap
can be used to position the cell at the interface, as seen in Figure 9.3e and f. The
cell, cellular secretions, and any chemicals the aqueous solution contains are also
encapsulated. These metabolic products and cellular material itself can be used in
droplet for fluorescence readout or be introduced to another sensitive detection
scheme, both of which are described later in the chapter.

9.5
Droplet Manipulation

When using droplets to confine cells, physical control over the droplet is important:
to gain information, it is necessary to move the sample to a detection area, or to
further interact with the sample by adding or removing contents from the droplet.
There are a number of ways to apply force to droplets to satisfy the previously
mentioned needs: hydrodynamic flow [30], dielectrophoresis [31], thermal gradients
[32], and electrowetting [33] are some of the ways by which droplets can be moved.
For this work, the technique of optical trapping to manipulate droplets has been
chosen [17, 28, 34–39].

Optical trapping, also known as optical tweezers, takes the advantage of radiation
pressure, or the force exerted on an object when exposed to photons (light).
By focusing laser light through a high numerical aperture (NA) objective, a
high-intensity-gradient region is created at the laser focal volume. This intensity
gradient exerts a force on objects that have a higher refractive index than the
surrounding medium [36]. Because it is generated by a laser, the optical trap
seamlessly integrates with the transparent materials used for microfluidic devices
and the microscope optics used for imaging and detection.
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Although common, optical tweezers are not the best trap for aqueous droplets
in oil. Aqueous droplets are not trapped by the standard single-beam gradient trap,
due to the refractive index of water being lower than the surrounding oil (except for
the case of fluorinated oils, which presents other challenges), thereby producing
a repulsive instead of attractive force [17]. Our solution was to employ a Laguerre
Gaussian trap (Figure 9.4), commonly referred to as a vortex trap (17, 37). This trap is
created by sending the laser beam through a computer generated hologram (CGH),
which changes the phase of the propagating light beam. This screw dislocation
of the phase results in a trap with a torroidal region of intensity and a dark core.
Aqueous droplets are trapped in the dark core, with the added benefit of the trap
inhibiting unwanted droplet fusion by acting as a repellant force field [37].

Given that droplet fusion is necessary for work with encapsulated cells, a method
to fuse droplets in a controlled manner using the vortex trap was developed
[37]. First, two traps were generated by sending the trapping beam through a
polarization beam-splitting cube. Next, a dove prism to break the symmetry of the
beams was used, followed by lateral translation of the CGH with respect to the
beam, to partially open the traps. The trapped droplets appear to follow the dark
core movement, until the opening in the trap brings the droplets into contact and
coalescence. This technique provides complete control on droplet positioning, as
well as droplet fusion, which is important in the preparation of droplet samples for
reaction and readout.

Besides using optical vortex traps to manipulate droplets, hydrodynamic flow to
move and trap droplets was also used [40]. When working with more than one
sample, it is useful if the other samples can be stored, for later use. Droplet docking

Nd:YAG laser
1064 nm

Holographic
beam-shaping

optics

(b) (c) (d) (e)

(a)

Figure 9.4 (a) The vortex trap was formed
by sending a Gaussian laser beam (TEM00)
through a microfabricated hologram to form
the Laguerre Gaussian (LG) beam, or opti-
cal vortex, after which the desired LG mode
was selected and spatially filtered, then used
for vortex trapping. The arrow indicates
the trapping position of a droplet in the

vortex trap. (b–e) Images depicting the trap-
ping and translation of an aqueous droplet
(in focus). The arrow denotes the direction
of translation of the vortex trap, illustrated
using the surface bound droplet in the top
left as a reference (out of focus). The scale
bar in (b) represents 10 µm. (Reprinted with
permission from [34].)
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is a way to spatially index samples based on the order of filling, so that sequential
individual observation, or simultaneous observation, is possible (Figure 9.9h).
Additionally, docking is a suitable option if optical trapping is not available.

9.6
Droplet Concentration Control

While it is possible to set the initial concentrations of chemicals in the aqueous
phase, we have discovered another way to control droplet–content concentration by
using the vortex trap [34, 35]. Besides trapping aqueous droplets, the vortex trap can
be used to modulate the droplet volume, which effects a change in concentration
within the droplet. As can be seen in Figure 9.5, the droplet is trapped in the
dark core. There is a slight overlap of the trap with the interface of the droplet,
where the droplet is slightly heated (≤1 K) with the use of a laser beam. This gentle
heating increases the solubility of water in oil, in a small localized region, which
results in droplet shrinkage. Droplet shrinkage in oil for concentration has also

(b)

(a)

0.8

0.4

0.0
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Figure 9.5 (a) Fluorescence images of an
aqueous droplet containing ∼100 µM dye
(Alexa 488) as the droplet went through
one cycle of shrinkage and expansion. The
scale bar represents 3 µm. (b) Plot of nor-
malized fluorescent intensity per unit volume
versus the respective reciprocal volume,
depicting species conservation; the insets

illustrate the change in the trapping po-
sition of the droplet (arrow) in the axial
direction as the droplet changes in volume.
(c) Images showing three consecutive cycles
of droplet shrinkage and expansion, which
demonstrates the reversibility of the effect.
The scale bar represents 5 µm. (Reprinted
with permission from [34].)
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been demonstrated without the need of a trap [41]. Upon turning the trap off, the
droplet cools and regains volume. This process can be repeated many times over,
and can even be used to enlarge a droplet (the droplet to be enlarged is placed in
the vicinity of a droplet that is shrunk with the trap).

The encapsulated biomolecules do not partition into oil due to their high ionic
charge or molecular weight, which has allowed us to see orders of magnitude
sample enrichment. An additional benefit is that the slight temperature change
(≤1 K) does not damage entrapped cells or small molecules. Overall, this technique
provides a great method for controlling sample concentrations, a unique feat, which
would be very challenging to achieve on a larger scale.

9.7
Temperature Control of Droplets

Besides using optical traps to manipulate droplet concentrations and locations,
thermoelectric devices to adjust the temperature of droplets were also utilized
[29]. In Figure 9.6, we used a T-channel device with a thermoelectric cooler to

(h)(g)(c)

(d)

(b)

(a)
(e) (f)

TEC

Cells in media

Oil

b
c

d

Figure 9.6 (a-d) Freezing of droplet stream.
(a) A schematic showing the T-channel
geometry that was used for droplet gener-
ation; the serpentine channel downstream
of the T-channel and under which the ther-
moelectric cooler (TEC) is placed was made
long to ensure the transit time of droplets
for a sufficient duration across the TEC so
that the droplets would freeze and remain
fully frozen. (b) Bright-field image showing a
stream of unfrozen droplets. (c and d) Im-
ages of a stream of droplets over the TEC
before (c) and after (d) freezing. Labels in
(a) show the positions along the channel

where the images shown in (b–d) were
taken. The main channel in this experiment
was 100 µm wide and 90 µm high. (e–h)
Behavior of cells and droplets after freezing.
(e and f) A cell in a droplet composed of
50% cell media and 50% PBS containing try-
pan blue (at 0.4% w/v in PBS) when alive
(e) and dead (f). (g) A thawed droplet in AS
4 silicone oil and (h) in mineral oil. Note
the matrix surrounding the droplet in (g).
Both scale bars (e and f) represent 10 µm,
and the one in (h) is 40 µm. (Reproduc-
tion from [29], Copyright 2007 by American
Chemical Society.)
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lower the temperature on a region of the chip; as droplets took longer to traverse
the serpentine bends, they cooled and eventually froze. Because of the marked
difference in the freezing temperature of aqueous solutions and oil (−100 ◦C for
silicone oils and ∼0 ◦C for aqueous samples), flow was not disturbed within the
chip. Furthermore, a broad temperature range within which to operate is made
available, when considering the upper temperature threshold, which would be
limited by fragility of the sample (the boiling temperature of water being 100 ◦C
and higher for oil).

To further investigate the usefulness of controlling droplet temperatures, droplets
containing cells were frozen, and subsequently their viability as a function of time,
oil, and with cryoprotectants was monitored (Figure 9.7). With the addition of
DMSO to the cell media, cell viability after thawing was improved. With this
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Figure 9.7 Cell viability after being frozen
in aqueous droplets. The left column shows
data from cells in normal media (50/50
cell media and PBS containing trypan blue
(at 0.4% w/v in PBS)), whereas the right
column shows results for cells in freezing
media (which contained an additional 5%
DMSO supplemented to the cell media). The
top row is data for cells frozen in droplets in

AS 4 silicone oil and the bottom row shows
data for cells frozen in droplets in mineral
oil. Normalized cell viability was calculated
by dividing the number of cells viable at the
various time points in question by the num-
ber of viable cells in the original sample.
(Reproduction from [29], Copyright 2007 by
American Chemical Society.)
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technology, temperature can be controlled regionally on fluidic devices for both
cooling and heating, which would enable kinetic control of biomolecules.

9.8
Detection in Droplets

Fluorescence microscopy capable of detecting single molecules with immunola-
beling has become one of the best techniques for the visual readout of cells.
In Figure 9.8, we take advantage of fluorescence detection while conducting an
enzymatic assay [28]. By releasing the enzyme β-galactosidase from an encapsulated
cell surrounded by a fluorogenic substrate, we observed with time that there is an in-
crease in signal, which demonstrates that the enzyme remained active, and that the
fluorescent product generated did not partition into the oil phase. Generally, diffu-
sion would reduce the fluorescent signal making such a measurement very challeng-
ing. Through encapsulation, a vast number of enzymatic assays are made possible.

Although droplet-confined detection is convenient, the number of fluorescent
dyes that can be used simultaneously is limited; moreover, having access to
more sophisticated detection schemes such as CE would provide an even richer
source of information. It is with this motivation that we developed a means to

0 s

(b)(a)

10 µm0 s

(c)

370 s

(d)

372 s

Figure 9.8 Single-cell enzymatic assay
within an aqueous droplet in soybean oil.
(a) A mast cell was encapsulated in an aque-
ous droplet that contained the fluorogenic
substrate FDG. (b) Prior to photolysis of
the cell, there was little fluorescent product
within the droplet because the intracellu-
lar enzyme β-galactosidase was physically

separated from FDG by the cell membrane.
(c and d) After laser-induced cell lysis (c),
β-galactosidase catalyzed the formation of
the product fluorescein, which caused the
droplet to become highly fluorescent (d).
The scale bar in (a) applies to all panels.
(Reproduction from [28], Copyright 2005 by
American Chemical Society.)
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introduce droplets as sample aliquots in CE separation [42]. Figure 9.9 shows how
we use an immiscible fluid partition to separate droplet generation from the CE
separation channel. To initiate the separation, the droplet is introduced into the
separation channel by fusing it with the immiscible barrier; the results are shown
in Figure 9.9g. To further take advantage of the inherent advantages of droplets,
a method for collecting the electrophoretically separated bands into droplets was
devised (Figure 9.9h) [40]. This leads to the enrichment and encapsulation of the
analyte of interest, with the added benefit of being docked, so that observation or
retrieval is simplified.

With the limited amount of sample presented by a single cell, it is imperative
that the detection method be as sensitive as possible so as to solve the ‘‘needle in a
haystack’’ problem of finding low-copy-number molecules. For this, a method for
measuring electrophoretic mobility of individual molecules in continuous flowing
CE separations was developed [43]. The critical part of the technique is the use
of two line-confocal detection beams (Figure 9.10), which illuminate a 2-µm-wide
channel, where the transit time of the fluorescent molecule between the beams is
cross correlated (Figure 9.10c). This yields 94% detection efficiency for single dye
molecules, and makes the study and counting of rare molecules in cell samples a
reality.
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Figure 9.9 (a-f) Images showing the gen-
eration and transport of a single aqueous
droplet to the CE separation channel. (g)
Separation of fluorescein isothiocyanate
(FITC)-labeled amino acid (glycine (Gly), glu-
tamic acid (Glu), and aspartic acid (Asp))
contents of a single 10 fl volume droplet;
the applied voltage was 500 V cm−1 and the
separation distance was 2 cm. (h–j) Droplet
compartmentalization of CE separation:
(h) schematic illustrating the technique for

encapsulating the outflow of a chemical sep-
aration into individual droplets, which can
be docked and stored on chip for further
analysis; (i) electropherogram showing the
separation of a mixture of amino acids; (j) s
blowup of the glutamate peak showing the
encapsulation of separated band into a se-
ries of droplets. (Reproduction from [40, 42],
Copyright 2009 and 2006 by American Chem-
ical Society).
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9.9
Conclusions

The comprehensive chemical analysis of single cells is a demanding technical
challenge. We believe that droplet-based microfluidics is particularly well suited
for this task. This chapter highlights techniques that have been developed recently
for the generation, manipulation, and analysis of single droplets. With continued
development, refinement, and integration of these techniques into a single robust
platform, we envision that droplets will play a central role in the next generation of
high-sensitivity single-cell analytical techniques.
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10
Probing Exocytosis at Single Cells Using Electrochemistry
Yan Dong, Michael L. Heien, Michael E. Kurczy, and Andrew G. Ewing

10.1
Introduction

Advances in methodology have allowed chemical measurements to be made
with decreasing amounts of analyte and at smaller spatial dimensions. Indeed,
investigations at single cells have given unique chemical and biological insight at
this fundamental level. In the central nervous system, cells communicate by the
transmission of chemical signals between cells (neurotransmission). A neuron can
form a specialized structure, called a synapse, through which neurons communicate
with each other and other specialized cells. This communication is achieved
when a cell releases signaling molecules. Following mass transport through the
extracellular space between the cells, the molecules can bind to receptors, where they
are recognized and a signal is transduced. The initial release event is called exocytosis,
and involves the fusion of a vesicle, filled with neurotransmitter molecules, with
the cell plasma membrane. The signaling molecules in the vesicles are confined
by a lipid bilayer; fusion with the plasma membrane creates a fusion pore, and
the contents of the vesicle are released into the extracellular space. Mechanistic
studies of this process are central to understanding neurotransmission. Therefore,
methods have been developed to detect, measure, and characterize the release of
molecules under both normal and experimental conditions.

One method used to measure exocytosis involves the direct oxidation of
molecules; released electroactive molecules can be oxidized at the surface of
an electrode. Typically, an electrode is placed next to a cell, held at a constant
potential sufficient to oxidize the analyte (typically <1.0 V vs a Ag/AgCl reference
electrode). The current generated by the oxidation is amplified, measured, and
related to the number of molecules oxidized using Faraday’s law. Thus, electro-
chemical methods are amiable to these measurements and many investigations
with this approach have been carried out yielding important information about
exocytosis and neurobiology [1–14]. In this chapter, the topic to exocytosis is
narrowed, a general overview of electrochemical methods to detect and measure
exocytosis at cells is given, and then some examples primarily from our own small
part of this ever-expanding field are outlined.
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10.2
Measurement Requirements

Unraveling the dynamics of exocytosis is challenging because of the temporal and
spatial domain in which these events occur. The volume of a synaptic vesicle can
be as small as zeptoliters, and can contain as few as several thousand molecules
(zeptomoles of measurable material). Exocytosis is also a rapid process. A fusion
event typically lasts from 0.1 to 100 ms, thus requiring high temporal fidelity in
order to accurately measure the event. Finally, it is possible for cells to release
multiple chemicals [15] making identification of the compound a challenge as well.

The small scale of these measurements requires a method with a high
signal-to-noise ratio. When designing a biological experiment it can be helpful
to take cues from nature to replicate the task. The postsynaptic cell in a synapse
is able to ‘‘detect’’ the small number of signaling molecules released by the presy-
naptic cell because the restricted volume of the synapse minimizes dilution, the
surface of the cell is sensitive to the neurotransmitter, and the signal depends on
concentration at the surface not the amount released. The electrode used in an
electrochemical measurement of these events must therefore be extremely close
to the surface of the cell to match the distance of the synaptic cleft (submicron)
to measure signals above the baseline noise. The capacitance of the electrode is
a source of noise, and is dependent on the electrode area, whereas the desired
signal due to faradaic current is dependent on the amount of neurotransmitter
released. This makes it important to restrict the area of the electrode surface to the
confines of the surface of the cell being analyzed. Any superfluous surface area will
contribute to the noise current without adding faradaic current. Thus, the small
scale of these experiments requires small electrodes.

10.3
Electrode Fabrication

Carbon-fiber microelectrodes are the most common type of electrode used to
investigate release from single cells. The construction of a typical carbon-fiber
microelectrode for single-cell measurements is carried out as follows. Briefly,
a 5–10-µm-diameter carbon fiber is aspirated into a glass capillary and the
capillary–fiber assembly is pulled with a pipette puller. The result is two ta-
pered glass capillaries that share a single carbon fiber. The fiber is cut to yield
two cylindrical electrodes, each has a carbon fiber that extends beyond the tapered
glass. The fiber is cut back to the glass and is sealed by simply dipping the tip
of the electrode into a high-quality epoxy and allowing it to cure. The electrode
surface is then beveled at 45◦ to expose the carbon surface. The angle of the tip
also allows the electrode to be manipulated from the periphery of the cell while
measuring from the top of the cell. The pulled and beveled electrode is a small
elliptical disk (diameter typically 5–10 µm). The disk electrode is ideal because
the total surface area is exposed to the active cell surface, thus minimizing the
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capacitive current, and the flat surface beveled at 45◦ makes it possible to place the
electrode surface extremely close to the cell surface. Both these factors lead to the
improved signal-to-noise ratio that is required to make such measurements.

10.4
Measurements at Single Cells

There are two modes of electrochemical techniques used to measure release from
single cells with carbon-fiber microelectrodes: amperometry and cyclic voltamme-
try. Amperometric measurements use a constant potential; the oxidation current is
continuously monitored as the signaling molecules are released. In cyclic voltam-
metry, the potential is periodically scanned and the current is recorded as a function
of voltage. The curve produced, or cyclic voltammogram (CV), represents the char-
acteristic oxidation and reduction potentials of the molecule at the electrode surface.
This is a powerful method, which can be used to identify a released molecule by
comparing the CV to a standard CV. It can also be employed to discriminate
molecules in a mixture [16]. In one report, chromaffin cells were stimulated, and
successive CVs were collected at a carbon-fiber microelectrode (Figure 10.1). Data
were collected at a rate of 50 CVs per second, allowing resolution of individual
release events. The CVs can be plotted as ‘‘color plots,’’ where the abscissa is time,
the ordinate is applied potential, and the current is represented in false color.
Principal component regression can be used to chemically identify the released
molecules as either epinephrine or norepinephrine.

Both amperometry and cyclic voltammetry can be used to collect data at a rate
sufficient to temporally resolve individual exocytosis events. However, amperom-
etry has exceptional temporal resolution affording the ability to obtain precise
information about the kinetics of the release event. The rise time of the peak is
related to the time required for the fusion pore to open, the peak width at half the
maximum is used to measure the duration of the event, the amplitude gives the
maximum flux of signaling molecules released, and the decay time is related to
the diffusion of the molecules. These metrics have been usefully used to compare
the effects of exogenous agents such as drug treatments [17–19], neurotoxins, and
nonnative lipids [3, 10].

In an experiment, electrochemical measurements are carried out by placing a
carbon-fiber microelectrode on the cell surface while the cell is stimulated, causing
exocytosis. Each of the resultant spikes corresponds to single release events. This
was first demonstrated by Wightman et al. [8, 12]. In this experiment, bovine
chromaffin cells were induced to undergo exocytosis by exposure to nicotine,
carbamoylcholline, or potassium ion delivered with a pressure pulse from a
micropipette. The released chemicals were identified as catecholamines with cyclic
voltammetry. Catecholamines are an important class of neurotransmitter that
includes dopamine and adrenaline (epinephrine). An increase in the frequency
of the spikes was clearly observed following stimulation of vesicle fusion. Fusion
events depend on the availability of Ca2+ [20] and if the Ca2+ was removed from the
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Figure 10.1 Vesicular release events mea-
sured at individual cells. (a) Lower panel:
color representation of release from a sin-
gle cell. The upper trace is the concentration
of norepinephrine assigned by principal com-
ponent regression and the middle trace is

the epinephrine assignment. (b) Lower panel:
release measured at another cell. The upper
trace is the norepinephrine prediction and
the middle trace is the epinephrine assign-
ment. (Reproduced with permission [16].)

buffer no spikes were observed. Amperometric spikes measured in the presence
of Ca2+ were found to have distributions of areas around a mean. This matches
well with the description of exocytosis as discreet chemical release events from
a population of similar sized vesicles. More evidence for quantized release was
offered as it was shown that the intensity of the stimulation had no effect on the
area of the spikes; it did, however, have a direct relationship to the frequency of the
events. Finally, the area of the peak was used to calculate the amount of material
detected; the values obtained agreed with the average number of catecholamine
molecules expected to be housed inside of a single chromaffin cell vesicle.

Cyclic voltammetry can also be used to identify two catecholamines co-released
from individual adrenal medullary chromaffin cells. These cells were known to
release both epinephrine and norepinephrine [21] priming the Wightman group
to use cyclic voltammetry to determine the chemical composition of individual
events [15]. They found that the cells fall into three subcategories: cells that
primarily release epinephrine, cells that primarily release norepinephrine, and a
small group of cells that release a combination of the two. This work both showcases
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the chemical specificity of cyclic voltammetry and the importance of single-cell
investigations. Subgroups would have been unobservable if the total population
was investigated simultaneously.

10.5
Fusion Pore Dynamics

The fusion pore is the molecular structure that connects two cellular membrane
compartments during their fusion. All vesicle trafficking occurs through the
formation and dispersion of fusion pores. Through fusion pores intracellular com-
partments transport materials, and by controlling the exchange of phospholipids
and proteins through the lips of fusion pores, the cells have the capability to
selectively maintain the composition of an intracellular compartment. Exocytosis
is a specialized form of vesicle trafficking and an essential process in nerve and
endocrinal cells whereby Ca2+ enters the cell and triggers the release of neu-
rotransmitters, neuropeptides, or hormones from the secretory vesicles. Release
happens through a fusion pore, the exocytotic fusion pore, which forms a contin-
uous aqueous connection between the vesicle lumen and the extracellular space
for the extrusion of vesicle contents. As the fusion pore forms, the vesicle mem-
brane merges with the plasma membrane. Since the fusion is created between the
extracellular and intracellular compartments, it is well suited to study with electro-
physiological, electrochemical, and fluorescent methods. Owing to the use of these
methods, our understanding of fusion pore dynamics has developed dramatically
during the past decades and, indeed, our knowledge about fusion pore broadens
our present views of exocytosis.

The earliest effort to profile fusion pores employed electron microscopy of
quick-freezing frog neuromuscular junctions [22–24]. These pictures indicated
narrow fluid connections between the vesicle and the cell exterior with diameters
as small as 20 nm [24]. In addition to the data from nerve terminals, Chandler and
Heuser [25] captured fusion pores in degranulating mast cells by quick-freezing
techniques. Their data showed membrane-lined pores of 20–100 nm in diameters,
which provided aqueous channels connecting the granule interior with extracellular
space. More recently, the advent of atomic force microscope provides new insights
of the structure of fusion pores [26].The early work of Heuser and Reese stressed the
existence of fusion pores. Electrical recording from living cells in the act of secretion
ultimately shed light on the nature and properties of the initial fusion pore.

10.5.1
Studying Fusion Pore in Living Cells

The dynamics of the fusion pore have been mainly investigated at the level of single
cells by two techniques: patch-clamp measurements of the electrical capacitance
of cell membrane [27–29] and the amperometric detection of catecholamine
neurotransmitters with carbon fibers [1, 6, 12, 30]. While patch-clamp detects
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changes of cell membrane area and conductance due to vesicular fusion, the
electrochemical method measures the currents produced during oxidation of
released secretory products from each exocytotic event. Amperometric transients
from exocytosis are often preceded by a small pedestal, called the foot, of the spike
[1, 6]. Combined patch-clamp and amperometric measurements have confirmed
that the foot represents neurotransmitter release through the fusion pore in beige
mouse mast cells [1]. Furthermore, in chromaffin cells the catecholamine released
during the amperometric foot and during the main portion of the spike is the same
[13], thus confirming the existence of a dynamic fusion pore.

In our lab, amperometry and transmission electron microscopy have been used
to determine the dynamics of fusion pore (Figure 10.2). Release through a stable
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1 2 33
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Figure 10.2 (a) Representative ampero-
metric data from a single PC12 cell. The
arrow under the trace represents the time
of stimulus (100 mM K+) application. (b)
Examples of individual amperometric cur-
rent transients. The trace on the left has
no discernable foot signal; that on the right
is preceded by a foot. (c) A schematic di-
agram illustrating the flux of neurotrans-
mitter through the fusion pore. The stages

of fusion are numerically coordinated with
the associated regions of the amperomet-
ric traces in (b). (d and e) Representative
TEM images of PC12 cell dense-core vesicles
fusing with the plasma membrane on stimu-
lation with 100 mM K+. Dark arrows indicate
vesicles that appear to be undergoing exo-
cytosis. Scale bars are 50 nm. (Reproduced
with permission [31].)
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fusion pore is distinguished in amperometric records of exocytosis as a prespike
foot. The integrated area under the foot portion of the spike is representative
of the number of molecules released through the fusion pore, prior to full fu-
sion. The duration of release during the foot is indicative of the lifetime, or
stability, of the fusion pore structure. Finally, the frequency with which ampero-
metric feet are observed is a direct measure of the frequency with which vesicles
release neurotransmitter through a stable exocytotic fusion pore as an intermedi-
ate state, as opposed to explosive vesicular fusion. Data from PC12 (rat adrenal
pheochromocytoma) cells indicate that vesicular volume before secretion is strongly
correlated with the characteristics of amperometric foot events [31]. Reserpine and
l-3,4-dihydroxyphenylalanine (l-DOPA) have been used to decrease and increase,
respectively, the volume of single PC12 cell vesicles [7]. Exposure of PC12 cells to
100 µM l-DOPA for 90 min significantly decreased the observed frequency of foot
events to 72% of control [31]. In contrast, when PC12 cells were treated for 90 min
with 100 nM reserpine, there was an increase in the frequency of foot events to
155% of the measurements done at control cells. Under control conditions, an
average of ∼33.7 ± 0.5% of the exocytotic events from PC12 cells exhibited a
prespike feature. Thus, a clear trend exists in relating the frequency of foot events
to vesicular volume. Further analysis indicated that (i) both foot duration and foot
area are directly related to the physical size of the vesicle (Figure 10.3) and (ii)
the percentage of the total contents released in the foot portion of the event is
dependent on vesicle size.

Interestingly, smaller vesicles display a foot in the amperometric record more
frequently than the control. We hypothesize that this result is largely an effect of
the membrane tension differential that exists across the fusion pore. Immediately
following vesicular fusion with the plasma membrane and pore formation, the
vesicular dense core swells apparently resulting in release of core-bound trans-
mitter putting pressure on the vesicular membrane. Because the dense core of a
reserpine-treated vesicle largely fills the vesicle, core expansion should increase
the vesicular tension to a greater extent than in the control case, where the core
does not occupy as much of the overall vesicular volume. The resultant tension
differential across the pore induces transient pore stabilization until membrane
flow relieves this tension and full distention of the vesicle can occur. Thus, the
fusion pores of smaller vesicles would appear to be more significantly stabilized,
and amperometric feet occur in the data record more frequently.

10.5.2
Studying Fusion Pore in Artificial Cells

Besides living cells, lipid models have contributed a great deal to our understanding
about membrane fusion. A common model has involved vesicles containing
channel proteins that are driven by osmotic pressure to fuse with a planar lipid
bilayer [32, 33]. An adaptation of this model has been used to demonstrate transient
opening of fusion pores in protein-free membranes, suggesting that indeed proteins
might not be needed for this process [34]. Liposomes have been described as artificial
cells and have also been used to examine membrane fusion [35–38]. Recently, we
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Figure 10.3 Both the number of molecules
released through the exocytotic fusion
pore and the time course of said release
are dependent on vesicular size. (a) Av-
eraged amperometric current transients
for one reserpine-treated, saline-treated, or
L-DOPA-treated PC12 cell before (black)
and after (gray) the 90-min incubation pe-
riod. The scale bar is the same for all three
averaged transients. (b) Mean foot area val-
ues shown as a function of vesicle volume.
Under control conditions, a cellular aver-
age of 5695 ± 751 molecules was released
through the fusion pore (before full fusion)

per event. (c) Mean foot duration values (the
time lapse between the onset of the foot and
the inflection point between the foot and
the full fusion event) shown as a function
of vesicle volume. Under control conditions,
the average cellular time course for release
through the fusion pore was 1.3 ± 0.1 ms.
Error bars represent the mean ± SEM of
the foot characteristic values for the differ-
ent experimental conditions. *p < 0.05, **p
< 0.01, and ***p < 0.001 versus control,
respectively (t-test). (Reproduced with per-
mission [31].)
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use electroinjection technology to develop a protein-free liposome system as an
artificial cell that undergoes exocytosis [39–41]. Fluorescence microscopy and
amperometry were used to detect leakage of transmitter through a nanoscopic
fusion pore and quantal release during the final stage of exocytosis.

As shown in Figure 10.4, a vesicle is formed inside a surface-immobilized
liposome via electroinjection. The vesicle is connected to the artificial cell membrane
by a lipid nanotube. This nanotube initially resembles an elongated fusion pore.
Microinjection of fluid into the pulled lipid nanotube leads to a local increase in
membrane tension. To reduce this tension difference, lipid material flows from
regions of lower tension (outer membrane) along the nanotube toward higher
tension, forming the membrane of the small vesicle. Data from the artificial cell
system suggest that the time course for leakage (foot length) through the fusion
pore is governed by injection flow rate, as determined by pipette pressure, and is
proportional to the size of a vesicle immediately before release (Figure 10.5a–c).
The total amount of material leaking through the lipid nanotube (foot area) is
proportional to vesicle size at the stage directly before release but is independent
of injection flow rate (Figure 10.5d), indicating that nanotube length is the critical
parameter determining total leakage. However, at any given vesicle size the
rate of leakage through the lipid nanotube (foot area/foot length) varies with
flow rate (pipette pressure) and vesicle size (Figure 10.5e). These observations
can be explained by considering the sources of liquid flow inside the nanotube
(Figure 10.5f ). Lipid is transported from the artificial cell into the vesicle during
expansion, resulting in shear flow of the liquid column inside the nanotube
and toward the vesicle. In contrast, solution pressure from the pipette results in
Poiseuille flow from the interior of the vesicle that opposes the direction of the shear
flow. These results support the conclusion that the rate of fluid transport through
the nanotube in the model cell depends on the length of the lipid nanotube and the
factors affecting the counterbalance of shear and Poiseuille flow in the nanotube.

The data from the artificial cells are strikingly similar to what is observed during
exocytosis in cells. Thus, the artificial cell model can be used to examine fundamen-
tal aspects of exocytosis with a great deal of control of many experimental degrees
of freedom. These include membrane and solution composition, differential pH
values across vesicle membranes, temperature, and vesicle size.

10.5.3
Flickering Fusion Pore

Early capacitance measurements indicated that the fusion pores in mast cells from
beige mice have a lifetime of up to several seconds and may rapidly fluctuate about
a small mean diameter (‘‘flicker’’), or even close transiently, before expanding
irreversibly [42, 43]. Simultaneous capacitance and amperometric measurements
have confirmed that transmitter starts to trickle out during capacitance flickering –
that is, while the pore is still narrow and before the vesicle has completely collapsed
into the plasma membrane [1]. Later on, data from bovine adrenal chromaffin cells
further confirm the existence of flickering fusion pores [44]. Interestingly, flickering
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Figure 10.4 Formation and release of vesi-
cles in an artificial cell. (a–d) Schematics of
a microinjection pipette electroinserted into
the interior of a unilamellar liposome and
then through the opposing wall, pulled back
into the interior, followed by spontaneous
formation of a lipid nanotube and forma-
tion of a vesicle from flow out of the tip of
the micropipette. (e) Nomarski image of a
unilamellar liposome, with a multilamellar
liposome attached as a reservoir of lipid:
(i) microinjection pipette, (ii) electrode for
electroinsertion, and (iii) 30-µm-diameter
amperometric electrode beveled to a 45◦

angle. A small red line depicts the location

of the lipid nanotube, which is difficult to
observe in the computer image with a 20×
objective, illustrating a vesicle with connect-
ing nanotube inside a liposome. (f–i) Fluid
injection at a constant flow rate results in
growth of the newly formed vesicle with a
simultaneous shortening of the nanotube
until the final stage of exocytosis takes place
spontaneously and a new vesicle is formed
with the attached nanotube. (j–m) Fluores-
cence microscopy images of fluorescein-filled
vesicles showing formation and final stage
of exocytosis matching the events in (f–i).
Scale bar represents 10 µm. (Reproduced
with permission [39].)
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Figure 10.5 Amperometric monitoring
of release via an artificial fusion pore. (a)
Amperometric detection of release from
a 5-µm-radius vesicle showing prespike
feet (arrows), indicating catechol transport
through the lipid nanotube or fusion pore.
Scale bar is 80 pA × 500 ms. (b) Time cor-
relation of vesicle growth, transport of trans-
mitter through the lipid nanotube, and the
final stage of exocytosis with amperometric

detection. (c–e) Plots of foot length (c),
foot area (d), and the ratio of foot area over
foot length (e) observed with amperometry
for vesicles fusing with an artificial cell at
three different pressures used to inflate the
vesicles. (f ) Schematic model of the factors
affecting flow in the vesicle and nanotube of
the artificial cell. (Reproduced with permis-
sion [39].)

fusion pores are also seen in small synaptic vesicles (SSVs) [45]. In rat cultured
ventral midbrain neurons, SSV fusion pores flicker either once or multiple times
in rapid succession, with each flicker estimated to release ∼25–30% of vesicular
dopamine (Figure 10.6). Flickering of the fusion pore results in the release of a
larger fraction of an SSV’s neurotransmitter content. Indeed, flickering of fusion
pores in SSVs and large dense-core vesicles (LDCVs) shows different profiles
(Table 10.1). The presynaptic terminals of midbrain dopamine neurons contain
a relatively small number of SSVs. Fusion pore flickering may be particularly
important for such synapses to prevent the loss of SSVs during full fusion and the
relatively slow process of endocytosis and recycling.
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Figure 10.6 Dopamine release from axonal
varicosities of rat ventral midbrain dopamine
neurons. (a and b) Representative segment
of current trace showing dopamine release
from neurons stimulated with K+ alone
(a) or with K+/α-latrotoxin (b). The stim-
ulus was given earlier in a portion of the
trace that has been omitted because of the
paucity of events. (c and d) Representative
examples of simple events (c) and complex
events (d). Simple events each have a sin-
gle rising and falling slope, whereas complex
events have multiple flickers, each with dis-
tinct rising and falling phases. (e and f) The
upper panels show examples of amperomet-
ric current traces; the lower panels show
the first derivative (dI/dt) of the currents.

In the amperometric traces, the mean back-
ground current is indicated by a solid line
(upper panel). To be considered an ‘‘event,’’
the dI/dt must cross a 4.5 × rms thresh-
old (solid line, lower panel). (e) Events with
derivatives that cross the 3.0 × rms thresh-
old (dotted line) only once in a rising tra-
jectory are ‘‘simple.’’ (f ) Events that cross
the 3.0 × rms threshold multiple times are
‘‘complex.’’ The corresponding flickers (1–3)
are indicated in the current trace. (g and h)
Histograms of simple versus complex event
characteristics obtained from amperomet-
ric recordings after K+/ α-LTX stimulation
(n = 532 simple events and n = 130 complex
events from eight sites). (Reproduced with
permission [45].)

Table 10.1 Characteristics of flickering of fusion pores in SSVs and LDCVs.

Duration (µs) Frequency (Hz) Fraction of vesicle’s
neurotransmitter (%)

SSV 100–150 4000 25–30
LDCV 100 000–500 000 170 <1

10.6
Conclusions

Electrochemistry has been intensively used to investigate exocytotic vesicle fusion
over the past two decades since the discovery of the technique by Wightman and
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coworkers [8, 12]. However, the underlying molecular mechanisms of this process
still remain poorly understood. The majority of evidence indicates that membrane
merger proceeds via a lipidic rather than a proteinaceous fusion pore [46–52], as
the lipidic components are much more abundant than proteins in the membrane
and the energy requirements for bilayer merger are intimately linked with lipid
rearrangements. Proteins, on the other hand, are thought to be critical in targeting,
priming, and vesicle docking and in the triggering and modulation of the fusion
process [53–58]. Despite the realization that both lipids and proteins are involved
in the process of membrane fusion, only lately work in the field has focused more
equally on both components. Studying the contributions of both lipids and proteins
to the fusion process will provide greater insight into the mechanism underlying
membrane fusion and favor our understanding of synaptic transmission and the
synaptic vesicle cycle.
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11
Electrochemical Determination of Enzyme Activity in Single Cells
Wenrui Jin

11.1
Introduction

Enzymes are important biological components in cells. They control the balance
of cytochemicals and actively participate in cell proliferation. Electrochemical de-
tection (ECD) is a powerful tool for single-cell analysis [1–3]. However, enzymes
present in single cells are not natively electroactive. Moreover, the amount of
some enzymes in single cells is low, in the order of zeptomole (zmol, 10−21 mol).
It is difficult to determine such a low amount using conventional ECD meth-
ods. The strategy for the determination of enzyme activity in single cells is to
detect electroactive products of substrates of enzyme-catalyzed reactions. Usually,
in single-cell analysis of enzymes based on ECD, the procedure is as follows:
introduce a single whole cell into a microreactor such as a capillary or a mi-
crowell; lyse the cell to release the enzymes; separate the isoenzymes; allow
the enzyme to convert its substrates to its products through enzyme-catalyzed
reaction, and then electrochemically detect the electroactive products. The de-
tected electrochemical signal is used to quantify enzyme activity in the cell
by comparing it with that obtained for standard solutions of the enzyme. In
this chapter, we summarize our work on the ECD of enzyme activity in single
cells.

11.2
Electrochemical Detection Coupled with Capillary Electrophoresis

Capillary electrophoresis (CE) has many inherent features in its operation, such
as extremely small sample size, high separation speed and efficiency, and bio-
compatible environments [1, 4–6], which make it suitable for analysis of single
cells. CE with sensitive laser-induced fluorescence (LIF) detection [7–12] and
laser-based particle-counting microimmunoassay [13] have been successfully ap-
plied to determine enzyme activity in single cells. CE coupled with ECD is an
important mode [1, 4, 14] for the detection of electroactive components such as
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neurotransmitters [15–18], glutathione [19–22], diclofenac (a drug) [23], amino
acids [21, 24–26], ascorbic acid [27], and histamine [28] in single cells. The
species detected so far are those at relatively high levels (femtomole–attomole,
10−15 –10−18 mol) inside the cells. In order to quantify enzyme activities as low
as zeptomole in single cells, the conventional CE–ECD methods should be
improved.

In CE-based single-cell analysis, the electroosmotic flow rate for the running
buffer is large enough to draw a cell at the capillary inlet into the capillary. The
cytolysis process must preserve the integrity of the relevant compounds under
their lysis conditions while releasing them from the cell. Usually, chemical lysis
is accomplished, sometimes by means of a high voltage. Erythrocytes can be lysed
easily in the CE running buffer [20, 29]. Some chemical reagents such as NaOH,
SDS, and some organic solvents that can lyse cells may denature the enzyme.
Therefore, these reagents are not used for the determination of enzyme activity
in single-cell analysis. When the cell injected into the capillary cannot be lysed
by the CE running buffer in the presence of high voltage, ultrasonication can
be used [30]. In order to perform the on-capillary enzyme-catalyzed reaction, the
enzyme substrates in the CE running buffer can be injected together with the cell
or after introducing the cell into the capillary. The enzyme can convert the enzyme
substrate into its product at a relatively high reaction rate. As a catalyst the enzyme
is not consumed during the reaction, which provides amplification of the signal
with prolonged reaction time. As a result of the enzyme amplification, a significant
amount of the product can be produced for the final ECD. In single-cell analysis
for enzyme activity, the velocity of the on-capillary enzyme-catalyzed reaction is
a key factor. The wall of the capillary limits the diffusion of the reagents and
the velocity of the enzyme-catalyzed reaction. To enhance the reaction velocity,
different steps such as increasing the reaction temperature, prolonging the re-
action time, and adding activator of the enzyme-catalyzed reaction should be
adopted. However, when the reaction time is prolonged, the compounds, including
the substrates, products, and enzymes, are also diluted. Obviously, the dilution
factor increases with prolonged reaction time. Thus, long reaction time leads
to widened electrophoretic peak and reduced peak height, and thus decreases
the sensitivity of the method. When the product concentration yielded in the
capillary is high enough, the product is delivered to the outlet of the capillary,
where a working electrode is aligned, and the product is detected by the elec-
trode. Usually, ECD is carried out with a three-electrode system that consists of
a working electrode, a reference electrode such as a saturated calomel electrode
(SCE) or an Ag/AgCl electrode, and an auxiliary electrode such as a Pt electrode.
The Pt electrode also serves as the ground for the high potential drop across the
capillary. Since the signal is very low in single-cell analysis, the electrochemical
cell with the three electrodes is housed in a Faraday cage in order to minimize
interference from noise from external sources. Carbon-fiber disk bundle elec-
trodes (CFDBEs) are the most commonly used working electrodes due to their
chemical inertia and easy alignment to the capillary (10–25 µm i.d.). During the
detection of the product and the recording of its electropherogram, a constant
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potential, which depends on the product, is applied to the working electrode.
A calibration curve is used to quantify enzyme activity in individual cells. For
different activity or amount of enzymes in the single cells, the method used is
different. In the following section, we provide examples of three different single-cell
analyses corresponding to glucose-6-phosphate dehydrogenase (G6PDH) with low
activity at 10−11 –10−10 unit (10−21 –10−20 mol) level, alkaline phosphatase (ALP)
isoenzymes with middle activity at 10−7 –10−6 unit (10−19 –10−18 mol) level and lac-
tate dehydrogenase (LDH) isoenzyme with high activity (LDH) at 10−6 –10−5 unit
(10−18 –10−17 mol) level.

11.2.1
Determination of Activity of Glucose-6-phosphate Dehydrogenase (G6PDH) in Single
Human Erythrocytes

The amount of G6PDH in a single human erythrocyte with a diameter of 7 µm
and a volume of 87 fl, (10−15 l) can be as low as zeptomole. Therefore, CE–ECD
for single-cell analysis should focus on increasing the sensitivity of the method
[29]. G6PDH can catalyze enzyme substrates nicotinamide adenine dinucleotide
(NAD+) and glucose 6-phosphate (Glc6P) to reduced nicotinamide adenine dinu-
cleotide (NADH), and glucose acid 6-phosphate (GlcA6P) via Reaction 11.1. The
activity of G6PDH can be measured by determining the oxidation current gen-
erated by the NADH using a CFDBE held at 1.05 V and a CE running buffer
consisting of 3.0 × 10−2 mol l−1 Tris–HCl (pH 7.8), 1 × 10−3 mol l−1 Glc6P and
1 × 10−3 mol l−1 NAD+ as the substrates, and 1 × 10−3 mol l−1 Mg2+ as activator
of the enzyme-catalyzed reaction. Four steps can be used to increase the sensitivity
for G6PDH activity determination. First, a capillary with an internal diameter
as small as 10 µm is used to decrease the background noise. Second, the inside
of the detection end of the capillary is etched to a horn shape. Doing so leads
to the width at half height of the electrophoretic peak of G6PDH to become
narrower and the limit of detection (LOD) to be reduced by approximately five
times, as compared with detection using a normal detection end of the capillary.
Third, the temperature for the enzyme-catalyzed reaction is increased to 37 ◦C
to enhance the reaction rate. Fourth, Mg2+ as the activator is added to the run-
ning buffer to activate the enzyme-catalyzed reaction. Under these conditions,
LODs of the activity concentration and activity of G6PDH for the reaction time of
30 min are 6.2 × 10−4 unit/ml (corresponding to 1.2 × 10−11 mol l−1) and 68 punit
(corresponding to 1.3 × 10−21 mol). The extremely low LOD is comparable to that
of CE–LIF detection [7] and CE–laser-based particle-counting microimmunoassay
[13] for analysis of enzymes in single cells. Typical electropherograms of three single
erythrocytes for incubation of 100 s at 37 ◦C are shown in Figure 11.1. The activities
of G6PDH determined in single cells are 9.0–76 × 10−11 unit (corresponding to
1.7–14 × 10−21 mol).

Glc6P + NAD+ G6PDH−−−−−−−−−⇀↽−−−−−−−−− GlcA6P + NADH + H+ (11.1)
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Figure 11.1 Electropherograms of G6PDH in three single
erythrocytes. (Adapted from [29], with permission from ACS
Publications.)

11.2.2
Separation and Determination of Activity of Alkaline Phosphatase (ALP) Isoenzymes
in Single BALB/c Fibrolast Cells of Mouse Bone Marrow

ALP isoenzymes present in individual BALB/c fibrolast cells of mouse bone
marrow are at zeptomole level. When CE–ECD is used to determine the activities
of ALP isoenzymes, separation of the isoenzymes should be considered [31].
ALP catalyzes the conversion of electroinactive disodium phenyl phosphate (DPP)
to electroactive phenol in alkaline conditions according to Reaction 11.2. The
concentration of phenol produced is proportional to the activity of ALP. The ALP
activity can be measured by determining the oxidation current generated by the
phenol at the CFDBE held at 1.05 V. In this method, a phosphate buffer cannot
be used because phosphate is a substrate of ALP. Therefore, 5.0 × 10−2 mol l−1

Na2B4O7−3.0 × 10−2 mol l−1 NaOH (pH 9.8) containing 1.0 × 10−3 mol l−1 DPP
as the CE running buffer is used for CE–ECD of ALP isoenzymes. The linear
ranges of the activity concentration and the activity of ALP are 3.00–900 unit/l and
4.50 × 10−9−1.35 × 10−6 unit, respectively. The LOD of the activity concentration
and the activity are 1.0 unit/l (corresponding to 2.4 × 10−12 mol l−1) and 1.5 nunit
(corresponding to 3.6 × 10−21 mol), respectively. Since the activity of ALP is higher
than that of G6PDH, determination of ALP activity is easier compared to that
of G6PDH. Thus, the steps taken for CE–ECD of G6PDH to increase detection
sensitivity, such as adding activator of the enzyme-catalyzed reaction, decreasing
the inside diameter of the capillary as well as using a warm water bath at 37 ◦C
and a horn-shaped capillary end are not needed here. However, the separation
of the isoenzymes should still be considered because all isoenzymes can catalyze
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DPP to phenol. Therefore, the isoenzymes released from a single cell have to
be preseparated by applying a high voltage and then incubated with DPP in the
running buffer prior to ECD. Figure 11.2 shows the electropherograms of three
single cells. Three well-separated peaks, corresponding to the blank and the ALP
isoenzymes I and II, appear on the electropherograms. Despite irreproducible blank
peaks, resulting from different injection volumes of the buffer during introduction
of single cells, the two ALP isoenzymes are well resolved. The activities of ALP
isoenzymes determined in single cells are in the range from 2.1 to 4.5 × 10−7 unit
and 1.0 to 3.9 × 10−7 unit for ALP isoenzymes I and II, respectively.

DPP + H2O
ALP−−−⇀↽−−− Na2HPO4 + Phenol (11.2)

11.2.3
Separation and Determination of Activity of Lactate Dehydrogenase (LDH)
Isoenzymes in Single Rat Glioma Cells

LDH in rat glioma cells has three isoenzymes [32]. Moreover, their activities in
the cells are very high. The CE–ECD assay for the determination of activity of
LDH isoenzymes in individual cells should consider these two characteristics [30].
The enzyme-catalyzed reaction shown in Reaction 11.3 can be used to determine
the activity of LDH isoenzymes. The product of the catalysis reaction NADH
can be amperometrically measured by a CFDBE held at 1.00 V versus an SCE as
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ALP II
ALP I

ALP IIALP IBlank
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Figure 11.2 Electropherograms of ALP isoenzymes in
three individual BALB/c mouse bone marrow fibroblast
cells. (Adapted from [31], with permission from Wiley-VCH,
Weinheim.)
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Figure 11.3 Electropherograms of LDH isoenzymes in indi-
vidual glioma cells at different preseparation times of (1) 0,
(2) 1, and (3) 5 min before incubation. (Adapted from [30],
with permission from Elsevier Science.)

mentioned above. LDH activity can be detected by measuring NADH. A CE running
buffer consisting of 5.0 × 10−2 mol l−1 Tris–HCl, 5.0 × 10−2 mol l−1 lactate, and
5.0 × 10−3 mol l−1 NAD+ (pH 9.3) is used for CE–ECD in single-cell analysis. In
this method, the cell injected into the capillary is lysed by ultrasonication. Before
ECD, the isoenzymes are separated by applying a separation voltage across the
capillary. Since the activity of LDH in single cells is very high, even short reaction
time of 2 min can yield enough amount of NADH for ECD. Figure 11.3 shows
the electropherograms of single glioma cells at different preseparation times. It
can be noted that when the preseparation time is less than 5 min, the three zones
corresponding to the three LDH isoenzymes cannot be separated (curves 1 and
2). When the preseparation time is increased to 5 min, three peaks are observed.
Additionally, a plateau on the electropherogram after ∼7 min is observed. The
enzyme-catalyzed reaction caused by the LDH zone migrating in the capillary is
responsible for the plateau [33]. Owing to the peaks of the LDH isoenzymes I and
II cannot be well separated. Their peak areas are measured based on the product
of the peak current and the width at the peak half height according to the method
described in [30]. The activities of LDH isoenzymes determined in single cells are
2.4–11, 0.60–7.9, and 0.81–3.8 × 10−6 unit.

Lactate + NAD+ LDH−−−⇀↽−−− Pyruvate + NADH (11.3)

11.3
Voltammetry

Voltammetry and amperometry have been used to measure secretion or exocytosis
of neurotransmitters from different kinds of cells or vesicles[2, 34–41], oxygen
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consumption [42], and photosynthetic activity [43] at single cells and study on the
oxidative burst from fibroblasts [44–46]. In all these studies, measurements are
performed outside a single cell. Thus, the intracellular biological molecules do not
affect the measurements. Voltammetry and amperometry using microelectrodes
(MEs) can also be applied for concentration measurements of contents in single
cells [47–52]. However, since the detecting ME is implanted into the cell, it is
surrounded by a number of high-molecular weight species present in the cell cyto-
plasm, which might be easily adsorbed on the electrode surface and, thus, foul the
electrode and cause a deterioration of the voltammetric or amperometric response
of the electrode, making these in vivo experiments very difficult [51]. To obtain
accurate results, a linear-average calibration method [49] or a pulse voltammetry for
minimizing electrode fouling [51] is suggested. Microwells with MEs can also be
used to monitor compounds from single cells [53–56], or transport into a single cell
[57]. In these electrochemical measurements, the detecting MEs are in solutions,
where an intact single cell is placed and the measurements are carried out outside
the cell. Thus, there is no electrode fouling from the adsorption of intracellular
biological macromolecules. Electrode fouling from biological macromolecules is
a thorny problem for quantitative determination of complements in single cells.
This problem has to be overcome when enzyme activity in single cells is to be
determined by voltammetry. Using voltammetry for the determination of activity of
peroxidase (PO) inside single neutrophils and single acute promyelocytic leukemia
(APL) cells has been reported [58]. In this method, a nanoliter-scale microwell
coupled with a positionable dual ME consisted of an Au disk working electrode
with a 20 µm diameter and an Ag/AgCl reference electrode with a 120 µm diameter
and 2 mm length is used by combining enzyme-catalyzed reaction. In the presence
of H2O2, PO converts enzyme substrates hydroquinone (H2Q) into its product
benzoquinone (BQ) according to Reaction 11.4. The steady-state current of BQ on
the voltammograms is used for quantification of PO activity in the single cells.

H2Q + H2O2

PO−−−⇀↽−−− BQ + 2H2O (11.4)

The experimental setup shown in Figure11.4 is used in the single-cell voltam-
metry. The microwell array is simply constructed using chemical etching without
photolithographic techniques. The constructed microwells are of 2–112 nl with
200–710 µm diameter at the top, 150–620 µm diameter at the bottom and
100–320 µm in depth. In order to lyse the cells easily, they are chemically perfo-
rated with digitonin, which bound to the cholesterol on the cell membrane and
micropores are formed. A simple and rapid method of pushing a microscope slide
on the microwell array is adopted to introduce single cells into the microwells. The
single cells in the microwell array are subjected to freeze-thawing for cytolysis in a
constant-humidity chamber to obtain the single-cell extract containing intracellular
substances involved in PO. After the single-cell extracts in the microwells are
allowed to evaporate, 20 (for neutrophils) or 100 nl (for APL cells) of PBS contain-
ing 2.0 × 10−3 H2Q and 2.0 × 10−3 H2O2 is added to redissolve the intracellular
substances. Then, a dual electrode is inserted into the microwell with a depth
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Figure 11.4 Schematic diagram of the
setup with microwell array and dual elec-
trode in a constant-humidity chamber for
single-cell analysis: 1, copper lead; 2, Ag
wire; 3, dual electrode; 4, epoxy resin; 5,
micrometer-sized Au disk working electrode;

5′, nanometer-sized Au disk working elec-
trode; 6, Ag/AgCl reference electrode; 7, wax;
8, microwell array; 9, cover; 10, Petri dish as
a constant-humidity chamber; 11, hole; 12,
stand; 13, water. (Adapted from [58], with
permission from ACS Publications.)

of ∼100 µm in the solution by means of a scanning electrochemical microscope
(SECM). Subsequently, a voltammogram is recorded by scanning potential from
0.05 to −0.4 V as the blank. Finally, the solution is incubated for 10 min and the
voltammogram is recorded again. After subtracting the blank, the steady-state cur-
rent is used for quantification. Figure 11.5 shows the linear scan voltammograms of
a single lysed neutrophil and a single lysed APL cell. Since both PO and horseradish

0.0 −1 −0.2 −0.3 −0.4

E (V)

200 pA

2

1

50 pA

Figure 11.5 Linear scan voltammograms of (1) a single
lysed neutrophil and (2) a single lysed APL cell after incu-
bation for 10 min and subtracting blank. (Adapted from [58],
with permission from ACS Publications.)
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peroxidase (HRP) are PO and the activity of all POs is defined and determined
with the same method, HRP can serve as a standard to quantify PO activity. Thus,
PO activity in single cells can be quantified using the standard calibration curve
of HRP. The PO activities in individual neutrophils and individual APL cells are
determined to be in the range of 0.65–2.1 × 10−8 unit and 0.93–3.1 × 10−7 unit.

In the single-cell analysis method using voltammetry, five factors should be
considered. First, the working electrode size that affects the current signal should
be selected. When a 20-µm-diameter disk working electrode is used, a sufficient
ratio of signal to noise can be obtained. In this case, the area of the reference
electrode of the dual ME must be much larger (at least 103 times) than that of the
working electrode. Additionally, inserting the dual electrode into the microwell is
also difficult, because the dual electrode can break easily. The use of a SECM can
overcome this difficulty. Second, solution evaporation must be considered when
measurements are performed with microwells. To prevent quick evaporation of the
solution in the microwells, experiments on single-cell analysis should be carried
out in a constant-humidity chamber. Third, the concentration of the product of
the enzyme-catalyzed reaction in the detected solution should be high enough so
that the electrochemical signal can be detected by the micrometer-sized working
electrode. A high concentration can be achieved through the enzyme-catalyzed
reaction by increasing the reaction time and decreasing the detected solution
volume. Fourth, the concentrations of the biological macromolecules such as
proteins from a single cell in the detected solution should be low enough so
that these macromolecules do not foul the working electrode. This requires the
detected solution volume to be large enough to prevent the macromolecules from
fouling the working electrode. Therefore, controlling the solution volume in the
microwell, which depends on the enzyme activity in single cells, is very important.
The higher the enzyme activity in a single cell, the larger the solution volume can
be. This is why the solution volume is different for neutrophils (20 nl) and APL cells
(100 nl). Finally, oxygen reduction in the solution is also detected simultaneously.
In this case, the recorded voltammogram includes the oxygen reduction current.
Therefore, the steady-state current after subtracting blank corresponding to the
oxygen reduction current is used for quantification.

11.4
Scanning Electrochemical Microscopy (SECM)

SECM with MEs as its tip is a useful tool for determining biochemical components
in single cells [3, 59]. It has been successfully used to examine and investigate cellu-
lar viability [59], photosynthetic electron transport [60], in vivo topography [60–64],
photosynthetic activity [43, 61, 65], respiratory activity [65–70], redox and acid–base
reactivity [71–73], the mechanism of charge transfer reactions [74], image fields
of different types of cells [75], and interactions between silver nanoparticles and
cells [76]. Neurotransmitter secretion [77] and nitric oxide released [78, 79] from
single cells, the local permeation of the nuclear membrane by mediators [80],
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the antimicrobial effects of silver ion [81], and drug metabolism [3] have been
followed and monitored by SECM as well. Recently, an electrochemical method
using SECM was developed for quantitative determination of PO activity in single
neutrophils by scanning an Au ME over a nitrocellulose film–covered microreactor
with micropores [82]. In this method, a single-cell extract is prepared in a ∼17 nl
microwell with PBS containing 2.0 × 10−3 mol l−1 H2Q and 2.0 × 10−3 mol l−1

H2O2. In order to allow released PO from the cell to convert H2Q into BQ, the
solution in the microwell is incubated for a certain time. Then, the microwell is
covered with a porous nitrocellulose film to create the microreactor. After PBS
containing H2Q and H2O2 is added over the microreactor, the Au ME held at
−0.3 V is moved along the central line across the microreactor (Figure 11.6). In
this case, only small molecules such as BQ can diffuse out from the microreactor
interior through the micropores on the nitrocellulose film to the solution on top
of the microreactor, while the larger PO molecules remain inside the microre-
actor due to the small micropore size. The BQ amount above the microreactor
reflects the PO activity of the single cell. During the scan of the Au ME, BQ is
electrochemically reduced at the ME and a scan curve with a peak is recorded.
The peak current on the scan curve is proportional to the PO activity of the single
cell. A typical scan curve of a single neutrophil is shown in Figure 11.6 (inset).
The PO activity in the single cell can be obtained on the basis of a calibration
curve.
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Figure 11.6 Schematic diagram showing electrochemical
measurement of PO activity in single cells by scanning a
microelectrode coupled with a microreactor. Inset: a typical
scan curve of a single neutrophil. (Adapted from [82], with
permission from ACS Publications.)
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In this method, the micropore size on the film is an important factor for the
determination of PO activity. Micropores on the nitrocellulose film should hold
back the PO molecules while letting small H2Q, H2O2, and BQ molecules through.
Another key factor is the diameter of the microreactor. When the diameter of the
microreactor is 350 µm, a concave image is observed because the nitrocellulose
film on the microreactor is caved in. When the diameter of the microwell is
larger than 350 µm, sometimes the microwell could not be sealed completely with
the nitrocellulose film and solution leakage could occur. When the diameter of
the microreactor is smaller than 200 µm, symmetrical peak-shaped images are
obtained. Additionally, the microwell volume should be as small as possible, to
increase the enzyme concentration in the single-cell extract. In this method, the
detected signal decreases with ME scanning time, because a portion of BQ diffuses
out from the microreactor and leaves the microreactor surface. Owing to film
resistance, the signal detected using this method is lower than that directly detected
in the microwell without the film using linear scan voltammetry explained earlier.
However, this method has two obvious advantages. First, there is no electrode
fouling. The ME as the working electrode and the sample solution are completely
separated by the nitrocellulose film with micropores. The micropores are so small
that only small molecules that do not foul the ME can diffuse out from the
microreactor and make contact with the ME. Therefore, the ME is very clean during
the measurements. Second, oxygen in the solution does not interfere with the
determination of enzyme activity. This is because not only oxygen reduction on
Au electrodes is very weak, but the oxygen reduction also appears as a constant
baseline on the scan curve, which does not affect the accurate measurement of the
peak current.

SECM can also quantify PO activity in single intact neutrophils [83]. The strategy
of the single-cell analysis method using SECM is shown in Figure 11.7. The SECM
measurements are performed for the perforated cells immobilized on a silanized
coverslip in PBS containing 1.0 × 10−3 mol l−1 H2Q and 1.0 × 10−3 mol l−1 H2O2.
In this case, large PO molecules are retained inside the cell interior [84, 85]. Small
molecules H2Q and H2O2 diffuse through the micropores into the cell interior.
There, H2Q is converted into BQ by intracellular PO. While BQ diffuses from the
cell interior onto the cell surface through the micropores with a steady flux, the BQ
near the cell surface is detected by an Au ME held at −0.3 V. When the ME as the
SECM tip is scanned laterally over the cell or along the central line over the cell, a
3D image or a 2D scan curve with a peak is obtained. Figure 11.8a shows the 3D
images of two single neutrophils using SECM. In the SECM measurements, due
to a negative potential applied to the ME, oxygen in the solution can be reduced
simultaneously at the Au ME, which contributes to the baseline on the images of
PO activity. In SECM for single intact cells, the contribution of cell topography to
the scan curve should be noted. In this case, the cell is also an insulator protruding
from the substrate. When the ME tip is scanned above the cell, the cell as an
insulator can block the diffusion of oxygen as mediator from the solution’s interior
to the cell surface. Oxygen reduction current over the cell will decrease as compared
to that over the substrate without the cell based on the SECM negative feedback
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Figure 11.7 Schematic representation of quantification of
PO activity in a single intact neutrophil by SECM coupled
with ultramicroinjection. (a) Scanning a ME tip over a per-
forated neutrophil and (b) injecting HRP standard solution
into the perforated neutrophil. (Adapted from [83], with
permission from RSC Publishing.)

mode [86]. Thus a scan curve with a small negative peak corresponding to the cell
topography is recorded. When the intracellular standard addition method is used to
quantify PO activity in single intact cells, the effect of oxygen reduction current can
be eliminated. In order to save time and eliminate the effect of electrode surface
change, the 2D scan curve along the cell central line over a perforated neutrophil
is used to quantify PO activity in single cells.

For SECM of single intact cells, the electrochemical response may depend on
membrane features such as the membrane area, which is determined by the cell
size, the number, size, and thickness of the micropores and the kinetic behavior
of intermembrane transport of enzyme substrates through micropores. To avoid
the effect of these factors on the quantification of PO activity, the intracellular
standard addition method is used. In the current method, the volume of the
standard solution injected into a cell is a key factor. If the volume of the injected
solution is too large, not only permanent membrane damages but also membrane
rupture on the cells may be induced. The cell volume will also change before and
after injection of the standard solution. Thus, variation of the cell volume must
be considered. However, accurate measurement of variation of cell volume for an
∼10-µm-diameter neutrophil is very difficult. To solve this problem, a negligible
volume of the standard solution (<10 fl) as compared with the neutrophil volume
(500–900 fl) is injected. Submicrometer-sized micropipette tips are used to inject
such a small volume of the enzyme standard solution into the cell. At the same
time, when a tip is inserted into and withdrawn from the cell submicrometer-sized
micropipette tips can also prevent cell trauma. In addition, the amount of the
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Figure 11.8 (a) Three-dimensional image of two perforated
neutrophils labeled 1 and 2 and (b) the scan curves (1) be-
fore and (2) after injection of HRP standard solution into a
perforated neutrophil. (Adapted from [83], with permission
from RSC Publishing.)

standard enzyme injected into the cell, which depends on the injection volume and
the concentration of the standard enzyme solution, should match with that of the
natural cellular enzyme in the cell. Figure 11.8b shows typical scan curves along
the central line over a perforated cell before and after ultramicroinjection of the
enzyme standard solution.

This method has several major advantages. First of all, the determined PO
is retained in the cell interior during the determination process, meaning that
there is no sample dilution. Secondly, the signal is amplified by the intracellular
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enzyme-catalyzed reaction. These two advantages lead to a very high sensitivity for
the determination of enzyme activity in single intact cells. The peak current for a
single intact neutrophil using this method is much higher than that for a lysed
cell diluted in a microwell using nitrocellulose film–covered microreactor with
micropores as described above. Thirdly, there is no electrode fouling from adsorp-
tion of intracellular biological molecules, because the ME tip and the biological
molecules are completely separated by the cell membrane. Fourthly, the electroac-
tive compounds that can be directly oxidized at the ME did not interfere with the
determination of PO activity in single cells due to the negative detected potential.
Finally, oxygen in the detected solution and the negative feedback response due
to the difference between ME-to-cell distance and ME-to-substrate do not affect
the measurement of PO activity in single cells. This is because the peak current
difference before and after ultramicroinjection of the enzyme standard solution for
the same cell is used to quantify the PO activity in single intact cells. In this case, the
current corresponding to oxygen reduction and the feedback response is subtracted.

11.5
High-throughput ECD

In a majority of the reported papers on single-cell analysis of enzymes, a single cell
must be lysed in the microsampler such as capillary or microwell to release enzymes
before detection. Usually, the microsampler must be treated to remove cellular
debris and intracellular substances adsorbed on the wall of the microsampler before
the next single-cell determination. This makes the analysis rate, that is, the cell
throughput, rather low and limits the practical application of the technique. To per-
form a high-throughput method for single-cell analysis, a variety of methods such as
use of a multipurpose single-cell injector [87], continuous cell introduction method
for erythrocytes [88], and a microfluidic chip-based high-throughput single-cell
analysis [89] have been developed. Recently, an electrochemical high-throughput
method for analysis of PO activity in single neutrophils without cytolysis has been
reported [85]. In this method, neutrophils in a reaction tube (Fig. 11.9a) are first
perforated with digitonin (Figure 11.9b). The perforated cells with PBS containing
5.0 × 10−4 mol l−1 H2Q and 8.0 × 10−4 mol l−1 H2O2 at 4 ◦C in a syringe are con-
tinuously introduced by nitrogen pressure into a capillary in a warm bath of 37 ◦C
(Figure 11.9c), to increase the rate of the intracellular enzyme-catalyzed reaction
in the capillary. H2Q and H2O2 diffuse into the cell interior, where PO converted
H2Q into BQ (Figure 11.9c and d). The electroactive BQ diffuses out from the cell
interior to the cell surface through the micropores and forms a BQ zone around
the cell (Figure 11.9d and e). This process proceeds inside moving cells, and BQ
zones are formed around every perforated moving cell. The BQ zones with the
moving cells are continuously delivered to the capillary outlet under hydraulic
flow and detected by a CFDBE. Figure 11.10 shows a segment of 32 min on the
elution curve of 39 intact neutrophils, indicating an average detection rate of >1
cell/min. For the high-throughput single-cell analysis, cell concentration should
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Figure 11.9 Schematic diagram showing the process of
high-throughput ECD of PO activity in single cells. (Adapted
from [85], with permission from ACS Publications.)

be controlled. The lower the cell concentration, the larger the interval between the
peaks, and thus the lower the analysis throughput. On the other hand, higher cell
concentrations will lead to overlapping peaks. Additionally, the temperature of the
perforated cell suspension in the syringe should be low. When the temperature
of the whole detection system is 37 ◦C, the blank current from BQ produced in
the syringe increases the baseline with increasing run time. This is because of
the direct oxidation of H2Q to BQ by oxygen, peroxide itself, and trace metals,
as well as PO inside the perforated cells in the syringe. The BQ amount in the
syringe can be decreased by decreasing the enzyme-catalyzed reaction rate. When
both cell suspension and PBS containing H2Q and H2O2 at 4 ◦C are used and the
syringe with the cell suspension is placed in an ice bath, the blank current can
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Figure 11.10 Continuously recorded elution curve of human
perforated neutrophils with a cell concentration of 4.0 × 103

cells/ml. (Adapted from [85], with permission from ACS
Publications.)

be neglected. In this method, the biological macromolecules that can be adsorbed
on the capillary wall or on the working electrode do not escape from cells and do
not interfere with the determination of enzyme activity. Not only the precision of
the results can be improved, but also the high-throughput single-cell analysis for
enzyme activity can be realized without capillary treatment between runs.

11.6
Perspective

Without question, ECD is a powerful technique for quantifying enzyme activity
in single cells. The ECD techniques described in this chapter can be applied
to determine other enzymes in single cells, when suitable enzyme substrates
are chosen. The ECD strategy of enzyme activity can also be applied to other
detection techniques to obtain high sensitivity and improve reproducibility of
method. Although ECD has been successfully used to quantify electroinactive
enzymes in single cells, new methods should be developed. Increasing throughput
and automation of analysis process like flow cytometry should first be considered;
otherwise, the technique cannot be effectively applied in life science. Additionally,
electrode fouling should be avoided. The analysis of intact cells without cytolysis is
the best way to solve these problems.
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12
Single-cell Mass Spectrometry
Ann M. Knolhoff, Stanislaw S. Rubakhin, and Jonathan V. Sweedler

12.1
Introduction

Mass spectrometry (MS) has been widely used to investigate a variety of bio-
logical systems, ranging from subcellular structures to entire organisms. This
powerful analytical technique has enabled the characterization and identifica-
tion of a plethora of analytes including elements, metabolites, peptides, and
proteins. Furthermore, spatial, temporal, and chemical information can be ob-
tained from bioanalytical MS measurements. One promising application of this
information-rich approach has been in single-cell investigations – cellular mea-
surements that have advanced our understanding of tissues and organisms at
a fundamental level. These experiments have yielded detailed insights regard-
ing many biological functions. Although there are multiple techniques capable
of detecting analytes of interest within a cell, what sets MS apart is its abil-
ity to simultaneously detect and identify many analytes without preselection or
tagging. Posttranslational modifications and prohormone processing can also be
determined. Moreover, cell-to-cell differences in chemical heterogeneity can be
characterized via MS.

Different cell types often vary greatly in their analyte amounts and concentra-
tions, and even morphologically similar cells show differences in analyte profiles.
Accordingly, single-cell studies demand methods that meet three key requirements:
high-sensitivity, chemically rich information, and a wide dynamic range. Because
MS is a highly sensitive technique, with detection limits for many MS-based
approaches in the attomole range, it is well suited for probing single-cell biochem-
istry. In fact, efforts to improve detectors in MS instrumentation have resulted
in detection efficiencies approaching 100% [1]. Finally, the wide dynamic range
of MS facilitates the characterization of analytes over large variations in their
concentration.

Single-cell MS has been used to examine many cell types from a variety of
organisms, ranging from unicellular organisms such as bacteria and yeast, to
complex animals such as mammals. The invertebrates Aplysia californica and
Lymnaea stagnalis have been popular model systems for the development of
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single-cell MS because of their well-defined neuronal systems in which cells are
relatively easy to identify, isolate, and test physiologically [2–7]. These single-cell
MS studies have resulted in the discovery of many cell-to-cell signaling molecules,
including information on their location, release, and function. Smaller cells from a
variety of insect models – the moth [8], fruit fly [9, 10], and cockroach [11] – have also
been successfully investigated with single-cell MS. The success of these invertebrate
studies has led to the application of this technology to more structurally complex
mammalian tissues, with most cells being no larger than 10–20 µm in size. It
follows that increasing the sensitivity of MS detection, as well as improving sample
quality and preparation, must be emphasized in continued efforts to advance and
optimize this methodology.

Given the small sample volumes and relatively low levels of analyte inherent
to single-cell experiments, it is not surprising that their success depends heavily
on sample quality. Exceptional attention must be given to cell isolation, handling,
and analyte extraction. Choosing the right sample preparation technique, which is
highly dependent upon the analytical method being used and the analyte of interest,
is also important. Here, we discuss the three major ionization approaches used in
single-cell MS studies: matrix-assisted laser/desorption ionization (MALDI) MS,
secondary ion mass spectrometry (SIMS), and electrospray ionization (ESI), as well
as the appropriate sample preparation process for each.

12.2
Mass Spectrometry

In MS, analytes are ionized in some fashion and then introduced into the mass
analyzer, where the ions are focused and separated based on analyte properties,
such as kinetic energy or momentum. From this, the mass-to-charge ratio (m/z) of
the ion is calculated. One can determine the charge and experimental mass of the
detected species by considering the isotopic distribution and position of the ions in
the resulting mass spectrum. Modern mass spectrometers can characterize analytes
with high mass accuracy, often in the low parts per million range. Maintaining high
mass accuracy aids in analyte identification, in part by matching the measured and
theoretical masses for specific analytes; however, one often cannot unequivocally
identify an analyte based on its detected mass alone. Additional techniques can
serve to confirm MS identifications; for example, using standards, implementing
in situ and immunohistochemical approaches, and/or incorporating additional MS
data. In an approach known as tandem mass spectrometry (MS/MS), the molecular
ion of the analyte of interest can be fragmented and the identity determined by
the resulting fragmentation pattern. If the concentration of the analyte is not
high enough for tandem-assisted studies, which is often the case for single-cell
analyses, samples can be pooled to increase the amount of analyte available for
investigation.

The most common ionization methods used for complex biological samples are
highlighted here. Note that a single ionization method is not always sufficient;
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rather, they can provide complementary information. A more in-depth coverage of
other aspects of mass spectrometers, such as mass analyzers and detectors, can be
found elsewhere [12, 13].

12.2.1
Matrix-assisted Laser Desorption/Ionization

A great advantage of using MALDI MS is that it allows the direct analysis of individ-
ual cells and can ionize a wide range of analyte classes, including lipids and proteins.
As mentioned previously, this technique has a high sensitivity with a dynamic range
amenable to single-cell analysis. In MALDI, analytes are incorporated into a ma-
trix, such as α-cyano-4-hydroxycinnamic acid (CHCA) or 2,5-dihydroxybenzoic acid
(DHB). These specific matrixes are commonly used to analyze peptides and pro-
teins, but there are many other MALDI matrixes available, often ideal for specific
analyte classes. During sample preparation, the matrix is dissolved in solvent and
applied to the sample – the solvent evaporates and the analytes are incorporated
into the matrix as it crystallizes. To ionize analytes, a laser, with a wavelength
strongly absorbed by the matrix, irradiates the sample spot (Figure 12.1a). This
causes rapid vaporization and ionization of the matrix molecules; the analyte is also
vaporized and ionized during this process. MALDI is considered a ‘‘soft’’ ionization
technique because intact molecules are ionized with little to no fragmented species
observed. For a more detailed explanation of the ionization process, there are
several reviews that thoroughly describe the specific mechanisms involved [14–17].

A number of factors must be considered when planning a MALDI MS
experiment. For example, the MALDI matrix should be selected according to the
class of analyte being examined. The matrix should also be soluble in the solvent
chosen and used at concentrations known to lead to efficient MS detection. The
solvent plays an important role in the sample preparation process; slower solvent
evaporation results in more time for analyte extraction and incorporation into the
MALDI matrix. Some substances may hinder MALDI matrix crystal formation,
including organic buffers and inorganic salts. However, in comparison with other
ionization methods, MALDI is fairly tolerant to these factors. Using a higher
matrix concentration can aid in appropriate crystal formation in the presence of
physiological salts [18]. The matrix concentration and volume applied to a sample
should also be optimized for that sample. In addition, mixed matrixes can aid in
obtaining better results with MS profiling [19]. Recrystallizing the MALDI matrix
while on the sample can create better crystals and aid in the elimination of salt
effects [20]; however, with single-cell sampling, if the matrix spot is too large, this
results in dilution of the analyte, making its characterization problematic. Efforts to
promote increased ionization with the addition of ion pairing agents to the matrix,
or coating the sample with gold [21], have been reported. As mentioned, due to the
small size of most cells and thus, the typically low amounts of available analytes, the
quality of cell isolation, handling, and analyte extraction are often essential for ex-
perimental success. The sample preparation strategies for single-cell MALDI must
be selected with regard to the specific organism and cell type under investigation.
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Figure 12.1 Mass spectrometric ionization processes. (a)
MALDI utilizes a pulsed laser to irradiate a mixture of ana-
lyte and matrix. (b) SIMS implements an ion gun to sputter
secondary ions from the sample surface. (c) ESI requires the
sample to be in solution where a voltage difference creates
a Taylor cone of small droplets containing analytes.

12.2.1.1 Sample Preparation for Single-cell MALDI
Several strategies have been implemented to obtain chemical information from
single-cell samples with MALDI MS. Typically, individual cells are isolated from
tissues or organs using enzymatic or nonenzymatic approaches and transferred
onto the MALDI target where matrix is applied onto the cell. Early studies using
single-cell MALDI MS were performed with neurons from the mollusks L. stagnalis
and A. californica [2–7]. Aplysia, a marine sea slug, presents an additional challenge
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because its extracellular environment includes >450 mM NaCl. To address this
issue, a procedure of washing Aplysia cells with an aqueous solution of DHB
was introduced to remove excess salts, while maintaining the integrity of the
cell membrane [22]. The concentration of inorganic salts can also be significantly
decreased by microextraction procedures; for example, when analytes released
from stimulated Aplysia bag cell neurons were captured by solid-phase extraction
beads placed at the site of release [23, 24]. The beads are then washed to reduce
the amount of salts in samples without significant loss of analyte, resulting in an
increase in signal intensity. In situations where extracellular inorganic salts are
present in lower amounts, sample conditioning steps can be omitted. For example,
smaller insect cells have been isolated without enzyme treatment, exposed directly
to the matrix, and analyzed with MALDI MS, with an outstanding profile of
signaling peptides demonstrated [8, 10, 11]. Additional optimization of sample
preparation and signal acquisition protocols is required when smaller cells with
lower concentrations of analytes need to be investigated using MALDI MS.

Direct analyses of cells with MALDI MS benefit from the confinement of cellular
analytes to a small surface area, especially with smaller cell types. This is necessary
to reduce analyte spreading during sample preparation. One successful approach
has used a small volume capillary for cell lysis with spatially defined analyte
deposition [25]. In this case, red blood cells were lysed inside a capillary and
spotted onto a MALDI target; the detected analytes were from hemoglobin, which
is obviously highly abundant in red blood cells. Laser capture microdissection
can also be employed for precise isolations of single mammalian cells from tissue
sections for protein detection [26]. Another isolation protocol for single mammalian
cell detection involves the addition of a glycerol-containing solution to stabilize the
cell membranes and prevent cell lysis during isolation, without a detectable change
in the biochemical profile of the cell [27–29]. After cells are incubated in a glycerol
solution for approximately 15 min, a glass micropipette is used to isolate single
cells (Figure 12.2). Next, the individual cells are transferred to the surface of a clean,
indium-tin-oxide-coated microscope slide or glass coverslip. One must be careful
at this point to make sure that the isolated cell does not include any excess glycerol
because it may interfere with MALDI matrix crystal formation. Using another glass
micropipette filled with MALDI matrix, nanoliter volumes of matrix can be applied
to single cells by gently touching the tip to the surface, where spot sizes less than
50 µm are achievable. It is especially important to conduct multiple controls when
such small samples are analyzed. For example, the extracellular solution should be
analyzed as a control to make sure that the detected signals are truly coming from
the studied cells and not the extracellular media, which may be contaminated by
compounds from damaged cells.

12.2.1.2 Recent Applications of Single-cell MALDI
To date, most single-cell MALDI reports relate to the investigation of the nervous
system, in part because of the interest in understanding the cell-to-cell differences
in key compounds in neurons. There have been multiple reports of single-cell
MS of the molluskan nervous system, demonstrating peptide identification in
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Figure 12.2 Single-cell sample prepara-
tion and subsequent mass spectrometric
profiling. (a) Attaching the cell to the glass
micropipette. (b) Transfer and (c) deposi-
tion of the cell onto a clean glass surface.
(d) Application of MALDI matrix to the spot

containing the cell. (e) Representative mass
spectrum of a pituitary blot and (f) a sin-
gle pituitary cell. (g) Portions of the mass
spectra obtained from six different, isolated
pituitary cells. (Reproduced with permission
from the American Chemical Society [28]).

these samples via MS/MS [5, 30]. Recently, similar work has been applied to
insect neurons. For example, specific neurons from Drosophila melanogaster, with
10–20 µm diameter somas, were identified by cell-specific expression of fluorescent
protein, isolated, profiled with MALDI MS, and several peptides identified from
these single cells [9]. Moreover, previously unknown peptides can be discovered by
detection and identification by MS/MS in various organisms. This approach also
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helps to elucidate peptide processing and posttranslational modifications that may
be present. In terms of peptide discovery in other organisms, the first MS-based
identification of a prohormone from the arthropods Ixodes ricinus and Boophilus
microplus was accomplished recently using single-cell analysis; these ticks have
neurons smaller than 30 µm [31].

In the Sweedler group, single-cell MALDI research has ranged from detecting
peptides from A. californica in single isolated organelles [32] to spatial profiling
of a single neuron [33] to quantifying peptides in individual cells [34]. These
experiments have resulted in the discovery of a number of new neuropeptide
prohormones [35–38], as well as information on unique peptide posttranslational
modifications [4, 39, 40]. Moving toward smaller cell types, single mammalian
cells from the rat pituitary have also been analyzed, where approximately 10
peptides were detected per cell, with more than 15 observed overall [28]. As seen in
Figure 12.2, there is a relatively high signal intensity from a single cell. Although
the identities of many peaks in the mass spectra have been determined, there are
other detected analytes that await identification. This methodology can be applied
to other cell types in other tissues and organs.

A limitation of direct single-cell analyses via MS has been quantitation, although
this is beginning to be addressed. Quantitative measurements directly from tissues
with MALDI are inherently difficult, in part because the incorporation of the
analyte into the matrix needs to be reproducible among samples and the matrix
spot should be homogeneous to ensure even analyte distribution and reproducible
ionization. Despite the inherent challenges of analyte quantification in cells with
MALDI, a relative quantitation protocol has been developed using single Aplysia
neurons [34]. As shown in Figure 12.3, iTRAQ reagents were implemented to
relatively quantitate components present within the cell. The differences in analyte
concentrations among different cells are revealed in the MS/MS data. This protocol
could certainly be implemented in other cell types to aid in functional studies.

Another exciting technological advance that has been applied to single-cell
studies is mass spectrometric imaging (MSI). MSI allows one to visualize the
spatial distribution of many analytes within a particular sample and is a growing
field in bioanalytical MS [41–43]. In MALDI MSI, the sample stage is moved in
small increments so that the laser ionizes each spot, thereby acquiring the mass
spectra at an array of locations across the sample surface. Images of specific analyte
distributions in the sample are created by extracting the signal at a particular
mass as a function of the spatial positions of the sample stage. The spatial
distribution of many analytes, in some cases hundreds, can be determined in a
single experiment; however, MALDI imaging at the single-cell level is problematic
because of limitations in the spatial resolution of MALDI MSI. Spatial resolution is
determined by the laser spot size, the movement of the sample stage, or spreading
of analytes. For optimal sensitivity, it is important to extract the analytes from
the cell and fully incorporate them into the matrix. To achieve optimal spatial
resolution, one needs to reduce lateral analyte spreading. Accordingly, spatial
resolution and sensitivity are linked. Addressing this issue, Monroe et al. [44]
developed a protocol whereby tissue sections are placed onto the surface of a layer



204 12 Single-cell Mass Spectrometry

Cell pair 1

1070.1

1070.1

114.1

110 118m/z

m/z

m/z

110 118m/z

114.1

117.1117.1

117.1

117.1

1204.5797.9
603.6

489.6227.9
1495.6

1513.11168.5931.9684.5
603.8

489.7227.9

1743.4

1743.5

1888.3

1888.4 Cell pair 2

2002.1

2002.5

Cb peptide

F-clusters

100 µm

CFT neurons
CFT neuron on MALDI

sample plate

(a)

Extract of single CFT
neuron #1 prepared
on MALDI sample

plate

Extract of single CFT
neuron #2 prepared
on MALDI sample

plate

Samples are redissolved and mixed

MALDI MS/MS
analysis

iTRAQ buffer is
added

iTRAQ 114 is
added

MALDI matrix is
added

MALDI MS
analysis

iTRAQ buffer is
added

iTRAQ 117 is
added

MALDI matrix is
added

MALDI MS
analysis

(b)

(d)

(c)

R
el

at
iv

e 
in

te
ns

ity
 o

f s
ig

na
l

R
el

at
iv

e 
in

te
ns

ity
 o

f s
ig

na
l

Single CFT neuron

845.2
968.6

1112.5

Cell pair 1

Cell pair 2

Mix of contents of two individual CFT
neurons after separate labeling with

iTRAQ 114 and iTRAQ 117861.2
1490.8

1774.9

1888.0

2002.0

1304.5
1396.6 1661.6

1774.71887.8
2001.91490.5

1160.7
1296.6

IS

1365.7

Cb

(1–13)
1486.7

Cb

(1–14)
1599.8

Cb peptide 1713.8

Cb peptide

DTENVNDKLRGILLN

Cb

(1–12)
1661.5

+144 +144 +144 +288 +288 +288

800 1000 1200 1400 1600 1800 2000

250 750 1250 1750 2250

Figure 12.3 iTRAQ labeling allows the de-
termination of relative quantities of peptides
present in single neurons. (a) F-cluster with
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plate (right). (b) Protocol for relative peptide
quantitation in single neurons using iTRAQ
reagents. (c) Top mass spectrum repre-
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spectra are mixtures of two different pairs
of CFT cells. (d) Tandem mass spectra of a
peptide acquired from the mixed contents
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separate labeling with iTRAQ 114 and iTRAQ
117. The insets show the mass range con-
taining isotopic labels cleaved from labeled
molecular ions during the fragmentation pro-
cess. (Reproduced with permission from the
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of 40-µm glass beads embedded in Parafilm M. When the substrate is stretched,
each bead has on the order of a single cell attached to it. After matrix is applied to the
sample, recrystallization of the matrix enhances the quality of the matrix crystals.
Furthermore, due to the hydrophobic nature of Parafilm M, analyte redistribution
is minimized. Instead of trying to profile each individual bead, the entire sample
can be profiled and the data stitched together to reconstruct an image of analyte
localization from the original tissue sample [45].

Another approach using MALDI MSI on the cellular scale has been introduced
by the Heeren group [46, 47]. Rather than decreasing the size of the laser spot
to increase spatial resolution, a mass-microscope uses a large laser spot, but
the spatial orientation of the ions is maintained during separation in the mass
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analyzer. This technique is capable of a spatial resolution of 4 µm with 500-nm pixel
sizes. Although single-cell detection was not demonstrated, the scale for single-cell
ionization and detection has certainly been achieved.

MSI has also been employed in measuring time-resolved release of peptides
from neurons using a microfluidic-based collection approach [48]. In this work, a
single Aplysia neuron is confined inside a channel where three connected channels
are used to collect releasates from a neuron before stimulation, during chemical
stimulation, and poststimulation. Each channel is also functionalized with a C18
layer to collect the released analytes. This approach for temporal isolation of
released peptides could be further improved by including additional channels for
better temporal resolution.

As mentioned previously, MALDI MS is more commonly used for detection
and identification of larger molecules, but metabolites can also be studied with
this approach. As an example, metabolites in yeast were detected with single-cell
sensitivity by the Zenobi group [49]. As noted in the supplementary material of
their report, several sample protocols and optimizations were employed to increase
sensitivity. The optimized protocol included measuring the number of cells within
a certain volume with flow cytometry and performing a cell extract on that sample.
Matrix was sprayed onto a target and the extract of various volumes was spotted
onto it with a piezo printer. It was determined that 390 pl was sufficient for
obtaining metabolite signal from the extract, while the volume of a single yeast cell
contains less than 100 fl. Although not specifically single-cell MALDI, these results
demonstrate that small cells and their small molecule contents can be assayed
using this approach.

Without a doubt, the figures of merit for single-cell MALDI MS are currently
impressive, and they continue to be improved. As enhanced sample preparation
protocols and more sensitive instruments are developed, the efficacy of such mea-
surements will progress. This will allow a greater range of analytes to be measured
from more cell types at higher spatial resolutions. High-throughput analyses of
individual cells using MALDI MS will expand application of the technique to
include fundamental research, clinical studies, and industrial investigations.

12.2.2
Secondary Ion Mass Spectrometry

Like MALDI, SIMS can directly profile samples and has been applied to single-cell
studies. As one major difference, SIMS typically does not require the addition
of a specific matrix to the sample. The ionization process for SIMS utilizes an
energetic, focused ion beam to sputter secondary ions from the sample surface
(Figure 12.1b). This technique is considered a ‘‘hard’’ ionization technique, which
produces internal fragmentation of analyte molecules. SIMS is implemented for
smaller molecular weight compounds, with the majority of detected analytes
having molecular masses less than 500 Da. The upper mass threshold is limited
by the sputtering and desorption processes of SIMS because the ejection of intact
molecules is a lower probability event for larger molecular weight compounds.
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Thus, the high mass limit depends on the amount of material present, as well
as the sampling and sputtering processes. There are two modes of operation
with SIMS: static and dynamic. Static SIMS can generally be considered as a
nondestructive method because less than 1% of the surface is probed by the
primary ion beam [50]. In contrast, dynamic SIMS uses a large number of primary
ions where the surface layer is generally damaged and removed during analysis
[51]. Experiments using this method are also known as depth-profiling studies.

A variety of ion beams can be implemented for sputtering with the analytical
figures of merit dependant on the details of the ion beam. Atomic and diatomic
sources available include Au+, Ar+, Cs+, Ga+, In+, N2

+, and O2
−, but the use

of cluster ion sources, such as C60
x+, SF5

+, Arn
++, CsnIy

+, Binx+, and Aun
x+,

are becoming more popular. Cluster ion beams have gained increasing attention
because they generate higher secondary ion yields with greater efficiencies than
atomic sources, improving the limit of detection for larger molecules in addition
to decreasing sample damage. One of the more impressive advantages of using
SIMS is that analyte distribution can be imaged within a single cell, with spatial
resolutions less than 50 nm possible [52]. SIMS has also been implemented in
three-dimensional (3D) molecular analysis, where the ion beam initially rasters
across the surface, generating secondary ions. A sputter beam removes this analyzed
layer, thus exposing a new layer for further analysis. A detailed description of cluster
sources, and their application to depth profiling, can be found elsewhere [53].

Another difference between MALDI and SIMS is that MALDI detects cellular
content, and SIMS, as a surface technique, characterizes analytes on the sample
surface. Because of the fragmentation that occurs with the SIMS process, the
detected analytes are typically identified by characteristic mass fragments and their
comparison to standards. MS/MS analyte identification is not common, but has
been developed [54, 55].

12.2.2.1 Sample Preparation for Single-cell SIMS
Most studies that employ SIMS for single-cell analyses focus on its imaging
capability; thus, the overall goal of sample preparation in SIMS is preserving
the original localization of analytes to obtain a representative view of processes
occurring in functioning biological systems. Freeze-fracture procedures for sample
preparation are used because the process is rapid and preserves cellular morphology
[56]. However, this protocol tends to yield few cells for analysis and requires a
specially designed cryochamber for sample handling.

Although inorganic salts can be imaged with SIMS, these salts can interfere with
the detection of other analytes. If salt is present, which is common for cellular
samples, it can dominate the spectrum. Ammonium acetate can be employed to
remove salt and other interferants from the cell while still maintaining the integrity
of the cell membrane in a reproducible fashion [57]. Furthermore, multiple fixation
techniques can be used, such as rinsing the sample in water [58], 70% ethanol [59],
trehalose and glycerol [60], or sucrose and water [21].

Other sample preparation steps have also proven useful for improving signal
with SIMS. Charging can commonly occur, which results in poorly resolved peaks.
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To alleviate this, a cell can be deposited or cultured on silicon, rather than on
glass, or the entire sample can be coated with a thin layer of gold [21]. This
sample coating provides the additional benefit of increasing secondary ion yields
with less fragmentation. It has also resulted in the detectability of larger analytes;
however, the resulting spectrum may include metal adducts and clusters, which
can hamper data analysis. Adding a MALDI matrix for SIMS application has also
been demonstrated to increase the detectable mass range, but has not yet been
implemented for single-cell applications.

12.2.2.2 Recent Applications of Single-cell SIMS
Measuring analyte distribution in cells can yield information not only on the state
of the tissue but also on the role of these molecules in various processes. With the
demonstration that SIMS was capable of imaging diffusible ions on a subcellular
level, it was appreciated that a variety of biological processes could be monitored
[61]. For example, imaging of boron has been useful in determining cellular uptake
in normal and tumor tissue for applications in cancer therapy [62]. Furthermore,
with the progression of SIMS instrumentation, molecular species could be detected
and imaged simultaneously with atomic species on a subcellular level, which led
to application in biological samples [63].

More recently, research has focused on membrane lipids and their changes
during dynamic events. As one example, Tetrahymena thermophila is a single-cell
organism that mates by adjoining two cells to allow the migration of micronuclei
between them. This process requires lipid synthesis and rearrangement. Winograd
and Ewing’s [64] groups demonstrated that the micron-sized junction between
the two cell bodies has a decrease in phosphatidylcholine relative to the rest of
the cell body. Furthermore, the appearance of an unidentified peak increased in
this junction, which was not present in other cell types and may be significant in
forming this connection. In another application of determining analyte localization,
Monroe et al. [65] demonstrated that vitamin E is not homogeneously distributed
in an Aplysia neuron but is found at higher levels at the soma–neurite junction.

Similar to MALDI MS, quantitation of analytes in a tissue requires attention to
detail in SIMS. The resulting signal intensity depends on the chemical composition
and topography of the cell, primary ion interactions, instrumental transmission,
and detector response [51]. Ostrowski and coworkers [66] developed a method
to relatively quantify cholesterol between control and cholesterol-treated cells.
Cholesterol has a variety of roles, including functions in metabolism, controlling
phase behavior of membranes, in addition to being a precursor to hormones and
vitamins [67, 68]. Also, abnormalities in cholesterol content have been observed in
several diseases [69–71]. The use of an internal standard that remains constant in
treated and nontreated cells is needed for normalization of the spectra; in this case,
C5H9

+ was used. The control and cholesterol-treated cells were separately incubated
with two different fluorophores known to adhere only to the outer membrane of the
cell. To make a direct comparison, results for two cells under different treatments
were analyzed in the same SIMS image to control for potential instrumental
differences. Different fragments of cholesterol were produced with varying degrees
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of cholesterol elevations and standard deviations in signal, results which stress that
fragment ions must be analyzed and chosen carefully for accurate quantitation.
This methodology was able to detect a significant increase in cholesterol after
incubation and could be applied for relative differences in concentration for other
treatment conditions.

An enhancement to single-cell SIMS is 3D imaging. An early demonstration
is the imaging of Xenopis laevis oocytes [58], large cells (0.8–1.3 mm in diameter)
that also contain larger cellular components. These cells are also resistant to
osmotic changes, which limits potential analyte diffusion [72]. Different component
localizations were detected in the x, y, and z planes of this model system, as shown
in Figure 12.4, top panel, where some analytes have greater intensities below the
cell plasma membrane. Even though these cells are resistant to osmotic changes,
they did exhibit a morphological change after rinsing with water and after freeze
fracture. Sample preparation will need to be optimized to maintain the original
distributions of analyte and morphology in all dimensions.

In another example of 3D SIMS imaging, a new SIMS instrument design, the
Ionoptika J105 3D Chemical Imager, incorporates a continuous C60

+ ion source
[54]. This results in continuous secondary ion production, which greatly enhances
the duty cycle and SIMS signal. A precooled sample stage is also included for
flash-frozen samples to minimize analyte redistribution. The resulting chemical
image is shown in Figure 12.4, bottom panel, where adenine is localized in the
center of the cell and the lipid signal is on the outer portion of the cell, as would
be expected. These demonstrations of 3D-imaging yield a more complete view
of cellular analyte distribution and will certainly lead to future applications in
functional studies.

Further enhancements to SIMS instrumentation continue. Mass resolution
improvements to the previously mentioned J105 3D chemical imager provided
MS/MS capability [54], resulting in the ability to distinguish two different species
with similar molecular weights. For example, analytes with m/z values of 102.8
and 103.0 had different spatial distributions in cheek cells. In another advance,
an Applied Biosystems QStar mass spectrometer with MS/MS capability has
been modified and converted into a SIMS instrument by adding a C60 source
[55, 73]. With the development of new systems for analyte identification, SIMS
implementation in bioanalytical investigations will become more frequent.

Developments in SIMS have been primarily focused on sample preparation im-
provements, ion source development, and demonstrations of different capabilities
of instrumentation, while actual functional bioanalytical studies have been some-
what limited. Given the high spatial resolution that SIMS affords, future studies
should progress the field with more functional applications. In one report, bacterial
metabolism rates of carbon and ammonium were detected and quantified with
SIMS on a single-cell basis via incubation of the cells with 13C and 15N [74]. It was
demonstrated that a high variability in metabolism existed between three different
strains from a common environment, each having its own purpose. Variability in
metabolism was also detected in cells from the same strain. Studies such as these
can further our knowledge of bacteria and how they interact with the environment.
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Figure 12.4 Three-dimensional SIMS imag-
ing. Top panel: three-dimensional biochem-
ical images of an oocyte demonstrating dif-
ferent distributions of the following analytes:
(a) phosphocholine peaks m/z 58, 86, 166,
and 184; (b) signal summed over the m/z
range 540–650; (c) signal summed over the
m/z range 815–960; and (d) cholesterol peak
at m/z 369. Color scale normalized for to-
tal counts per pixel for each variable (m/z
range). (Reproduced with permission from

the American Chemical Society [58]).
Bottom panel: three-dimensional image
of cells. (Left) The protonated molecular
ion from adenine, which is local-
ized to the center of the cells. (Right)
Phosphocholine-containing lipids, which are
observed as rings around the edge of the
cell. A larger view of the orthogonal slice
through a single cell is also shown for clar-
ity. (Reproduced with permission from the
American Chemical Society [54].)
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Other applications, such as imaging RNA localization with respect to translation
[75] or tracing copper intake of algae for environmental monitoring [76], offer data
important for both fundamental and applied sciences.

12.2.3
Electrospray Ionization

ESI MS has been successful in characterizing a range of samples and is the
preeminent approach for proteomics. Interestingly, it is not routinely used in
single-cell analysis. Unlike MALDI and SIMS, ESI involves the use of liquids
and therefore requires analyte extraction from the sample prior to introduction
into the mass analyzer. Therefore, sampling, extraction, and analyte dilution are
important in this application. Once the sample is prepared, the analyte solution
is electrosprayed (Figure 12.1c). ESI yields multiply charged species for larger
molecules, with the same species being detected at different m/z values, often
reducing detection limits. Separation techniques, such as liquid chromatography
or capillary electrophoresis (CE) are commonly hyphenated to ESI to reduce sample
complexity and to concentrate analyte bands. Because ESI is not as tolerant to many
inorganic salts and organic additives as are SIMS and MALDI, the separations also
serve to desalt and condition the samples prior to measurement.

Nevertheless, ESI has the capability to detect a broad range of analytes from
a single cell, from metabolites to large proteins, especially when optimized sam-
ple preparation approaches are implemented. There are multiple commercial
nanospray ESI sources available, which are important as these minimize sample
consumption and therefore fit well with single-cell ESI MS. With such approaches,
the sensitivity and limits of detection for ESI MS instruments are sufficient for the
detection of analytes from single cells [77].

12.2.3.1 Recent Applications of Single-cell ESI
Most reports of single-cell ESI include hyphenation to CE, which separates analytes
based on their size and charge with high efficiency. Using this combined approach,
hemoglobin was detected in human erythrocytes, where it is found at high levels
[78]. The cell was directly injected into the capillary with no prior stabilization and
then lysed due to the osmotic pressure difference of the running buffer. Similar
results were obtained on single erythrocytes using a different mass analyzer, thus
demonstrating capability on multiple instrument platforms [79]. Other analytes,
besides proteins, can be studied using single-cell ESI MS as well. Preliminary
results reported by Lapainis et al. [80] demonstrate that characterizing a single
neuron from A. californica is possible. To achieve these results, a home-built CE
system was interfaced with ESI MS and an experimental protocol was developed.
Controlled cell lysis was done within or near the separation capillary and efficient
separation was achieved. Several substances were detected, including acetylcholine.

Recently, there was a report of single-cell ESI MS with mammalian cells without
the need for prior separation [81]. The nanospray tip was implemented as a
micropipette under a video microscope, where the cytoplasm or granules were
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Figure 12.5 Live single-cell video mass spectrometry.
Step 1: scheme and visualization of injecting single-cell con-
tents with resulting data. Step 2: scheme for data analysis.
(Reproduced with permission from John Wiley & Sons, Ltd.
[81].)

removed from the cell (Figure 12.5). Ionization solvent was added to the tip,
and the sample directly introduced into the mass spectrometer. The cytoplasm,
cell medium, and solvent had similar, but distinct profiles. Principal component
analysis was applied to the data from each sampling, where data points from
each sample set were all clearly separated (Figure 12.6). Several peaks were also
identified by MS/MS, such as histamine and serotonin.

Single-cell ESI MS certainly has unrealized potential. Separations prior to
ionization allow more complex samples to be measured and so protocols need to
be optimized for each sample and analyte of interest. Direct infusion with ESI is
advantageous because sample dilution is minimized and analysis times are much
shorter. With the large range of analytes that can be detected and identified with
ESI MS, efforts to improve sample introduction approaches will continue.

12.2.4
Other MS Approaches

MALDI, SIMS, and ESI are the most widely used ionization techniques for MS
investigations of biological samples and single-cell studies. However, it is worth
mentioning several of the other MS techniques that are becoming more prominent
and have potential in this area. Some are related to laser desorption/ionization
(LDI), which do not require a matrix for ionization. For example, with the pioneering
work of Hillenkamp [82] in the development of the laser microprobe mass analysis
(LAMMA), spatial resolution can be on the micron scale and a variety of small
analytes can be detected [83]. Desorption/ionization on porous silicon (DIOS)
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can ionize peptides from single neurons and has the capability to image small
molecules from single cells [59, 84]. A recent development is nanostructure-initiator
mass spectrometry (NIMS), which utilizes a laser or an ion beam to ionize samples
on a substrate embedded with clathrate structures to promote ionization [85]. This
technique produces little fragmentation, has a lateral resolution of 150 nm, and
has already achieved single-cell detection. Laser ablation electrospray ionization
(LAESI) combines an ablation plume with ESI-like ionization, where plant tissue
can be directly ionized and imaged [86, 87]. This technique has a 200–300 µm
spatial resolution with femtomol level detection limits.

Like LAESI, there are other ambient ionization methods that have been developed
as well [88]. Desorption electrospray ionization (DESI) utilizes a charged spray to
extract and ionize analytes directly from the sample surface, and has already been
implemented in imaging tissue sections for metabolites and lipids [89, 90]. Another
example is direct analysis in real time (DART), which uses reactive ionized species
to interact with the sample of interest and is beginning to be used on biological
samples [91, 92]. Although this is not a comprehensive list of techniques that have
the potential for single-cell MS detection, it indicates the power of these emerging
methodologies for direct tissue measurements.
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12.3
Overall Outlook for Single-cell MS

The implementation of single-cell MS has been useful in studying neuronal
systems, metabolic profiles, cell membrane components, and many other systems
and analytes. MALDI, SIMS, and ESI are complementary techniques that yield a
wealth of information about the presence of identified and novel analytes. With
the currently available sample preparation and signal acquisition protocols, as well
as instrumentation, many biological questions can be answered. Continuing to
develop quantitative approaches is key to understanding the relationships between
analytes. Incorporating MSI in these studies aids in determining what roles are
being played by individual cells within a cellular network. Also exciting is the
rapid growth of a plethora of sampling and ionization approaches that offer a new
range of capabilities. The rapid evolution of technology with the increasing role of
proteomic and metabolomic investigations certainly proves that single-cell MS is
an area of growth. We expect that further applications and discoveries will expand
during the coming decades.
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13
Optical Sensing Arrays for Single-cell Analysis
Ragnhild D. Whitakerand David R. Walt

13.1
Introduction to Fiber-optic Single-cell Arrays

The importance of single-cell analysis has been described in several publications
[1–5] and a number of methods to analyze single cells have been published in
recent years [1–13]. Single-cell methods are important because an isogenic cell
population can exhibit large cell-to-cell variations with respect to cell behavior and
gene expression [14–16]. Although cell-to-cell variations are masked in conventional
techniques where an averaged response from many cells is measured, single-cell
analyses are able to capture these differences. To obtain statistically relevant data,
responses from many single cells must be simultaneously measured or within a
very short time frame. In our laboratory, a method for the simultaneous analysis
of thousands of single cells has been developed. The method employs a highly
sensitive single-cell array platform coupled with image- and statistical analysis
programs to obtain single-cell data from many cells. The single-cell platform has
been employed to analyze a variety of different cell types, including bacteria, yeast,
and mammalian cells. The different cell types used and the biological systems
studied are chosen because the data and results obtained from the systems are
masked in conventional bulk cell analysis techniques. The arrays are fabricated from
commercial optical fiber bundles (Figure 13.1), in which thousands of individually
clad optical fibers are fused together and then protected by an outer jacket.

The fiber bundle is first polished optically flat on a fiber polisher using diamond
lapping films. The cores of the fibers are then selectively etched on one end of
the fiber bundle to yield wells of uniform sizes. The glass composition enables
the cores to be selectively etched while the cladding between the cores remains
optically flat. The sizes of the wells can be adapted to accommodate the cell
type being analyzed and to ensure that each well holds exactly one cell. After
fabricating the arrays, single cells are placed in the wells and interrogated. The
specific methods for array fabrication for each of the different cell types are
described below. Cellular responses to a variety of stimuli are investigated and
these responses are recorded using either fluorescent dyes or reporter genes
that can be fluorescently interrogated. The cellular signals are detected using a
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(a)

(b)

(c)

Figure 13.1 Optical fiber bundle composed of 50 000
optical fibers, each 3.1 µm in diameter. The entire bundle
is ∼1.5 mm in diameter. (a–c) The fiber bundle imaged at
increasing magnification (a) 5×, (b) 10×, and (c) 40× mag-
nification. (Reproduced from [17].)

fluorescence microscope connected to a CCD camera, and the setup is coupled to
an image processing program and data analysis tools to yield accurate, reproducible
results (Figure 13.2).

When single cells are trapped in the wells, each individual fiber functions as a
specific light guide for the single cell. By measuring fluorescence from the cells
through the fibers, light from only a single cell is detected from each well by the CCD
camera (Figure 13.2). The light is transferred from the cells to the detector by total
internal reflection through the fiber. The loss of signal from the cell to the detector
is minimal, making the detection of single-cell signals highly sensitive [17–19].
In the fiber-optic array, the cells remain in the wells throughout the experiment.
By keeping the array fixed, the cells can be monitored over long time periods (up
to 24 h for some cell types) and their responses to a number of perturbations or
different stimuli can be recorded. In addition to recording cellular responses, the
exact location of each cell in the array is determined by the use of fluorescent
membrane dyes, fluorescent reporter genes, or by the use of live/dead assays.

13.2
Advantages of Fiber-optic Single-cell Arrays

From the chapters in this book, it is clear that many options exist when deciding
on a method for single-cell experiments. The choice of a particular single-cell
analysis method depends on the desired outcome of the experiments. The specific
advantages of using the fiber-optic setup are
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Optical fiber bundle/
cell array with attached
plastic sleeve

Fiber holder

Objectives

Single cell

Metal halide
fluorescent lamp

CCD camera

Excitation, dichroic and
emission filters housed in
filter turret

10
x 5x

20
x

Figure 13.2 Instrumental setup for
single-cell fiber-optic array. An optical fiber
array with a plastic sleeve is held in place
by fiber holders. The fluorescence micro-
scope has motor-controlled objectives and a

filter turret that holds excitation, dichroic and
emission filters. A metal halide fluorescent
light source is used, and the fluorescence
is detected using a CCD camera. Imaging is
performed through the fiber.

• the ability to follow each single cell over a number of stimulations or experiments;
• the ability to determine cell viability after all stimuli and perturbations have been

performed;
• the ability to determine population variance, outliers, and cellular toxicity from

single-cell data;
• the ability to compare cellular responses from different strains of cell lines

exposed to the exact same environment in multiplexed single-cell arrays;
• the versatility of the method allows for the analysis of a variety of biological

systems in a variety of different cell types;
• the universal high density setup has minimal signal loss from the cells to the

detector;
• the setup is a simple adaptation to a fluorescence microscope and should therefore

be available to most research laboratories.

The fiber-optic array physically traps cells and confines them to wells throughout
the experiment [11, 20, 21]. Trapping methods like the fiber-optic array are typically
not ideal for selection or separation of individual cells, in which case flow-based
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techniques or techniques like dielectrophoresis (DEP) or optical trapping are more
suitable [522–25].

13.3
Fiber-optic Arrays

The optical fiber bundles used for fabricating the arrays described here are
commercially available, which comprise thousands of individual fibers bundled
together. In the fiber-optic bundle, each individual fiber has a light transmitting
core surrounded by cladding material with a refractive index mismatch to facilitate
total internal reflection at the core–clad interface. The bundle itself is protected by
an outer jacket. We employ hexagonal densely packed coherent fiber bundles to
fabricate our arrays (Figure 13.1) [26, 27]. Bundles with individual fiber diameters
of 2.5, 3.1, 4.5, 7, 22, or 25 µm have been used. Bundles of the smaller fibers contain
24 000–50 000 individual fibers, while the bundles with larger fibers consist of
∼2000 fibers. The fiber cores are made from silica doped with several elements,
including barium, lanthanum, and boron. The fiber cladding consists of silica
doped mainly with lead. The refractive index of the core is higher than that of the
cladding (1.69 vs 1.56). When light travels from a medium with refractive index
n1 to another medium with lower refractive index n2, the light bends away with
respect to the normal of the interface surface (Figure 13.3). By increasing the
incident angle with respect to the normal, the exit angle also increases until the
critical angle is reached. At this point the light is reflected back to the first medium
so that light travels through the fiber via total internal reflection (Figure 13.3) [19,
26, 28].

The acceptance cone of the individual fiber dictates the incident light angle
that leads to total internal reflection (Figure 13.3). The collection efficiency of the
fiber is defined by its numerical aperture (NA) (Equation 13.1). The higher the
NA, the larger the acceptance cone, and the more light the fiber is able to collect.

Acceptance
cone

Cladding

Core

Cladding

Normal

Normal

q1
q2

Figure 13.3 Light transmission through a fiber caused by
total internal reflection. Increasing the incident angle with
respect to the normal increases the exit angle until the light
is reflected. (Reproduced from [28].)
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Commercial fibers have NAs ranging from 0.2 to 0.9. The NA of the fibers used in
our experiments is 0.66.

NA =
√

n2
1 − n2

2 (13.1)

where n1 is the refractive index of the core and n2 is the refractive index of the
cladding [27].

13.4
Single-cell Arrays for Bacteria

13.4.1
Array Fabrication

Bacteria are easy to cultivate and can be manipulated to detect and respond to a wide
variety of external factors [29–31]. Fiber-optic arrays containing bacteria can be
employed to create multiplexed bacterial biosensor arrays [32], create mercury [33]
and genotoxin [34] sensors, detect promiscuous behavior in drug responses [35],
and detect bacterial communication (unpublished data). When creating single-cell
arrays, several criteria have to be met: the well size has to be adapted to the cell type,
the cells have to be viable in the array, and any labels or expressed reporter genes
must not interfere with the cellular processes being investigated. As mentioned
above, single cells are isolated and confined within individual fiber-optic wells [32,
34–39]. To create single-cell arrays for bacteria, fiber bundles containing individual
fibers with either 2.5 or 3.1 µm diameters are employed. The fiber bundles are
first polished optically flat using a fiber polisher and diamond lapping films of
decreasing coarseness (40, 30, 15, 9, 6, 3, 1, 0.5 µm). Then, 2.5-µm-deep wells are
created by placing one end of the fiber in a stirred solution of dilute hydrochloric
acid (HCl) for a defined time. The etching is quenched by placing the fiber end
in H2O, and the bundle is subsequently sonicated in order to remove debris from
the surface due to the etching process. In order to place single living cells in the
microarray, the distal end of the fiber is modified by gluing a 1-cm-long piece of
PVC plastic tube, inner diameter 1/16 in. and outer diameter 1/8 in., to the distal
end of the fiber. This plastic sleeve serves as a vessel for cell medium and allows
modification of the extracellular environment as needed. In this configuration, the
cells are readily accessible to stimuli injections, and the tube prevents evaporation
of the medium above the cells. In order to confine the cells to the wells, a cell
suspension of bacteria is placed in the vessel and the fiber is placed horizontally in
a microcentrifuge and centrifuged for 1–2 min at 4000 rpm, forcing the cells into
the wells. The concentration of cells in the suspension is determined by measuring
the optical density (OD) of the cell suspension at 600 nm. The OD of the bacterial
cell suspension is commonly between 0.1 and 0.3. The number of cells placed
on the fiber must be adapted to each type of experiment. To analyze the number
of wells on the fiber, which are filled with cells, fibers are dried using alcohol or
critical point drying and imaged using scanning electron microscopy (SEM) [32].
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5 µm

Figure 13.4 SEM image of E. coli cells in 2.5-µm-diameter
wells. The rod-shaped bacteria are distributed either vertically
or horizontally in the array. (Reproduced from [32].)

The size of the wells is targeted to fit the bacterial cells; however, most bacteria
(e.g., Escherichia coli) used in our experiments are rod shaped, so they do not fit
perfectly into the round wells (Figure 13.4). In order to ensure that bacteria remain
in the wells, the fiber surface is treated with 1% polyethyleneimine (PEI). The
primary and secondary amine groups of PEI create a positive charge on the well
surface, which results in the attachment of the well surface with the negatively
charged bacterial cell surface through electrostatic forces. It is also possible that the
sticky consistency of PEI enhances cell attachment [17, 18, 32, 39, 40]. By providing
only minimal medium, confining the cells to the wells, and keeping the arrays at
ambient temperature (below the cells’ optimal growth temperature), cell division
in the wells is avoided.

13.4.2
Labeling and Detection of Cellular Responses in Bacteria Arrays

Several strategies exist for labeling bacteria on the array. The bacteria are labeled to
determine their exact location in the array and to detect their responses to certain
stimuli. Cells in the array can be labeled using fluorescent dyes that attach to specific
parts of the cell, or by employing strains that express a fluorescent reporter protein
that can be detected (e.g., luminescent or intrinsically fluorescent proteins, or
enzymes capable of cleaving fluorogenic substrates). In the two e xamples provided
below, genetically engineered strains are employed to both optically decode cell
locations and to detect cellular responses. All imaging wavelengths for fluorescent
compounds described in this chapter are given in Table 13.1.

Biran et al. created a multiplexed live bacterial single-cell array where optical
decoding was employed to differentiate between bacterial strains on the array [32].
Three E. coli strains were transformed using commercial plasmids to express fluo-
rescent proteins. Each strain expressed one fluorescent protein – green fluorescent
protein (GFP), red fluorescent protein (RFP), and cyan fluorescent protein (CFP).
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Table 13.1 Excitation and emission wavelengths for imaging
all fluorescent compounds mentioned in this chapter.

Fluorescent Excitation Emission Reference
compound wavelength (nm) wavelength (nm)

ConA–Alexa Fluor 350 360 440 [32]
Cyan fluorescent protein 440 490 [32, 33, 35]
Ruthenium II 455 613 [38]
Green fluorescent protein 480 530 [32, 34, 35, 37, 41]
FUN 1 480 590 [42]
ConA–Fluorescein 490 530 [32]
PKH 67 490 502 [39]
DiO 490 502 [36]
SYTO 9 494 530 [43]
C12FDG 494 530 [32, 42]
Oregon green 494 530 [44]
Calcein AM 495 515 [39, 44]
EthD-1 495 630 [39]
BCECF-AM 495 530 [39]
FITC 495 530 [39]
Propidium iodide 530 620 [43]
Red fluorescent protein 540 575 [32]
ConA–Tetramethylrhodamine 540 580 [32]
PKH 26 551 567 [39]
ConA–Texas Red 590 630 [32]
DiD 644 665 [39]
ConA–Alexa Fluor 660 650 680 [32]

The compounds are listed in the order of excitation wavelength.

The three different strains were randomly deposited on the fiber and by imaging the
array using different optical channels, the strains could be resolved and the exact
location and type of each cell on the array could be determined. In this setup, Biran
et al. created a multiplexed bacterial single-cell array. Upon decoding, this array
could be further used to simultaneously detect responses from individual cells from
different strains or populations. The multiplexed single-cell array provides unique
insight into response differences between strains and the cell-to-cell variance within
strains. The array provides information that is not available in conventional bulk
assays and can significantly improve the drug discovery process [32].

Kuang et al. employed a multiplexed array to detect genetic noise and promis-
cuous drug effects in single E. coli cells [34, 35]. Two different E. coli strains were
transformed with a plasmid expressing a fluorescent protein, either GFP or CFP.
Upon being exposed to specific compounds, the expression of the fluorescent
protein was induced. In these experiments, the cellular response to a known
compound indicates the cells’ exact location in the array, what type of strain it is
(expressing either GFP or CFP), and the level of cellular response to stimuli [34, 35].
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Kuang et al. monitored the protein expression in the two cell lines by imaging both
GFP fluorescence and CFP fluorescence over time, obtaining temporal profiles
of protein expression in response to different stimuli. Figure 13.5 illustrates the
spread of responses in the two different populations when the cells were exposed
to two different types of stimuli, genotoxin mitomycin C (MMC) and the synthetic
allolactose analog isopropyl β-d-1-thiogalactopyranoside (IPTG).

Kuang et al. observed large population variance in drug responses between clonal
populations. They were also able to analyze how a drug can simultaneously act on
two very different cell types. The ability to simultaneously detect these promiscuous
drug effects in single cells from different strains provides important information
for the drug discovery process. The array provides not only data about cell-to-cell
differences in each strain, but also information about how different strains react to
the same exposure to a potential drug candidate [35].

In the two examples presented above, only those cells that were able to express the
fluorescent reporter protein were identified and used in the analysis. Dead cells or
live cells that failed to express the protein were not identified by the image process-
ing and were therefore excluded from the analysis [32, 34, 35]. Viability assays can
be employed in order to determine the viability of the cells on the array, the location
of each bacterium on the fiber, and whether it is live or dead. Bacterial viability is
commonly evaluated using the green variant of a SYTO nucleic acid stain together
with propidium iodide [43, 45, 46]. Live cells become stained with the green SYTO
dye, whereas dead cells that have compromised membrane integrity are permeable
to the red fluorescent propidium iodide, which stains the nucleic acids and compet-
itively reduces the SYTO staining in these cells [43, 45, 46]. Using these two dyes,
live cells will fluoresce bright green while dead cells will fluoresce red (Table 13.1).

13.5
Single-cell Arrays for Yeast

13.5.1
Array Fabrication

Yeast are similar to bacteria in that they are easy to cultivate and easy to manipulate
into detecting and responding to many different factors. Yeast are eukaryotes
and their biology is therefore more relevant to more complex organisms [47].
Single-cell behavior in yeast can be studied using fiber-optic microarrays. Reporter
gene expression in yeast two hybrid (Y2H) systems [32, 42], oxygen consumption
in single yeast cells [38], and promoter-mediated transcriptional noise have been
investigated [41]. Optical fibers (4.5 µm diameter) are used to create single-cell
arrays for yeast. Array fabrication is similar to that of the bacterial arrays except that
the etching time is longer, yielding wells that are ∼4 µm deep in order to fit the
larger yeast cells. A plastic vessel is used to hold the cells and media as described
above, and yeast are placed in the wells through centrifugation at 4000 rpm. The
yeast concentration is measured as OD at 600 nm and is adapted to each experiment
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Figure 13.5 Temporal monitoring of gene
expression in different E. coli strains. (a) E.
coli harboring a lacZ::ecfp fusion expressing
CFP upon being exposed to starvation condi-
tions and then induced with IPTG. (b) E. coli
harboring a recA::gfp fusion expressing GFP
upon being exposed to the genotoxin MMC.

Each line in the graph represents the pro-
tein expression from a single cell, while each
column in the insert illustrates the distribu-
tion of fluorescence levels in the population
at one time point, 90 min after initiation.
(Reproduced from [35].)
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[32, 38, 41, 42]. The spherical shape of the yeast cells fits nicely into the wells,
so no surface modification of the fiber is needed. The matched shapes and sizes
of the cells and wells reduce the likelihood for double occupancy in the wells.
Cell division is avoided due to confinement of the yeast cells and the ambient
temperature during the experiment.

13.5.2
Labeling and Detection of Cellular Responses in Yeast Arrays

Labeling strategies similar to those described for bacteria can be used for yeast
arrays. In addition, fluorescent nanosensors have been employed to detect cellular
processes in yeast. In Y2H systems, yeast strains are used to detect the interaction
between two proteins that are ectopically expressed in the yeast cells. If the proteins
interact, the yeast strain will express either one or more reporter genes. If the
proteins do not interact, no reporter gene should be expressed. Two different arrays
were employed to analyze single-cell Y2H behavior [32, 42]. Reporter gene expres-
sion in Y2H systems was interrogated through the conversion of a nonfluorescent
substrate to a fluorescent product by the expressed reporter gene of β-galactosidase.
The cells were exposed to cell permeable 5-dodecanoylaminofluorescein
di-β-d-galactopyranoside (C12FDG). FDG is nonfluorescent, but becomes
highly fluorescent after sequential hydrolysis to 5-dodecanoylaminofluorescein
(Table 13.1) [43]. In order to differentiate between different yeast strains in a multi-
plexed array, Biran et al. used the lectin Concanavalin A (ConA) bound to spectrally
resolved fluorescent dyes. A different ConA–dye conjugate was used for each yeast
strain. ConA binds to glycoproteins in the cell wall, providing efficient fluorescent
staining of the cell wall [32, 48]. Biran et al. employed ConA bound to Texas
Red, Tetramethylrhodamine, Alexa Fluor 660, fluorescein, and Alexa Fluor 350
(Table 13.1). Biran et al. were able to simultaneously detect single-cell reporter gene
expression in yeast cells from different Y2H strains, while Whitaker et al. collected
single yeast cell responses from different Y2H strains on separate fiber-optic arrays.
Both experiments demonstrated that there is significant variance in responses from
single yeast cells in a Y2H population. Proper characterization of protein–protein
interactions in conventional bulk assays can be tedious and require several
experiments. Using the fiber-optic array, it was demonstrated that by performing
statistical analysis on the single-cell reporter gene expression in a population of yeast
cells, the protein–protein interactions could be well characterized in a single assay,
reducing the time and number of experiments needed for Y2H screens [32, 42].

Kuang et al. used GFP as a reporter gene to look at transcriptional noise in
single yeast cells. GFP fluorescence can be monitored directly, so no addition
of substrate is required. For both bacterial and yeast arrays, GFP is not a direct
measure of gene expression as both the folding and half life of the protein in the
cells have to be taken into consideration [49, 50]. Kuang et al. used the single-cell
setup to analyze how promoter region differences on the yeast genome resulted in
phenotypic variance between single cells in a population [41]. These analyses are
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important in order to fully understand the causes and effects of cell–cell variability
in gene expression, and can provide very important information when evaluating
whether the cell-to-cell variance provides the yeast with an adaptive advantage or if
it is disadvantageous for the population [41].

Using an entirely different labeling scheme, Kuang et al. employed a fluorescent
nanosensor strategy to measure oxygen concentration in proximity to single yeast
cells [38]. The variations in oxygen concentration reflected the oxygen consumption
in the yeast cells. Nanospheres that are 100 nm in diameter were first functionalized
with a ruthenium(II) complex. Ruthenium fluorescence is quenched by using oxy-
gen. So, when oxygen is consumed by the yeast cells, the concentration of oxygen
in their proximity decreases and an increase in fluorescence from the ruthenium
complex can be observed. The nanosensor strategy can be employed to monitor
other physiologically relevant processes, such as the efflux of protons, the influx of
glucose, or the concentration of carbon dioxide proximal to the yeast. In this type
of array, the cells are not loaded with any dyes or transformed with plasmids, so
the array provides noninvasive, reversible, and real-time measurement of cellular
processes at the single-cell level. The single-cell results enable the investigation of
cellular physiological responses that are unobtainable using methods that provide
only an averaged cell population response and can provide unique information
about how different environments affect these physiological processes in yeast [38].

Yeast viability was evaluated in some of the yeast arrays using FUN 1 (2-chloro-4-
(2,3-dihydro-3-methyl-(benzo-1,3-thiazol-2-yl)-methylidene)-1-phenyl-quinolinium-
iodide). This dye is cell permeable and in live cells, metabolic activity will result
in intracellular compact vacuolar structures exhibiting red fluorescence. In dead
cells, diffuse green fluorescence can be seen, but not red fluorescence (Table 13.1).
Similar to the bacterial arrays, the viability stain enables the identification and
selection of live cells in the array, allowing only live cells to be included in the
image and data analysis process. Including only live cells ensures that dead cells
on the array are not mistakenly identified as false negatives [42].

13.6
Single-cell Arrays for Mammalian Cells

Although yeast and bacterial biosensors can be models for mammalian cell
responses, mammalian cells are obviously the most relevant. Fiber-optic single-cell
arrays have been employed to study several processes in different mammalian
cell lines. Mammalian cell lines are less straightforward to cultivate, and
transfection and labeling of mammalian cells are more cumbersome than that
of yeast and bacteria. Cell viability [39], cancer cell motility [36], and G-protein
coupled receptor (GPCR) receptor activation [44] were all analyzed using different
cell lines on fiber-optic arrays. Similar to the bacterial and yeast arrays, the results
taken on a single-cell level provide information that is unobtainable using bulk cell
responses. While a common scheme was used to fabricate single bacterial- and
yeast arrays, each mammalian single-cell array was fabricated in a unique way.
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Taylor et al. utilized fiber-optic bundles with 7-µm-diameter fibers to analyze NIH
3T3 mouse fibroblast cells. Wells were etched 3 µm deep at the distal end of the
fiber using a solution containing hydrofluoric acid (HF) (50%) and ammonium
fluoride [39]. HF is highly caustic, and extreme caution should be taken when
working with HF [51]. The fiber was rinsed in deionized water and sonicated
after etching to remove debris from the etching process. Prior to depositing
cells on the array, the microwell array was sonicated vertically for 15 min under
vacuum to remove air bubbles from the microwells. In order to place the cells
in the wells, a capillary tube was filled with the cell suspension, and the etched
face of the fiber was inserted into this tube. The fiber array with the tube was
then incubated vertically for 1.5 h at 37 ◦C with 5% CO2 to allow the cells to
settle into the wells and adhere. No modification of the glass surface was done
prior to placing the cells on the fiber, although components in the medium may
have facilitated adhesion. Taylor et al. created a multiplexed single-cell array by
labeling different cell lines with dyes that could be spectrally resolved, imaging
the fluorescence signals from each dye, and overlaying the images. When the
images were overlaid, a composite image of the array was created with the
exact position and identity of each cell on the array. Taylor et al. employed two
different PKH dyes – PKH 67 and PKH 26, which were incorporated into the
cell membrane without affecting cell viability or proliferation [52, 53], and one
3H-Indolinium,2-[5-(1,3-dihydro-3,3-dimethyl-1-octadecyl-2H-indol-2-ylidene)-1,3-
pentadienyl]-3,3-dimethyl-1-octadecyl, perchlorate (DiD) dye (a lipophilic
carbocyanine), which stained the entire cell with minimal cell toxicity
[43]. The dyes employed in this array were imaged using the wavelengths
listed in Table 13.1. Upon verifying that the different cell lines could be
identified on the fiber-optic array, Taylor et al. proceeded to investigate the
viability of the cells on the fiber using viability stains and pH-sensitive
measurements. Several different viability assays were performed (Figure 13.6).
A viability/cytotoxicity kit containing Calcein acetoxymethyl (AM) ester and
ethidium homodimer-1 (EthD-1) was first applied to the array. Calcein AM is cell
permeable and is cleaved by esterases inside the cell, yielding a fluorescent product
and causing live cells to fluoresce green. EthD-1 can only enter the cells and bind
to nucleic acids if the cells have compromised membrane integrity [54, 55], causing
nonviable and dead cells to fluoresce red (Table 13.1). Taylor et al. also evaluated cell
viability on the array using 2′,7′-bis-(2-carboxyethyl)-5-(and-6)-carboxyfluorescein
acetoxymethyl ester (BCECF-AM). BCECF-AM enters the cells and is cleaved
via the same mechanism as Calcein AM is cleaved [43] (Figure 13.6). Finally,
Taylor employed pH-sensitive nanobeads to evaluate cellular viability on the
array. pH-sensitive fluorescein isothiocyanate (FITC) was trapped inside 100 nm
polystyrene nanobeads and incubated with the cells (Figure 13.6). A decrease
in extracellular pH accompanies cellular metabolism; consequently, the level of
change in pH can be an indicator of the rate of cell metabolism and therefore
cell viability. A high concentration of FITC beads in the microwells allowed for
temporal monitoring of localized changes in the pH of the individual cells. The
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Figure 13.6 Schematic of viability assays
using BCECF-AM (a) and pH-sensitive
nanobeads (b). (a) BCECF-AM is incubated
with the cells, followed by rinsing. The dye is
cleaved inside the cells yielding a fluorescent

product; therefore, live cells exhibit increased
fluorescence. (b) pH-sensitive nanobeads are
immobilized in the microwell by a polymer
layer. (Adapted from [35].)

beads were trapped in the wells by placing a polymer gel above the cells (Table 13.1
and Figure 13.6).

Taylor et al. were able to demonstrate the ability to create multiplexed mammalian
cell arrays and to show that the cells remained viable for over 20 h on the array.
The array was used to detect single-cell esterase activity using cytotoxicity assays
and to determine the rate of cellular metabolism at the single-cell level. The results
obtained with this single-cell mammalian array demonstrated how the extracellular
environment affects single cells from different cell lines with respect to both their
viability and rates of metabolism. These results can be used to improve many types
of cellular assays where these single-cell responses are not obtainable [38].

DiCesare et al. used the fiber-optic array in a different fashion to investigate
the migration of fibroblast cells in response to antimigratory drugs. Two different
fiber-optic bundles, containing 25-µm- and 4.5-µm-diameter fibers, respectively,
were polished optically flat as described above, and the flat fibers were then used in
the experiments. The fibers were coated with fibronectin to promote cell adhesion
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[56], and NIH/3T3 fibroblasts were labeled, placed on top of the polished flat fiber,
and allowed to adhere at 37 ◦C in 5% CO2 for 2 h. DiCesare et al. used a Benzox-
azolium, 3-octadecyl-2-[3-(3-octadecyl-2(3H)-benzoxazolylidene)-1-propenyl]-, per-
chlorate (DiO) dye to label the cells (Table 13.1). DiO is very similar to the DiD dye
described above and stains the entire cell with minimal leakage [36]. The dye was
chosen because it did not interfere with cell migration. Other tested dyes either
inhibited migration or leaked from the cells [36]. The cells were exposed to different
concentrations of the antimigratory drug nocodazole [57, 58], and cell migration
over the fiber was analyzed and compared with control cells that were not exposed
to the drug. The experiments were performed at 37 ◦C. Whole cell migration was
analyzed by observing the residence time of each cell on 25-µm-diameter fibers in a
bundle. The fluorescence intensity measured through each fiber increased when a
cell resided on it, and then decreased when the cell migrated away from it. Higher
concentrations of the antimigratory drug caused the cells to exhibit increased
residence time above the fibers, indicating reduced migration (Figure 13.7).

By employing smaller 4.5-µm-diameter fibers, DiCesare et al. also investigated the
movement of subcellular structures as a result of exposure to an antimigratory drug.
They found that the drug also caused the residence time of subcellular structures
to increase, indicating that subcellular structures exhibited reduced motion and
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Figure 13.7 (a) Schematic of the fluorescence measured
through a fiber as a cell migrates on the fiber bundle. (b)
Average residence times for the cells when exposed to differ-
ent concentrations of nocodazole. (Reproduced from [36].)
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perhaps were the underlying cause of the overall reduction in migratory aptitude of
the cell. The fiber-optic migration arrays provide a fast and accurate way to measure
the effect of antimigratory drugs. Conventional methods measuring these effects
are tedious and lengthy and do not allow for single-cell analysis. Consequently, they
do not allow for the determination of cell-to-cell variance to a drug exposure. The
array provides valuable information that can be used for developing antimigratory
drugs.

The fiber-optic microwell array was also used to investigate receptor activation in
mammalian cells. Fibers that are 22 µm in diameter were employed to analyze the
activation of GPCRs ectopically expressed in Chinese hamster ovarian (CHO) cells
[44]. The mammalian single-cell array setup in these experiments was very similar
to the bacteria and yeast cell arrays described above. Deep wells of 15 µm in size
were etched in the distal end of the fiber, and the glass surface of the fiber was mod-
ified with fibronectin to promote cell adhesion [56]. A plastic sleeve was attached
to the well end of the fiber bundle and a cell suspension was pipetted into this
sleeve and incubated overnight to allow the cells to settle in the wells and adhere. A
calcium-sensitive dye was employed to analyze GPCR activation in single CHO cells
[44]. Three different cell lines were investigated separately using the fiber-optic
array, and their responses to different agonists were recorded. When GPCR
receptors are activated, the concentration of intracellular calcium is modulated and
intracellular calcium can therefore be used as an indicator of receptor activation.
Calcium-sensitive dextran-bound Oregon green BAPTA-1 was used to measure
cytosolic calcium modulations. The dye was chosen because the large bound dextran
molecule ensures that the dye stays in the cytosol. The dye does not leak out of the cell
or sequester into intracellular calcium storages. Leakage and sequestration of the
dye are undesirable; leakage causes decrease in the fluorescence over time while se-
questration causes the dye to reflect the calcium levels in the cell storages, which can
mask the calcium modulations caused by receptor activation. The large dye molecule
is cell impermeable and was loaded into the cell using a pinocytic loading protocol
[59]. The receptors were stimulated with several different agonists and nonstimulat-
ing compounds, and the intracellular calcium concentration was recorded by imag-
ing the dextran-bound dye every 3 s for 4 min for each agonist (Table 13.1). A Calcein
AM viability assay was performed at the end of the experiment and only live cells
were included in the subsequent data analysis. The single-cell GPCR receptor acti-
vation assay allowed for determination of response distribution in cellular popula-
tions, analysis of drug responses, and investigation of outliers in clonal populations.
In addition to these results, the temporal patterns of intracellular calcium
modulation were analyzed using machine learning techniques including principal
component analysis (PCA) and k-nearest neighbor (k-NN). These techniques allow
all the temporal response patterns to be compared. The data analysis demonstrated
that when a promiscuous receptor is stimulated with several different agonists,
the patterns of cytosolic calcium oscillations in the population are specific for each
agonist. Although calcium response specificity had been suggested previously in
the literature [60–62], by simultaneously investigating hundreds of single cells, we
were able to confirm this idea [44]. For the mammalian cell arrays, only normal
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growth medium was used when culturing the cells on the array, but due to the
confinement of the cells in the wells, cell division was not observed.

13.7
Image and Data Analysis for Single-cell Arrays

All single-cell arrays described in this chapter were imaged using a fluorescence
microscope coupled to a CCD camera. Image acquisition and image processing
is performed using IPLab software. Different optical channels are selected by em-
ploying excitation and emission filters. Grayscale images and the pixel intensities
represent a particular fluorophore. The wells on the array are uniform in shape
and they all project onto the same number of pixels in the image. When creating a
decoding image for cells in a multiplexed array, wells are selected by segmenting
using the imaging program. Images taken at different optical channels (represent-
ing different strains/cell lines) are overlaid so that a decoding image is created
showing all the different cells and their positions on the array (Figure 13.8). When
temporal data from cells are obtained, all the images are stacked, creating a series
of images with each image representing a time point in the experiment. Desired
wells are selected either from a decoding image or from a live/dead assay and
overlaid onto the time stack of images. The fluorescence intensities from desired
wells are extracted and a time trace for each cell is obtained (Figure 13.5).

Upon extracting fluorescence data from each cell at different time points,
subsequent data analysis techniques are performed. Statistical analyses including
t-test, ANOVA, and normal fitting of reporter gene expression in a population
are performed using Matlab computing software. PCA and k-NN analyses are
performed in the machine learning program Weka. The post image analyses
enable determination of population variances and mathematical comparisons
between all the single-cell responses in the same population or comparisons of
population single-cell responses between experiments [63, 64]. In addition to the
commercial image analysis and machine learning programs used in most analyses,
custom image and statistical analysis programs have been developed for specific
experiments. The custom written programs enable automated segmentation and
image overlay, extraction of cellular data, and post image statistical analysis,
thereby decreasing the time requirements for image and data analysis. Advantages
of custom image analysis programs are the speed and increased data processing
ability; drawbacks are the time requirements for program development and the
suitability of the program to a limited set of experiments.

13.8
Summary

Fiber-optic single-cell arrays and their application to a variety of biological systems
have been discussed in this chapter. The arrays are fabricated from commercial
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Figure 13.8 Decoding images of five
different yeast strains on the fiber-optic
array. (a) Yeast cells labeled with
ConA–Texas Red. (b) Yeast cells labeled with
ConA–Tetramethylrhodamine. (c) Yeast cells
labeled with ConA–Alexa fluor. (d) Yeast cell
labeled with ConA–Fluorescein. (e) Yeast

cells labeled with ConA–Alexa fluor 350.
The inserts shows fluorescence images of
the encoded yeast that are pseudocolored
with the corresponding color label. (f) All the
segments from a to e are overlaid and a de-
coding image for all the yeast strains on the
array is created. (Reproduced from [32].)

fiber-optic bundles and are adaptable to a wide variety of cell types. Cellular
responses are detected using a standard fluorescence microscope connected to a
CCD camera, employing instruments that are common equipment in many lab-
oratories. Fiber-optic cell arrays were made with bacteria, yeast, and mammalian
cell lines, and were used to screen for toxic compounds, monitor environmen-
tal changes, analyze drug responses, investigate physiological processes, and
study cell-to-cell variability. The high density of the array enables monitoring
of hundreds to thousands of cells simultaneously. This ability provides infor-
mation that is not obtainable using conventional cellular analysis techniques
where an averaged response from a cell population is obtained. The flexibility of
the single-cell array makes it amenable to study a wide variety of cellular pro-
cesses and the simple instrumental setup makes the array accessible to many
laboratories.
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