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ABSTRACT: In the present study, triplicate rings of 360° pipe
surfaces of an operational drinking water distribution pipe were
swabbed. Each ring was equally divided into 16 parts for swabbing.
The collected swabs were grouped into 3 sections and compared
with the bioﬁlm samples sampled by sonication of specimens from
the same pipe. The results showed that the bioﬁlm is unevenly
distributed over the 16 parts and the 3 sections of the pipe surface.
Both the active biomass and the number of observed OTUs
increased as the measurements proceeded from the top to the
bottom of the pipe. The bacterial community was dominated in all
sections by Proteobacteria. At the genus level, Nitrospira spp.,
Terrimonas spp., and Hyphomicrobium spp. were dominant in all
sections. Gaiella spp. and Vicinamibacter spp. dominated in S-I,
Blastopirellula spp. and Pirellula spp. dominated in S-II, while
Holophaga spp. and Phaeodactylibacter spp. dominated in S-III. When swabbing and pipe specimen sonication were compared, the
results showed that the sampling strategy signiﬁcantly inﬂuences the obtained bioﬁlm bacterial community. A consistent
multisectional swabbing strategy is proposed for future bioﬁlm sampling; it involves collecting swabs from all sections and comparing
the swabs from the same position/section across locations.

1. INTRODUCTION
The omnipresence of microbes in drinking water systems has
been proven and acknowledged.1 In particular, the microbial
accumulation on the pipe surface in drinking water distribution
systems in the form of bioﬁlm (0.1−4.1 ng ATP cm−2) has
been widely documented, whether disinfectant residuals are
applied or not.2 For drinking water biosafety, the importance
of drinking water bioﬁlms has been attributed to their higher
resistance to disinfectants (if applicable), the related
biocorrosion, the associated pathogenic bacteria, and their
consistent release of bioﬁlm bacteria into bulk water.3−5 Over
the last decades, great eﬀorts have been made to investigate
(1) the physiochemical characteristics of bioﬁlm,6 (2) the
bacterial quantity and community of bioﬁlm,2 (3) the origin
and development of bioﬁlm and the factors that impact bioﬁlm
development,7,8 and (4) the release of bioﬁlm bacteria into
bulk water and their inﬂuence on bulk water,5,9 (5) especially
during disturbances like variations in supply water quality.5,10
Due to the limited opportunities to assess real distribution
networks, most of the bioﬁlm studies have used surrogates,
such as pilot-scale distribution systems and/or removable
coupons temporarily inserted into simulated systems.11,12
Although valuable knowledge has been obtained in studies
with such simulated distribution systems, there is a consensus
© 2020 American Chemical Society

that real distribution systems are diﬃcult to simulate with pilot
systems because of the real systems’ complex of variable
parameters (e.g., water-usage pattern, local hydraulics, pipe
material, diameter, and length).13 Studies in real distribution
systems are therefore seen as necessary and valuable.
In the limited number of studies on full-scale operational
distribution systems, bioﬁlm has been sampled by scraping
surfaces of valves or water meters that have been in contact
with drinking water,14,15 swabbing/scraping/brushing the pipe
surface (considered to be a single bioﬁlm sampling approach,
hereinafter referred to as “swabbing”),6,16−18 or sonicating
pieces of cut-out pipe (pipe specimen sonication).19 Sampling
bioﬁlm from valves and water meters in real distribution
systems could present an alternative to studying pipe-wall
bioﬁlms from real distribution systems, but the valve and water
meter bioﬁlm can diﬀer from the pipe-wall bioﬁlm because of
the inﬂuence on bioﬁlm development of the diﬀerent
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Figure 1. (A) Design of sampling. The length of harvested pipe is 150 m. Two pieces of pipe sections were taken from each end of the pipe for
sonication (n = 4, pipe specimen, coded as Pipe). Three cross-sections were chosen for taking swabs, 8/16 parts were swabbed randomly in each
cross-section as calculated by R script. (B) The deﬁnition of 3 sections and 16 parts of pipe surface for swabbing. S-I: Section 1, the upper half
divided into 8 parts (in green); S-II: Section 2, the upper half of the bottom section divided into 4 parts (in blue); S-III: Section 3, the surface area
of pipe bottom divided into 4 parts (in brown). (C) The heatmap showing ATP by surface area over the 16 sampling areas within one crosssection. (D) Boxplot showing the active biomass as measured by ATP, results grouped by the pipes and swabbed positions (S-I, S-II, and S-III).
(E−G) SEM pictures of pipe surfaces of diﬀerent swab positions, the parts of 2, 15, and 13 deﬁned (B) representing S-I (E), S-II (F), and S-III (G),
respectively.

hydraulics and materials involved.20,21 For this reason, pipe
specimen sonication and the swabbing of the pipe surface are
better options for taking real distribution system bioﬁlm
samples. These are notoriously diﬃcult to perform because
both methods require the cutting of pipes (usually conducted
during water-pipe renovation or repair). Pipe specimen
sonication has been mostly applied to plastic water pipes
with diameters no bigger than 110 mm.8,19,22 However,
swabbing is a more common practice than pipe specimen
sonication, because of its easier handling and post-treatment
this is especially the case when one considers the diﬃculties of
processing pipe specimens when metal pipes of bigger
diameters (e.g., 600 mm) involved.23
However, for the swabbing approach, the position and
surface area where the swabs are taken may introduce
considerable biases if the bioﬁlm is not evenly distributed
over the water pipe surface. Yet, little attention has been given
to the vertical distribution of bioﬁlm on the pipe surface. Our
earlier studies in drinking water distribution systems have
demonstrated the considerable contribution of loose deposits
at the bottom of distribution pipes to the total bacterial
quantity and community composition,19 as well as the presence
of hotspots for microbes and nutrient accumulation.22 It is
conceivable that the variable availability of inorganic nutrients
(e.g., Fe, Mn) and particulate organic carbon may give rise to
variability in the quantity and community composition of
bioﬁlms, so that the bioﬁlm will develop unevenly over the
360° of a water pipe’s cross-section.24,25 Additionally, the

presence of gravity can have a substantial eﬀect on bioﬁlm
formation and sloughing.26 This hypothesis is corroborated by
a recent study that looked into the radial-spatial distribution of
bioﬁlms, which found that the middle of pipes have the highest
abundance of biomass and the most diverse community.27
However, in that study only a single swab was taken from each
of the three deﬁned parts of pipe surface.
To understand the fundamental process of bioﬁlm formation
in water pipes and ensure the reliability of swabbing for bioﬁlm
sampling from operational distribution system pipes, the spatial
distribution of bioﬁlm over 360° of the pipe surface is a critical
research question that must imperatively be answered. The
objective of this study was to investigate the 360° spatial
distribution of bioﬁlm quantity and community composition
on pipe surfaces in real distribution networks. In addition,
bioﬁlms were collected by both swabbing and cutting pipe
specimens and treating them by sonication; the results
obtained with the two methods were then compared.

2. MATERIAL AND METHODS
2.1. Water Supply System. At the treatment plant, the
abstracted groundwater is treated by aeration, rapid sand
ﬁltration, softening, activated carbon ﬁltration, and UV
disinfection, before being pumped into the distribution system.
In the treated water, the Fe, Mn, Al, and As were under the
detection limits, with about 23 ± 1.2 mg l−1 Ca and 8.0 ± 2.3
ng l−1 ATP. The type of water main selected for this study is
the one most widely used for drinking water distribution in
5620
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for further microbiological analysis. All samples were analyzed
within 24 h after they were taken.
2.3. Scanning Electronic Microscopy. The morphology
of bioﬁlm distributed over 360° of the pipe surface was studied
by scanning electron microscopy (SEM) to obtain high
resolution images (JEOL JSM-840A). The ﬁxed samples (as
described above) were ﬁrst serially dehydrated with ethanol at
concentrations up to 100%, then dried at the critical point, and
then sputter-coated with a 10 nm layer of gold. As previously
described, the working distance was 7−39 mm to achieve
higher solution imaging.29
2.4. Adenosine Triphosphate (ATP). The ATP concentrations, as a measure for active biomass, were determined for
all the samples. The total ATP concentration was determined,
as described previously,28,30 using the BacTiter Glo reagent
and a luminometer. In summary, the obtained suspension was
warmed to 30 °C in a sterile Eppendorf tube, while the ATP
reagent was simultaneously warmed. The sample and the
reagent were combined after 2 min at 30 °C and then the
luminescence was measured directly. The data were collected
as relative light units and converted to ATP, by means of a
calibration curve made with a known ATP standard (BactTiter
kit, Promega, method detection limit 0.5 ng/L). The recovery
of ATP, by both swabbing and sonicating pipe specimens, has
been evaluated previously in other studies.19,30,31
2.5. DNA Extraction and Illumina 16S rRNA Sequencing. The DNA was extracted from the water samples, and
other suspensions obtained after pretreatment, using the
FastDNA Spin Kit for Soil (Q-Biogene/MP Biomedicals,
Solon, OH, U.S.A.) according to the manufacturer’s
instructions. 16S rRNA gene ampliﬁcation was carried out as
described.32 Brieﬂy, the extracted gDNA was ampliﬁed with a
primer set (515F: 5′-GTGCCAGCMGCCGCGGTAA-3′ and
909R: 5′-CCCGTCAATTCMTTTRAGT-3′) targeting the
V4−V5 hypervariable regions of sequences from both bacterial
and archaeal domains. The primer set was modiﬁed for the
Illumina Miseq platform (Illumina, Inc., San Diego, CA,
U.S.A.), by appending the Illumina sequencing adaptors on the
5′ end. Paired-end sequencing of the amplicons (2 × 300 bp)
was done by BaseClear (Leiden, The Netherlands). The
sequencing data have been deposited in the NCBI database,
with reference code PRJNA517242; the sample origin of each
sequencing library is provided in Table S2.
2.6. Sequences Data Processing. The sequences
generated from the Illumina Miseq analysis of the 16S rRNA
gene amplicons were processed (i.e., ﬁltered, clustered, and
taxonomically assigned and aligned) using the Quantitative
Insights Into Microbial Ecology (QIIME2, v2018.6) pipeline
with the default settings.33,34 Raw sequences were ﬁrst
processed using DADA2,35 including quality ﬁltering, denoising, paired-end sequence merging, and chimera ﬁltering.
DADA2 generated unique amplicon sequence variants that
were equivalent to 100% similarity operational taxonomic units
(OTUs) in the conventional practice. In this publication, we
still use the term OTU for the purpose of simplicity.
Taxonomy was assigned using q2-feature-classiﬁer,36 customized for the primer set used in this study with Silva SSU
database release 132.37 Multiple sequence alignment and
phylogenetic tree construction were performed using the
QIIME 2 plugin q2-phylogeny. Alpha and beta diversity
analyses were performed using the QIIME 2 plugin q2diversity. Weighted and unweighted UniFrac distance matrices
were constructed from the phylogenetic tree (built by a

The Netherlands, namely: PVC-U, with an external diameter
of 110 mm. The studied pipe was harvested from an
operational distribution pipeline that has been in service for
over 20 years (L = 150 m).
2.2. Bioﬁlm Sampling. As shown in Figure 1A, two pipe
sections were cut out and ultrasonicated to collect bioﬁlm from
each end of the harvested pipe, while in the middle, three cross
sections were selected for the swabbing of bioﬁlm samples.
2.2.1. Pipe Cutting. The bioﬁlm was sampled by cutting
pipe sections as previously described.19 To maximize the
environment’s sterility when cutting the pipe, the following
steps were taken: (1) after the hole was dug, the pipe was
protected against possible contamination from the surrounding
soil with a precleaned plastic sheet (Figure S1-A of the
Supporting Information, SI); (2) the sheet was disinfected
again with chlorine spray before the pipe was cut; (3) the
external pipe surface and the saw were disinfected with
chlorine; (4) the cut-out pipe was closed as quickly as possible
using predisinfected caps, and both the ﬂow direction and the
up−down sides of the pipe were marked on the pipe section
(Figure S1-B).
In total, 3 pieces of the ﬂushed pipe (length = 30 cm) were
cut out from each end to sample the bioﬁlm (each piece in
duplicate). In total, 6 pieces (2 × 3) of pipe specimens were
taken; 2 pieces were reserved for morphological study by
scanning microscopy; and 4 pieces were reserved for
microbiological analyses. If the four replicate pipe samples
from both ends show the same results, then it is fair to assume
that the bioﬁlm is homogeneous along the ﬂow direction for
the three swabbed pipe sections in between. The pipe
specimen was sealed with predisinfected caps and ﬁlled with
1 L of DNA-free water (Millipore H20MB1006) to preserve
the moisture on the internal surface during transport. In this
study, DNA-free water was chosen over buﬀer solutions to
accommodate for other potential physiochemical analysis.
2.2.2. Swabbing. For the swab sampling, the 360° inner
ring of the water pipe surface area was divided into 16 parts,
grouped into 3 main sections (Figure 1B): Section 1 (S-I)
refers to the top half circle of the water pipe surface area (top
180°, accounting for 8/16 parts); Section 2 (S-II) refers to the
middle-down part of the water pipe surface area (middle-down
90°, accounting for 4/16 parts); and Section 3 (S-III) refers to
the bottom-down part of the water pipe surface area (bottomdown 90°, accounting for 4/16 parts), where most of the loose
deposits accumulated. The uneven grouping into the abovedeﬁned 3 sections is based on our experience, built up since
2012, with Dutch distribution systems, in which we observed
higher amounts and bigger variations of bioﬁlm in the lower
semicircle of pipes (Figure S1-C). This explains why the lower
semicircle of the pipe is further divided into two sections (S-II
and S-III). Along the ﬂow direction, triplicate cross-sections
were sampled; in each of which 8/16 parts were swabbed. To
collect representative swab samples from each cross-section,
random sampling was applied using an R script (Table S1, in
total 3 × 8 = 24 swab samples were collected).
All of the samples were transported on ice, and pretreatments were performed in the lab within 2 h of the sampling at
the distribution site. To detach bacteria from swabs and pipe
specimens, all the samples were pretreated by low-energy
ultrasonic treatment for 3 periods of 2 min each (Branson
ultrasonic water bath, 43 kHz, 180W power output, 10L
sonication chamber).28 The obtained suspensions were used
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Figure 2. Observed OTUs shown as heatmap (A) and box plot (B): pipe in gray, swab from S-I in green, S-II in blue, and S-III in brown. In the box
plot, the whiskers point to the maximum and minimum results; each box shows the upper quartile and lower quartile of the results; the line in the
boxes indicates the median of the results. Outliers are shown by dots outside the boxes and whisker range (if existent). (C) Venn plot shows the
sharing of dominate OTUs (>1%) among the diﬀerent sample categories.

Figure 3. (A) circular heatmap shows the OTU distribution (top 10) over 16 parts; (B) Pipe (B, gray) and swabs taken from S-I in green, S-II in
blue, and S-III in brown. For the top 10 OTUs, the assigned taxonomy information is as below: OTU63: P_Acidobacteria; OTU588:
Gammaproteobacteria; OTU288: Nitrospira spp.; OTU586: Gammaproteobacteria; OTU129: Terrimonas spp.; OTU341: Gemmataceae;
OTU191: Anaerolineae; OTU545: Nitrosomonadaceae; OTU53: Saccharibacillus spp.; OUT 559: Betaproteobacteriales.

parts and 3 sections. Instead, ATP increased as the
measurements proceeded down from the top to the bottom
of the pipe, suggesting more active bioﬁlm was present at the
bottom compared to the top and middle of the pipe. When the
ATP data are grouped into the 3 deﬁned sections, the results
show that the ATP of S-III was the highest, followed by S-II
and S-I (Figure 1D). The diﬀerences among the sections were
statistically signiﬁcant (p < 0.01). Compared to the bioﬁlm
collected by pipe specimen sonication (91.7 ± 9.8 pg ATP
cm−2), the swab samples yielded comparable ATP levels, but
with larger variation (76.5 ± 57.4 pg ATP cm−2). The SEM
pictures of the diﬀerent parts and sections visually conﬁrmed
the diﬀerences in bioﬁlm content over the wall of the pipe
section, with more bioﬁlm present in the bottom section, while
little bioﬁlm was found on the top area of surfaces (Figure 1E−
G).
3.2. Observed OTUs in Bioﬁlm. The bacterial communities were proﬁled for all 28 samples (4 pipe specimensonicated bioﬁlm samples and 24 swab bioﬁlm samples). In
total, about 560 000 sequences were generated, which were
assigned to 627 OTUs (taxonomy information on the core
OTUs is shown in Table S4). The rarefaction curves reached a
plateau after 5000 sequence reads were obtained, indicating the
suﬃcient sample coverage in this study (Figure S2).

FastTree algorithm) and used to conduct a principal
coordinate analysis (PCoA).38 The core OTUs are deﬁned
as the OTUs with a deﬁned cutoﬀ of relative abundance (>1%)
within each sample and occupancy within each sampling group
(fractions of samples that a given OTU was detected, >80%).
The shared and unique core OTUs in the bioﬁlms collected by
swabbing and pipe section sonication were shown in the Venn
diagram (Figure 2C).
2.7. Statistical Analysis. One-way analysis of variance
(ANOVA) was used to determine the signiﬁcance of
diﬀerences between samples and normally distributed data
(aﬃrmed by Q−Q plots, χ2-squared tests, and Kolmogorov−
Smirnov tests). The PERMANOVA test was performed by
QIIME2 to determine the signiﬁcance of beta diversity
diﬀerences among the sample groups. In both analyses,
diﬀerences were considered signiﬁcant when the p-value was
lower than 0.05 (p < 0.05).

3. RESULTS
3.1. Visualization and Quantiﬁcation of Bioﬁlm
Distribution. Regarding the quantitative distribution of
bioﬁlm, 16−212 pg ATP cm−2 was detected over the 16
parts of 360° pipe surfaces. However, as shown by heatmap in
Figure 1C, bioﬁlm was not evenly distributed among the 16
5622
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3.2.1. Number of Observed OTUs. The number of observed
OTUs is presented for alpha diversity purposes. Over the 16
parts of 360° pipe surfaces, 40−600 OTUs were observed
(Figure 2). As in the case of the ATP results, the observed
OTUs were also not distributed evenly; more OTUs were
observed as the observations proceeded down from the top to
the bottom of the pipe (Figure 2A, circular heatmap). When
we grouped the observed OTUs in the 3 deﬁned sections, we
observed that S-III contained the highest number of OTUs,
followed by S-II, while S-I contained the lowest number
(Figure 2B). The diﬀerences between the sections are
statistically signiﬁcant (p < 0.01). Compared to the bioﬁlm
collected by sonication (330 ± 110 OTUs), the average
number of OTUs observed in swab samples was lower (218 ±
127 OTUs).
Interestingly, more dominant OTUs (relative abundance
>1%, in total 87 OTUs) were present in the swab samples than
in the bioﬁlm samples collected by sonication (79 vs 42
OTUs). A closer look at the 3 sections showed that there were
74, 55, and 50 dominant OTUs in S-I, -II, and -III,
respectively, which is contrary to the order of total observed
OTUs. Among the 87 OTUs, the Venn graph showed that
there were 34 OTUs shared by swab bioﬁlm from the 3
sections, 34 OTUs shared by swab bioﬁlm samples and pipe
specimen sonicated bioﬁlm samples, of which 24 OTUs were
shared by all samples (Figure 2C). There were 16, 2, and 13
unique dominant OTUs within S-I, -II, and -III, respectively.
The details of the OTUs’ ID in the Venn graph is given in
Table S3.
3.2.2. Distribution of Dominant OTUs. The distribution of
the top 10 core OTUs (relative abundance >1%, occupancy
>80%) and their taxonomic information are shown in Figure 3.
In general, the heatmap showed clearly that all 10 OTUs were
distributed unevenly over the 16 parts (Figure 3A), although
OTU63 is the only one to be dominant in all 16 parts (7.2 ±
2.4%). Grouping the distribution of dominant OTUs and their
relative abundance according to the 3 deﬁned sections, the
average relative abundance of OTU588 and OTU129
increased clearly when observations proceeded down from
the top to the bottom of the pipe (S-I < S-II < S-III), while the
relative abundance of OTU191 and OTU559 decreased (S-I >
S-II > S-III) (Figure 3B). A clear trend was observed for a
number of OTUs, that is, they concentrated in the direction of
the pipe bottom (S-III). For example, 5/10 dominant OTUs
showed signiﬁcantly higher relative abundance in S-III
compared to the other two sections (e.g., OTU63, OTU588,
OTU129, OTU341, and OTU545). Compared to the swab
samples, the relative abundances of the top 10 dominant
OTUs within bioﬁlm samples collected by pipe specimen
sonication were mostly at a level around the mean value of S-I,
S-II, and S-III.
3.3. Bacterial Community Composition. The taxonomy
information on the above-mentioned core OTUs is given in
Table S4. At the phylum level, all the bioﬁlm samples were
dominated by Proteobacteria (56.5 ± 9%), followed by
Acidobacteria (17.7 ± 6.9%), Bacteroidetes (7.9 ± 5.6%),
Chloroﬂexi (4.6 ± 3.2%), Gemmatimonadetes (2.8 ± 2.1%),
Actinobacteria (2.7 ± 2.1%), and Nitrospira (2.8 ± 2.5%)
(Figure 4). For the swab bioﬁlm samples over 16 parts of the
360° pipe surfaces, Proteobacteria accounted for 40.8−71.1%.
No clear diﬀerences were observed for Proteobacteria, neither
among samples from diﬀerent sections nor between bioﬁlm
samples collected by swabbing and pipe specimen sonication.

Article

Figure 4. Boxplot showing the dominate phylum (>1%) among the
diﬀerent sample categories (Pipe: gray; swabs from S-I in green, S-II
in blue, and S-III in brown).

It was observed that the relative abundance of Chloroﬂexi was
higher in S-I compared to S-II and S-III, whereas Bacteroidetes
and Nitrospira were relatively more highly abundant in S-III
than in S-II and S-I.
Not all OTUs were assigned to genus level; for example,
OTU63 (which dominated all samples) was only assigned to
the phylum level: Acidobacteria. Among the dominant genera,
Nitrospira spp. (2.9−4.6%), Terrimonas spp. (1.8−3.5%) and
Hyphomicrobium spp. (1.2−3.3%) were dominant in all
sections, while Saccharibacillus spp. (1.1−1.7%) were shared
by S-I and S-III (Figure S2). Gaiella spp. (1.2%) and
Vicinamibacter spp. (1.1%) and presented mainly in S-I,
Blastopirellula spp. (2.5%), and Pirellula spp. (1.2%) dominated
in S-II, while Holophaga spp. (6.1%) and Phaeodactylibacter
spp. (4.1%) was relatively abundant in S-III.
3.4. Beta Diversity Comparing Bacterial Community
Similarity. The beta diversity results are represented in a
PCoA plot (Figure 5). The high level of similarity of replicate
samples attests to the quality of the sampling conducted in this
study, and the reproducibility of subsequent 16S rRNA gene
sequencing and the obtained results.
As shown in Figure 5, most of the samples clustered
together, with several samples scattered around. A comparison
of the bioﬁlm samples collected by pipe specimen sonication
and the swabs, shows the pipe specimens clustered much closer
to each other, indicating the better reproducibility of pipe
specimen samples and the larger variations in the swab samples
in the same section and between sections. For the swab
samples, the bioﬁlm in S-II clustered closely together, while the
cluster of the S-I samples was much looser, and the S-III
samples showed the largest variations. The PERMANOVA test
by QIIME2 showed signiﬁcant diﬀerences between sample
groups of pipe specimen sonication and swabbing (p < 0.001),
and signiﬁcant variations among swabs from the diﬀerent
sections (p < 0.05).
5623
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observed as one proceeds down from the top to the bottom of
the pipe; the diﬀerences are statistically signiﬁcant (P < 0.01),
suggesting more active biomass concentration at the bottom
half of the pipe, especially in S-III of the bottom. This may be
because of the accumulation of particles and particle-associated
bacteria in the pipe bottom in the bioﬁlm matrix with the help
of bioﬁlm EPS.43 For S-III of the pipe bottom, it appears that
despite the hydraulic turbulence and reoccurring particle
resuspension, gravity drives more particle-associated bacteria
(PAB) accumulation (S-III, part 11, 12, 13, and 14),44−46
which gradually aggregates and builds up, and ﬁnally cannot be
resuspended by regular hydraulic peaks (e.g., morning or
evening peaks).19 The types and properties of particles (e.g.,
size, weight) in the distribution system are critical with regards
to any impact gravity might have. For example, for particles
with an average size of 0.010 mm (signiﬁcant portion <0.005
mm), the lowest ﬂow velocities in the distribution system
would suﬃce to overcome the gravity settling forces.47
However, some larger and heavier particles do accumulate
and are retained in the distribution system, albeit in very low
proportions. These loose deposits cannot be transferred back
into the bulk water during regular operations, but during the
ﬂushing of the network for hydraulic cleaning. Regardless of
the type concerned, once the particles reach the bottom, the
formed bioﬁlm matrix will retain them and incorporate them
into the bioﬁlm. As a result, even after the loose deposits are
ﬂushed out, the bioﬁlm present at the pipe bottom is higher
than in other pipe sections.
Although loose deposits were not covered in the present
study, they have been found to constitute reservoirs for Fe,
Mn, organic matter, and bacteria,22,46,48 so their removal can
signiﬁcantly improve distribution system water quality.49 For
their part, the attached bacteria and available nutrients from
the accumulated particulate matter can promote bioﬁlm
growth.22,24
As in the case of ATP, the number of observed OTUs
increased as the observations proceeded down from the top to
the bottom of the pipe, indicating a higher diversity of bioﬁlm
community at S-III than at S-II and S-I (ranked S-III > S-II >
S-I). Again, this higher diversity at the pipe bottom is ascribed
to the contribution from loose deposits, because loose deposits
mainly concentrate at the pipe bottom and have been reported
to harbor a diﬀerent bacterial community than the bioﬁlm.19,50
In contrast, when focusing on the dominant OTUs (>1%), we
found that there were fewer OTUs, with higher relative
abundances in S-III than in the other sections (ranked S-III <
S-II < S-I). This may be the result of higher concentrations and
diﬀerent composition of nutrients, as well as the multiple
aerobic and anoxic microenvironments provided by loose
deposits, which stimulate certain groups of bacteria to take a
dominant role while inhibiting others.19 This theory is
supported by the taxonomy proﬁle of the shared dominant
genera (Nitrospira spp., Terrimonas spp., and Hyphomicrobium
spp.), which have been widely found in drinking water
environments,19,51,52 while the dominant genus observed in SIII, Holophaga spp. (6.1%), contains a single species of
Holophaga fetida, which is obligately anaerobic.53 Whereas, the
results of Shannon index and Pielou-e revealed that there were
no signiﬁcant diﬀerences in bacterial community evenness
among sampling groups (Figure S3).
4.2. Comparison between Swabbing and Pipe Specimen Sonication. In contrast to the swab samples, the 4
samples collected by sonicating pipe specimens showed minor

Figure 5. PCoA plot illustrates the similarity of bacterial community
collected by cutting pipe sections for sonication (pipe, gray) and
swabs from diﬀerent sections over 360° (S-I: green; S-II: blue; S-III
brown).

4. DISCUSSION
Other studies have been conducted and valuable knowledge
has been reported regarding the spatial distribution of bioﬁlm
across drinking water systems, for example, bioﬁlters,39 and
ﬁeld and simulated distribution systems.27,40,41 To the best of
our knowledge, this is the ﬁrst study to investigate the 360°
radial variation of bioﬁlm in a cross-section of operational
drinking water distribution pipes, and to compare the sampling
approaches of swabbing and sonicating pipe specimens. Our
results reveal an uneven distribution of both bioﬁlm quantity
and community over the 360°. This is critical for a scientiﬁc
understanding of the microbiological processes during drinking
water distribution. It is also essential for the development of
practical management strategies and policies to ensure biosafe
and high-quality drinking water for consumers, in view of the
consistent release of cells from bioﬁlm into bulk water.5
Moreover, the new knowledge can be used by utilities and
public agencies to guide their sampling of drinking water
bioﬁlms for research and monitoring purposes, especially when
they use swabbing to sample the bioﬁlm.
4.1. Uneven Radial Distribution of Drinking Water
Bioﬁlm. The SEM images make clear that more material
accumulates as the scan proceeds down from the top to the
bottom of the pipe. Quantitatively, 16−212 pg ATP cm−2 of
bioﬁlm was detected in all the samples. The obtained results
are within the typical ranges of (Dutch) drinking water
bioﬁlms.2,42 These values are in the same range of our previous
study of other Dutch drinking water systems (90−160 pg ATP
cm−2), in which the bioﬁlm samples were also collected by
pipe specimen sonication.19,22 The larger range of ATP results
observed in this study reﬂected the diﬀerent position on the
pipe where the bioﬁlm was taken by swabbing, because the
results obtained by pipe specimen sonication were relatively
stable (91.7 ± 9.8 pg ATP cm−2). Among the predeﬁned 16
parts and 3 sections, a clear increase in ATP concentration was
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sections will be diﬃcult to compare, and the cross-comparison
of samples may lead to misunderstandings of distribution
system microbial ecology. This is especially true when the
targets are large-diameter transportation pipes, with water
containing higher loads of particulate matter because of the
pipe water velocity proﬁle and the radial behavior of particles
in water pipes.60−62 Yet, until now, only a few drinking-water
bioﬁlm process studies have given any positions around the
circumference of the pipe surface where the swabs were
taken.18 The present paper is the ﬁrst, to the best of our
knowledge, to provide details on the entire circumference.
Clearly, it is critical that a swabbing strategy be developed
that can overcome the variations induced by swabbing
positions, and avoid potential misunderstandings of the results
of cross-sectional comparisons. On the basis of the ﬁndings
from the present study, the following consistent multisectional
swabbing strategy is proposed: (1) the swabbing positions
should be recorded and described in the study; (2) swabs from
all three sections should be collected; (3) consistent swabbing
should be done from the same positions at diﬀerent locations;
and (4) while processing the results, comparisons should be
made between swabs from the same position/section from
diﬀerent locations, and diﬀerent positions/sections from the
same location. Such a swabbing strategy can reveal the radial
and spatial distribution of bioﬁlm, uncover the origin and
development of microbial ecology, and oﬀer solid evidence to
develop eﬃcient biological water quality management
strategies in drinking water distribution pipes.
In summary, clear variations were observed for the bioﬁlm
over the 360° of the surface of real water distribution networks.
The comparison of pipe specimen sonication and swab
samples oﬀers valuable insight into the sampling strategies to
collect representative bioﬁlm samples from ﬁeld distribution
systems. According to the present study, the bioﬁlm is
unevenly distributed over the 16 parts of the 360°; the active
biomass, as measured by ATP, increased as measurements
proceeded down from the top to the bottom of the pipe.
Similarly, the number of observed OTUs increased as
observations proceeded down from the top to the bottom of
the pipe. In contrast, the number of dominant OTUs (>1%)
was lowest at the pipe bottom. Regarding the bacterial
communities, all sections were dominated by Proteobacteria.
At the genus level, Nitrospira spp., Terrimonas spp., and
Hyphomicrobium spp. were dominant in all sections. Gaiella
spp. and Vicinamibacter spp. dominated in S-I, Blastopirellula
spp. and Pirellula spp. dominated in S-II, while Holophaga spp.
and Phaeodactylibacter spp. dominated in S-III. The comparison of swabbing and pipe specimen sonication shows that the
sampling strategy has a signiﬁcant inﬂuence on the bioﬁlm
bacterial community obtained (based on the observed OTUs,
P < 0.001). For future bioﬁlm sampling, we propose that a
consistent, multisectional swabbing strategy be applied to
collect samples from all sections, and that the swabs be
compared from the same position/section across locations.
Our results will be especially valuable for water utilities and
public agencies in guiding their bioﬁlm research and
monitoring. The inadequate and/or incorrect bioﬁlm sampling
can result in misunderstandings about bioﬁlm formation and
microbial ecology in drinking water distribution systems,
masking the potential microbiological water quality risks
resulting from cell transfer between bioﬁlm and bulk
water,5,63 and holding back the development of regulations,

variations regarding the ATP values and the composition and
diversity of the bacterial communities. This suggested a
homogeneous distribution of bioﬁlm along the ﬂow direction.
This observation accorded with previous ﬁeld drinking water
bioﬁlm studies in The Netherlands and Germany.16,19 Our
study of another unchlorinated Dutch drinking water supply
system found the same homogeneous bioﬁlm core communities across diﬀerent locations.19 While in the chlorinated
German drinking water system, large spatial variations were
observed among swab bioﬁlm samples from diﬀerent locations
(the swabbing position on the pipe surface was not described);
but at the same location, Henne et al. found that the bioﬁlm
core communities corresponded even more with the vicinity of
bioﬁlm than with the types of support material.16 In the
present study, the lower variation among pipe specimen
sonicated samples compared to the swab samples can be
explained by the coverage of all the 3 sections, and the much
bigger surface area (942 cm2 vs 4 cm2). In other words, the
sampling of 30 cm pipe specimens can overcome the potential
inﬂuences induced by selecting the positions for swabbing 4
cm2 pipe surface.
4.3. Sampling Strategy for Collecting Drinking Water
Bioﬁlm. There is no doubt that it is critical to take
representative samples of good quality for any kind of drinking
water bioﬁlm study, otherwise the obtained results may lead to
a misunderstanding of the bioﬁlm process. In light of the
growth of (opportunistic) pathogens in the bioﬁlm and the
continuous biomass exchange between bioﬁlm and bulk water,
a failure to determine the real situation of bioﬁlm poses a
potential biorisk to the microbiological water quality and
ultimately to consumer health.
When one examines the literature, it is clear that swabbing
has been used as the main sampling methodology for collecting
bioﬁlm samples over the last decades.30,54−57 Our experience
with cutting pipe specimens for sonication to collect bioﬁlm
samples from operational PVC-U pipes distributing drinking
water is relatively recent.8,19,22 On the basis of the above
discussion, especially considering the signiﬁcant quantitative
and qualitative variations among swab samples from 3 sections,
it seems that cutting pipe specimens for sonication is a better
bioﬁlm sampling method for achieving reproduceable results.
However, the limitations of pipe specimen sonication are also
clear: (1) the opportunity to assess ﬁeld distribution system is
very limited;11 (2) when the ﬁeld distribution system is
accessible, the cutting out of pipe sections requires the
suspension of the water supply to connected customers, and
the subsequent close monitoring of the hygienic conditions46
and the possibility of increased metal release (e.g., Pb) from
the pipe material;58 (3) after collecting the pipe specimens,
large pipes cannot be pretreated by sonication as a whole piece,
because they are too big for the sonication water bath. In such
cases, the common practice is to sample the bioﬁlm by
swabbing/scratching the pipe surface.59 Another important
point is that the sectional variations, the process of bioﬁlm
development, and the real distribution system’s microbial
ecology will be obscured because of the big surface area and
multisections being covered.
Therefore, swabbing will still be the inescapable option for
taking drinking water bioﬁlm from ﬁeld distribution systems in
most cases. However, this ﬁrst study investigating the 360°
distribution of drinking water bioﬁlm in an operational system
clearly illustrates the uneven distribution of bioﬁlm, as a result
of which the swab samples from diﬀerent positions and
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policies, or management strategies to safeguard public health
associated with drinking water.
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