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Impaired Lipid Diffusion and Increased Lipid
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ABSTRACT The aggregation of membrane-bound a-synuclein (aS) into oligomers and/or amyloid fibrils has been suggested
to cause membrane damage in in vitro model phospholipid membrane systems and in vivo. In this study, we investigate how aS
interactions that precede the formation of well-defined aggregates influence physical membrane properties. Using three truncated variants of aS with different aggregation propensities and comparable phospholipid membrane binding affinities we
show, using fluorescence recovery after photobleaching (FRAP) and fluorescence anisotropy measurements, that formation
of aS clusters on supported lipid bilayers (SLBs) impairs lateral lipid diffusion and increases lipid packing beneath the aS clusters. Formation of protein clusters starts immediately after monomer addition. The magnitudes of the changes in effective lipid
diffusion and lipid order increase with the protein cluster size. Our results show that the combination of inter-aS and aS-membrane interactions can drive the formation of more ordered lipid domains. Considering the functional involvement of membrane
micro-domains in biological membranes, aS-induced domain formation may be relevant for alternative disease mechanisms.

INTRODUCTION
a-synuclein (aS) is a 140 amino acid, intrinsically disordered monomeric protein with a yet unclear physiological
function. aS consists of three domains: 1) an N-terminal
domain (residues 1–60) with positively charged lysine residues that is believed to be instrumental in membrane
binding of monomeric aS (1–4); 2) a central hydrophobic
domain known as non-Abeta component (NAC) comprising
residues 61–95, which is critical to aggregation of monomers into fibrils and forms the core of the amyloid fibril;
and 3) a C-terminal domain (residues 96–140) that is proline
rich and predominantly negatively charged at physiological
pH (5).
aS is ubiquitously present in eukaryotic cells but is found
in particularly high concentrations at the synaptic junctions
of neuronal cells (6). Although the function of aS is unclear,
it has been suggested to be involved in the regulation of synaptic vesicle pools (7), vesicle trafficking (8,9), and vesicle
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fusion events at the synapse (10). The mechanism by which
aS regulates these processes may depend on physical membrane properties related to domain formation. However, the
association of aS with more ordered lipid domains seems to
be in conflict with in vitro observations indicating selective
binding of aS to liquid disordered regions in anionic lipid
membranes (11,12). This discrepancy between in vivo and
in vitro observations remains unsolved.
Recent literature indicates that the function of aS is
related to changes in the physical properties of lipid membranes upon interaction with monomeric aS (13–16). The
macroscopic fluidity of lipid membranes is one such property and is related to the diffusion coefficient of individual
lipid molecules and is affected by the packing order of the
lipid constituents (17). Fluidity in plasma membranes and
membranes of cellular organelles is critical to a multitude
of processes in living cells (17) including gene expression
(18,19), activity of membrane-bound proteins such as receptor-associated protein kinases (20), sensor proteins (21), ion
channels (22), and modulation of immune responses (23). A
decrease in membrane fluidity has been predicted to interfere with vesicle fusion and budding (24) and to influence
the progression of neurodegenerative diseases including
Parkinson’s disease (PD) (25,26). Although a lot is known
about the aggregation of aS into amyloid structures in PD
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(27,28), it remains unclear how the intriguing interplay
between lipid membranes and aS leads to neuronal cell
death in PD (29–34). Considering the functional relevance
of aS-membrane interactions in PD, we address in this study
how physical membrane properties like membrane packing
and fluidity are affected by aS before aS amyloids are
observed. Previously, we have shown that after 18 h of incubation of aS, membrane-bound aS amyloids are formed
(judged from Thioflavin T positive aggregates) that result
in lipid extraction and cause the formation of supported
lipid bilayer (SLB) defects (35). Here, we investigate the
events preceding amyloid related membrane damage in
SLBs. The early changes in physical membrane properties
observed here, combined with our previously reported
observation on membrane damage at longer timescales,
allows us to introduce a sequence of mechanisms by which
concentration of membrane-bound aS and aggregation
possibly affect lipid membranes.
Using three truncated variants of aS (Fig. 1) with comparable membrane-binding affinities but different aggregation
propensities, we probed how lipid order, determined from
fluorescence anisotropy experiments, and effective lateral
lipid diffusion (DLL), determined in fluorescence recovery
after photobleaching (FRAP) experiments, in SLBs were
affected by the appearance of surface-bound aS clusters.
The D71-82-aS (lacking residues 71–82) construct is a
known aggregation-deficient variant (36) and has higher
net negative charge at pH 7.4 compared with WT-aS. In
contrast, 1-108-aS (lacking residues 109–140) is known to
aggregate into amyloids much faster than WT-aS (37).
The aggregation of the 1-60-aS variant (lacking residues
61–140) has not been investigated in detail yet but this aS
variant remained aggregation deficient in our experimental

conditions. Both 1-108-aS and 1-60-aS variants have fewer
negatively charged residues as compared with WT-aS. The
differences in the net charges of the truncated variants gave
us a handle to modulate the attractive and repulsive forces
between aS monomers.
Our results show that monomeric aS immediately starts
clustering upon addition to SLBs. In these early clusters,
no Thioflavin-T-detectable cross-b sheet protein aggregates are present. The size of the early clusters depends
on aS concentration and their formation severely impairs
the effective DLL in SLBs depending on the aS cluster
size. The observed changes in membrane fluidity coincide
with an increased lipid order, measured on vesicles using
DPH (1,6-Diphenyl-1,3,5-hexatriene) anisotropy and in
supported lipid bilayers by microscopic visualization of
enhanced DPH fluorescence, upon cluster formation at
high protein/lipid (P/L) ratios. Our results indicate that the
clustering of aS on lipid membranes induces ordering of
underlying lipids.
MATERIALS AND METHODS
Reagents
Stock solutions of 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine
(POPC), 1-palmitoyl,2-oleoyl phosphatidylglycerol (POPG), and 1-palmitoyl-2-[6-[(7-nitro-2-1,3-benzoxadiazol-4-yl)amino]hexanoyl]-sn-glycero3-phosphocholine (NBD-PC) in chloroform were purchased from Avanti
Polar Lipids (Alabaster, AL) and used without further purification. Ethylenediaminetetraacetic acid (EDTA) was purchased from Sigma-Aldrich
(St. Louis, MO). Sodium chloride (NaCl), sodium hydroxide (NaOH),
and 4-(2-hydroxyethyl)-1-piperazineethanessulfonic acid (HEPES) were
purchased from Merck (Darmstadt, Germany).

Substrate pretreatment
Before bilayer formation, glass cover-slips were washed in 2% Hellmanex
at 80 C for 60 min, rinsed profusely with deionized water, and then dried
with a stream of nitrogen gas. The slides were etched for 8 min in a solution
of 3:1 (v/v) concentrated sulfuric acid (H2SO4) and hydrogen peroxide
(H2O2). The slides, stored in deionized water throughout, were used within
3 days after treatment.

Supported lipid bilayer preparation

FIGURE 1 Schematic of sequences of WT-aS and the three aS truncated
variants used. The truncated variants lacked a significant fraction of the C
terminus (1-108-aS), a significant fraction of the NAC region (D71-82-aS),
or lacked both NAC and C-terminal regions (1-60-aS). To see this figure in
color, go online.

Lipid stock solutions of POPC and POPG in chloroform were mixed in 1:1
molar ratios, dried under a stream of nitrogen gas, and placed under vacuum
for 1 h. After drying, the lipid films were rehydrated in 100 mM NaCl solution and mixed in a vortex mixer for 5 min. Small unilamellar vesicles
(SUVs) were prepared by sonicating the rehydrated liposome solution for
40 min using a Branson tip sonicator (25% amplitude). Thereafter, the
SUVs were centrifuged at 13,200 rpm to remove any tip residue from the
sonicator probe. The SUVs were stored at 4 C and used within 3 days. Supported lipid bilayers were formed by vesicle fusion inside a 120 ml custom
built chamber on appropriately treated glass slides. The SUVs were mixed
with 1 M NaCl solution at a 1:1 ratio to induce fusion. After 20 min incubation, excess vesicles were removed from the chamber by rinsing with
50 mM HEPES, 0.1 mM EDTA (pH 7.4) buffer to remove salt. At least
3 ml of buffer were passed through the chamber to ensure complete solvent
exchange. Large unilamellar vesicles (LUVs) for use in aggregation and
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fluorescence anisotropy measurements were prepared by rehydrating dried
lipid films in 50 mM HEPES, 0.1 mM EDTA (pH 7.4) buffer and extruding
21 times through 100 nm polycarbonate membranes. NBD-labeled lipids in
SLBs were imaged using a Nikon (Tokyo, Japan) A1 confocal microscope
equipped with a 488 nm laser with a band pass emission filter (525–
550 nm), DPH containing SLBs were imaged using a 405 nm laser with
a band-pass filter of 450/50 nm. Under the conditions used and based on
spectral properties of DPH and AlexaFluor647, Förster resonance energy
transfer (FRET) between the two dyes is negligible.

cence from a circular region of interest (ROI) was bleached (radius ~8 mm)
in 1 s. After bleaching the increase in fluorescence intensity in the ROI was
monitored for 6 min. During the experiment there was only a minimal
drop in the fluorescence intensity in the reference ROI. All FRAP data
were fitted using a Soumpasis fit (41), which has been shown to be a better
model for lipid diffusion than a single exponential fit for circular bleach
geometries (42).

Circular dichroism spectroscopy
Expression, purification, and labeling of WT-aS
variants
All aS variants were expressed in Escherichia coli strain BL21(DE3) using
the pT7-7 expression plasmid and purified in the presence of 1 mM dithiothreitol (DTT) as previously reported (38). The cDNAs for the truncated
variant of aS lacking 71–82 residues (D71-82-aS) were obtained from
Prof. Benoit Giasson from University of Florida. All aS variants were
confirmed to be monomeric using native gel electrophoresis and dynamic
light scattering (Fig. S1 in the Supporting Material). Since aS does not
contain any cysteine residues necessary for fluorescent labeling, an alanine
to cysteine mutation was introduced at residue 140 for WT-aS and D7182-aS. For labeling 1-108-aS and 1-60-aS, a serine to cysteine mutation
was introduced at residue 9 (S9C). Earlier NMR studies have confirmed
that the S9C mutation in aS does not affect its membrane-bound state
(32). S9C has also been used for fluorescence correlation spectroscopy
measurements of binding affinities (39). Before labeling, all cysteine containing aS variants were reduced with a sixfold molar excess of DTT for
30 min at room temperature. The samples were desalted with Pierce
Zeba desalting columns, followed by the addition of a twofold molar excess
of AlexaFluor 647 C2 maleimide dye (Invitrogen, Waltham, MA) and
incubated for 2 h in the dark at room temperature. Free label was removed
using two desalting steps. The protein labeling efficiency was estimated to
be >90% from the absorption spectrum by measuring protein absorbance at
280 nm (A280) using the molar extinction coefficient at 280 nm (i.e., ε280 ¼
5120 cm1 M1) and including the correction factor for AlexaFluor 647
absorbance (ε650 ¼ 239,000 cm1 M1) at 280 nm as 0.03.

Protein cluster imaging and analysis
For imaging of aS clusters, a Nikon A1 total internal reflection fluorescence
(TIRF) microscope was used. The labeled proteins were diluted with unlabeled protein (1 in 10) in 50 mM HEPES, 0.1 mM EDTA (pH 7.4) buffer to
the desired concentrations before incubating with SLBs. Visualization of
SLBs was done by incorporating 0.5 mol% BODIPY-PC in the phospholipid bilayers. The proteins were incubated with the SLBs at room temperature. Images were acquired within 1 min using a 100X oil immersion, 1.49
NA TIRF objective using a 640 nm laser. The acquired images consisted
of 512  512 pixels with a pixel size of 0.158 mm under identical gain
settings. The smallest circular cluster area beyond the resolution limit
using Rayleigh’s criterion would be 0.14 mm2. The images were contrast
enhanced to the same extent to make any features appear clearly. To quantify the cluster sizes, raw images were first corrected for uneven background
illumination (rolling-ball method, 100 pixels) in Fiji (40). The resulting images were subjected to an intensity threshold (consistent for all images) and
the resulting pixel areas were quantified as cluster areas.

Fluorescence recovery after photobleaching
To determine the lateral lipid diffusion in SLBs, FRAP was performed on a
NikonA1 confocal microscope equipped with a perfect focus system. A
100-mW Argon ion laser (488 nm; Coherent, CA) was used to both bleach
and monitor the lipid bilayer fluorescence. In the FRAP experiment fluores-
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A Jasco (Easton, MD) J-715 spectropolarimeter was used to obtain circular
dichroism (CD) spectra at protein concentrations of 3 mM. Spectra were
recorded between 215 to 250 nm with a step size of 1 nm and a scanning
speed of 10 nm/min, using a 1-mm path length cuvette. The apparent dissociation constants for both the protein variants were determined by titrating
them against POPC: POPG (50:50) SUVs and fitting the measured and
normalized mean residue ellipticity values at 222 nm to the lipid concentration as reported before (12).

Thioflavin T aggregation assay
Thioflavin T aggregation assays were carried out in a Tecan (Mechelen,
Belgium) Infinite M200 micro-plate reader. For every protein variant,
50 mM of monomeric protein was allowed to aggregate in 50 mM HEPES,
0.1 mM EDTA (pH 7.4) buffer at 37 C at 300 rpm in a fluorescence plate
reader. The ThT concentration was kept constant at 10 mM. For experiments
in presence of liposomes, POPC:POPG (1:1) LUVs were prepared in identical buffer solutions to maintain isotonic conditions and were added in a
1:1 molar ratio to the aggregation mixture.

Fluorescence anisotropy
POPC: POPG (50:50) LUVs with 1 mol% DPH were prepared in 50 mM
HEPES, 0.1 mM EDTA (pH 7.4) buffer at room temperature. Lipid concentration was kept constant at 10 mM. Protein concentration was varied to
obtain final P/L ratios of 0.02, 0.1, 0.25, 0.5, and 1. Control samples
were measured before protein addition in each sample run. Fluorescence
anisotropy was recorded at 25 C by using an excitation wavelength of
360 nm and an emission wavelength of 440 nm. The result for each condition is the average of three measurements.

RESULTS
Excess of aS on SLBs promotes protein
clustering
To investigate the interplay between aS and lipid membranes, we chose SLBs with an equimolar lipid composition
of POPC:POPG. Using this model system, we previously
showed that formation of amyloid aggregates of WT-aS
on the surface of POPC:POPG SLBs led to membrane
disruption and lipid extraction (35). To probe how the clustering of membrane-bound protein that precedes amyloid
formation and membrane disruption affects physical membrane properties, we used three different truncated variants
(Fig. 1) of aS with varying aggregation propensities. Protein
mixtures for each truncated variant and WT-aS containing
a fraction of AlexaFluor647-labeled monomers (1 in 10),
were added to separate SLBs at varying P/L ratios (0.02 to
1.0) by varying the bulk protein concentration and imaged
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within one minute. The addition of protein to the SLB resulted in the immediate appearance of small protein clusters
on the SLBs for WT-aS and all truncated variants studied
(Fig. 2, left panel). Before addition of protein, the SLBs
remained defect-free (Fig. S2). On the timescales studied,
the clusters were immobile and the clusters did not grow
or shrink. Quantification of mean areas of the individual
clusters (see Materials and Methods) showed that the area
occupied by the individual clusters of WT-aS and the other
truncated variants increased with increasing P/L ratio. The
size of the D71-82-aS clusters seems to saturate around
an average protein cluster size of ~0.30 mm2 from a P/L ratio
of 0.25 as shown in Fig. 2 (right panel).
At any given P/L ratio, the largest protein cluster sizes
were observed for 1-108-aS, followed by 1-60-aS and
WT-aS, respectively. The smallest-sized clusters were
formed by the D71-82-aS variant. Measurement of the
area fractions occupied by protein clusters in the fluorescent images showed that the smallest-area fraction was
occupied by the D71-82-aS variant whereas the 1-60-aS
and the 1-108-aS variant occupied the largest-area fractions.
Although the area of individual aS clusters increased with
increasing P/L ratios, the area fraction occupied by clusters
did not vary much (Fig. S2). Because all protein binding
sites are already occupied at P/L ratio of 0.02 (12), the addition of more protein beyond this P/L ratio cannot result in
formation of new protein clusters. Instead the cluster area
increases with increasing P/L ratio with the combined area
of all clusters remaining unchanged. This suggests reorganization of the membrane-bound protein clusters into bigger

clusters upon increasing P/L ratios. The possibility of
three-dimensional growth cannot be completely excluded
since the addition of aS to preexisting clusters could be
either from the bulk solution or from membrane-bound
protein. Although the measured cluster areas are not necessarily equilibrium values, we do not observe any cluster
movement or exchange of material between clusters and
the bulk solution that is fast enough to result in growth/
shrinkage of clusters over the timescale of the experiments.
Incubation of monomeric aS with bare glass substrates resulted in homogenous adsorption of the protein and did
not result in the formation of protein clusters (Fig. S1).
We therefore conclude that the formation of the protein clusters requires the presence of lipid membranes and investigated if it affects the membrane properties.
Clustering of monomeric aS to SLB surface
affects lateral lipid diffusion
To explore the changes in physicochemical properties of
the membrane due to the presence of aS clusters, we studied
changes in membrane fluidity, e.g., lipid diffusion and order.
FRAP experiments were performed before (control) and
immediately after aS incubation to investigate the influence
of aS binding on the effective lateral lipid diffusion coefficient of NBD-PC (henceforth DNBD-PC) in the SLBs. Upon
systematically increasing the P/L ratio for monomeric
WT-aS and the truncated variants from 0.02 to 1, we
observed differences in the drop of the DNBD-PC (Fig. 3)
in the presence of the truncated variants compared with

FIGURE 2 Representative fluorescence images of SLBs after addition of monomeric aS. Addition of monomeric aS (10% AlexaFluor 647 labeled) to
POPC:POPG SLBs with varying P/L ratios led to immediate formation of clusters. The lipid concentration was calculated (from the dimensions of the
flow chamber used and assuming an average lipid headgroup size of 0.65 nm2) to be 10 mM. Images were acquired immediately after protein incubation
(protein channel, left panel). The acquired images were subjected to an intensity threshold after background subtraction to estimate the respective mean
cluster areas (right panel). The error bars are three times the standard error obtained from an average of ~2500 clusters. All experiments were carried
out in 50 mM HEPES, 0.1 mM EDTA (pH 7.4) buffer at room temperature. Scale bar is 10 mm. To see this figure in color, go online.
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of the type of fluorescent lipid used to probe DLL
(Fig. S5). Since the selected proteins (Fig. 1) differ in their
tendency to aggregate, interactions between membranebound proteins that resulted in the formation of membrane-bound protein clusters or amyloid species may be
responsible for the observed changes in DLL.
Clusters of aS on lipid bilayers do not contain
amyloid signature

FIGURE 3 aS concentration dependent changes in DNBD-PC in POPC:
POPG (50:50) SLBs. Incubation of increasing concentrations of monomeric
aS, or increased P/L ratios consistently resulted in a drop in the DNBD-PC
after protein addition for all aS variants except D71-82-aS (red circles).The
decrease in the DNBD-PC is more pronounced for the 1-108-aS (green downward triangles) and 1-60-aS (magenta upward triangles) as compared
with WT-aS (black squares) for all P/L ratios. The error bars indicate
standard deviations obtained from five individual FRAP measurements.
All experiments were carried out in 50 mM HEPES buffer, 0.1 mM
EDTA (pH 7.4) at room temperature. To see this figure in color, go online.

WT-aS. DNBD-PC dropped as a function of the P/L ratio
by ~55% in the presence of WT-aS at a P/L ratio of 1. At
all P/L ratios tested, DNBD-PC remained unaffected by
the presence of the D71-82-aS variant even though the binding affinities of WT-aS and D71-82-aS are comparable
(Fig. S3). The drop in DNBD-PC was maximal in the presence
of the 1-108-aS variant (~75%) followed by the 1-60-aS
variant, at all P/L ratios. Interestingly, we did not observe
any immobile fraction of NBD-PC upon binding of either
truncated variants or WT-aS to the SLBs. Our results are
in agreement with previous reports showing impaired lipid
diffusion in liposomes upon binding of WT-aS by electron
spin resonance spectroscopy (43). Estimation of the number
of amino acids involved in the formation of the membranebound helical domains of WT-aS and 1-108-aS variant on
lipid membranes revealed (Fig. S3) an identical value of
~79 amino acids. The size of the membrane-bound helical
domain for the 1-60-aS variant corresponded to ~31 amino
acids and ~47 amino acids for the D71-82-aS variant. Mere
membrane association or the size of the membrane-bound
helical domain can thus not explain the trends observed in
DNBD-PC as a function of protein mutations.
The effect of aS binding on membrane fluidity was not
only observed for POPC:POPG (1:1) SLBs. FRAP experiments with POPC:POPS (1:1) SLBs showed a similar aSinduced impairment of DNBD-PC, indicating that the effective
drop was not specific for the phosphatidylgylcerol (PG)
headgroup (Fig. S4). The drop in DLL was also consistently
observed for a given concentration of WT-aS, independent
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To check if the formation of clusters on the membrane surface results in amyloid formation, we monitored the aggregation of WT-aS and the truncated variants in presence and
absence of POPC:POPG LUVs using ThT fluorescence.
Although ThT-negative amyloid fibrils have been reported
for Ab protein, the increase in ThT fluorescence signal is
generally considered indicative of amyloid formation
(44,45). As in the FRAP experiments the P/L ratio was varied from 0.02 to 1. The change in ThT fluorescence in time
is presented in Fig. 4. In the absence of vesicles, WT-aS had
a long aggregation lag-time (~25 h) whereas, the lag-time
for 1-108-aS variant was shorter (~3 h). D71-82-aS and
the 1-60-aS failed to aggregate into amyloids over a
period of 10 days. The presence of POPC:POPG liposomes
could not enhance aggregation of both D71-82-aS and the
1-60-aS at P/L ratios as high as 1.
In the presence of POPC:POPG liposomes, only the
WT-aS and the 1-108-aS variant showed an increase in
the ThT fluorescence signal. The 1-60-aS (magenta upward
triangles) and D71-82-aS (red circles) did not aggregate

FIGURE 4 Representative aggregation curves of aS truncated variants.
The aS truncated variants were aggregated in the presence (open symbols)
and absence (solid symbols) of 1:1 POPC:POPG liposomes. 1-108-aS (green
downward triangles) aggregated with a lag-time of ~3 h whereas the lag time
of the WT-aS (black squares) was ~25 h 50 mM of protein of each variant in at
least six replicates were allowed to aggregate in 50 mM HEPES, 0.1 mM
EDTA (pH 7.4) buffer at 37 C at 300 rpm in a fluorescence plate reader.
ThT concentration was kept constant at 10 mM. To see this figure in color,
go online.
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either in presence/absence of POPC:POPG liposomes over a
period of ~10 days. These results are consistent with reports
suggesting that the NAC region is required for aggregation
of aS. In the presence of POPC:POPG liposomes, we did
not observe a ThT fluorescence signal for ~25 h for the
1-108-aS variant and the aggregation lag-time of WT-aS
was also significantly extended in the presence of the vesicles. It is therefore unlikely that the drop in DLL observed
soon after addition of aS to SLBs results from amyloid
formation. Although recent reports have stated that lipid
membranes can act as primary nucleation sites and therefore
accelerate aggregation of aS into amyloids (46), we did not
observe this effect. This discrepancy probably results from
the different physical membrane properties of the vesicle
model systems used. At room temperature, the POPC:POPG
LUV membranes used in our experiments are in a liquid
disordered state (Tm, 2 C) and have relatively low curvature. The highly curved DMPS SUVs studied in (46) are
used below the Tm (35 C) and therefore in a liquid ordered
phase. Below Tm considerable stresses can develop in
SUVs that promotes the formation of substantial defects to
alleviate the strain. Such defects, wherein the hydrophobic
core of the membrane is relatively exposed may have a
considerable effect on the nucleation of amyloid fibrils.
Aggregation competent aS variants showed an increase in
the aggregation lag time in the presence of liposomes. The
binding of monomers to anionic liposomes may effectively
decrease the concentration of aS in solution. This reduction
of the aS concentration in the bulk is most likely responsible
for the increase in the aggregation lag-time of aS in the
presence of liposomes. We also incubated ThT with SLBs
in samples with P/L ratio of 1 and observed no fluorescence
signal from ThT in the protein clusters within 1 h.
Although accumulation of aS on SLBs resulted in protein
clustering at all P/L ratios and lipid compositions for WT-aS
and all truncated variants used in the study, conversion of
membrane-bound protein to amyloid structures was never
observed within experimental times (~60 min). Under identical conditions we have shown previously the formation of
amyloid structures after 18 h (35).Therefore, we conclude
that the conversion to amyloid structures cannot explain
the changes in DLL.

emission transition dipoles aligned parallel to its long molecular axis. It has negligible fluorescence in solution because of
its rotational motion. In absence of rotational motion, it has a
very high fluorescence polarization depending on the orientation of the long axis. DPH aligns parallel to the lipid acyl
chains and therefore an increase in lipid acyl chain packing
can be monitored as an increase in the fluorescence anisotropy, r (49). At a constant DPH concentration, the P/L ratio
was varied similar to that in the FRAP measurements.
We observed that WT-aS and 1-60-aS showed an increase
in anisotropy values with the 1-60-aS showing consistently
higher values at all P/L ratios. Despite having a comparable
membrane binding affinity as WT-aS, D71-82-aS only
shows a marginal change in the steady-state anisotropy,
r as shown in Fig. 5.
The 1-108-aS variant showed a steep increase at low P/L
ratios and continued to increase at higher P/L ratios. The
changes in steady-state anisotropy seem to be maximal for
the 1-108-aS variant indicating increased packing of lipid
acyl chains in the presence of clusters of this protein. To
further test if we could visualize the protein-induced
ordering of acyl chains in lipid membranes, WT-aS and
other truncated variants were added on SLBs containing
1 mol% DPH at a P/L ratio of 1 (Fig. 6). The addition of
aS to POPC:POPG SLBs containing 1 mol% DPH result
in intensely fluorescent regions beneath all clusters of all
aS species except the D71-82-aS variant (Fig. 6). Increasing
the concentration of WT-aS that was incubated with the
DPH-labeled POPC:POPG SLBs resulted in larger WT-aS
clusters and corresponding larger regions in which the lipid

aS binding leads to increased acyl chain packing
in lipid membranes
In the absence of membrane-associated amyloid formation,
the decrease in the DLL could result from a tighter packing
(increased order) of lipids upon cluster formation of aS
(47). To test this hypothesis, steady-state fluorescence anisotropy was used to monitor if changes in membrane fluidity
resulting from an increase in lipid order in POPC:POPG liposomes. DPH is a well-known hydrophobic probe for structural
and dynamic studies on lipid membranes (48). DPH roughly
resembles a cylinder with its absorption and fluorescence

FIGURE 5 Changes in DPH anisotropy in POPC: POPG (1:1) LUVs
with increasing aS concentration. Addition of monomeric aS to POPC:
POPG LUVs containing 1 mol% DPH leads to a pronounced increase in
the fluorescence anisotropy in all truncated variants and WT-aS (black
squares) except D71-82-aS (red circles). The 1-108-aS (green downward
triangles) and 1-60-aS (magenta upward triangles) show higher anisotropy
values at all P/L ratios compared with WT-aS. The error bars indicate standard deviations obtained from three independent measurements. All experiments were carried out in 50 mM HEPES, 0.1 mM EDTA (pH 7.4) buffer at
room temperature. To see this figure in color, go online.
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FIGURE 6 Lipid ordering in POPC:POPG SLBs observed using DPH in
presence of aS. WT-aS and other truncated variants were added to 1 mol%
DPH containing POPC:POPG SLBs at a lipid to protein ratio of 1. Control
images (no protein added) do not show any regions with enhanced fluorescence. After addition of aS to SLBs, enhanced fluorescence is observed
in the lipid channel below regions of aS clusters (white arrows in lipid
channel) for all aS constructs except D71-82-aS. All experiments were
carried out in 50 mM HEPES buffer, 0.1 mM EDTA (pH 7.4) at room temperature. The scale bar is 10 mm. To see this figure in color, go online.

packing was more ordered (Fig. S6). These observations
combined with the marginal changes in the steady-state
anisotropy of DPH in liposomes in the presence of the
D71-82-aS variant suggest little or no influence on lipid
packing. Results from steady-state anisotropy and the
ordered domains that become visible in experiments with
DPH-labeled POPC:POPG SLBs thus indicate that lipid
packing and cluster formation are linked.
DISCUSSION
In this study, we have systematically investigated how,
preceding conversion to amyloid aggregates as shown previously (35), clustering of monomeric aS and the interaction
of aS clusters with lipid membranes influence physicochemical properties of lipid membranes. At the conditions
of our experiments, all aS binding sites on the membrane
surface are occupied, the average distance between two
membrane-bound monomers is small and interprotein colli-
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sions can result in cluster formation. Clustering of membrane-bound aS is a consequence of a complex interplay
mainly between attractive hydrophobic interactions, resulting from the solvent exposed hydrophobic patches on the
membrane-bound aS, and repulsive electrostatic interactions, resulting from the negatively charged unstructured
solvent exposed C-terminal region of aS. Considering the
interplay between attractive and repulsive forces, the net
interprotein repulsion is expected to be highest in the D7182-aS and minimal in the 1-108-aS variant. Thus, the D7182-aS results in smaller-sized clusters due to decreased
hydrophobic attraction between proteins compared with
WT-aS. The removal of the negatively charged C-terminal
region in two truncated variants (1-60-aS and 1-108-aS) results in larger clusters than WT-aS that is likely because of
decreased electrostatic repulsions between the membranebound monomers. It has been reported that aS can induce
local curvature in lipid membranes (13). It is possible that
the aS binding-induced increase in local membrane curvature enhances binding of additional aS, probably in a cooperative manner. The observed changes in lipid diffusion are
not a result of a mere association of aS monomers and the
SLBs. This is because, despite having similar membranebound fractions as WT-aS, membrane-bound D71-82-aS
has no influence on DLL. Also, at P/L ratios ~0.02 where
the lipid binding sites for aS are completely saturated, we
observe no change in DLL. The changes in DLL are thus a
consequence of interactions of the aS clusters with lipid
membranes.
The mobile fraction of the fluorescent lipid probe (either
zwitterionic or negatively charged) remained close to unity
at any P/L ratio. This means that the lipids are not immobilized under the protein clusters but are able to exchange
continuously. Upon increasing the bulk protein concentration systematically, we observe that that the mean cluster
area increases but the total area occupied by these clusters
does not change significantly. This suggests that a higher
aS concentration in the bulk allows for a faster rearrangement of clusters by exchange with bulk protein. As the cluster area increases, the time a particular lipid spends under a
aS cluster (first passage time) increases. Since FRAP measures an effective diffusion coefficient of lipids in an area
that contains both regions with and without clusters, the
DLL obtained in presence of clusters is a weighted average
of the diffusion coefficients from both regions, where large
clusters have a larger effect on the effective diffusion coefficient than smaller ones. The accumulation of proteins in
clusters results in an accumulation of more closely packed
(charged) lipids under the clusters as seen from fluorescence
microscopy and an increase in lipid order as indicated by
steady-state anisotropy. It is known that an increase in lipid
order, by increasing cholesterol content or degree of saturation, can significantly decrease DLL (47). For a similar packing of proteins in the clusters one would expect the lipid
organization under the clusters to be independent of the
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cluster size. Without single lipid tracking measurements,
it however is difficult to ascertain if the resulting drop in
DLL beneath aS clusters is similar for larger and smaller
clusters. However the data points from both the FRAP and
DPH anisotropy experiments on SLBs covered with protein
clusters of the different truncated variants collapse on a single ‘‘master’’ curve (Fig. 7). The increase in lipid order and
the decrease in DLL both become visible beyond a cluster
area of ~0.30 mm2, a value well above the diffraction limited
area under our imaging conditions (~0.14 mm2).
The correlation between the changes in DLL and r suggest a concerted process where the formation of clusters
leads to a closer packing of lipids and a decrease of the
effective DLL. The correlation between the effective DLL
and r as observed in the master curve is nontrivial as it
does not result from a direct interaction between proteins
and lipids. Although aS mainly binds to anionic lipids,
the drop in effective DLL of zwitterionic lipids suggests
that aS clustering (possibly stabilized by anionic lipids)
also affects effective DLL of zwitterionic lipids. A similar
effect on the diffusion of zwitterionic lipids has been
observed for annexin a5, a peripheral protein involved in
vesicle fusion events, upon its clustering on anionic lipid
membranes (50).
The results obtained in this study, supplemented by our
previous work on the effect of aS binding at longer timescales (35), now gives us a complete sequence of events
by which aS accumulation and aggregation on membranes

possibly interfere with membrane function and integrity.
Upon binding to model lipid membranes at low P/L ratios,
aS clusters are not observed and aS binding-induced
changes in physical properties of membranes are insignificant. Upon increasing the P/L ratio or incubation times,
the membrane-bound protein reorganizes into ThT-negative
micrometer-sized clusters that increase the packing order
of the underlying lipids and impair lipid diffusion. Upon
attaining amyloid conformation at longer incubation times,
aS aggregates cause significant membrane damage by extracting lipids from the bilayer that result in the formation
of membrane defects.
Previous reports have shown that aS binding to lipid
membranes seems to decrease the packing order in lipid
mixtures that form liquid-ordered membranes (51). Our
results suggest that aS clusters can increase the overall
lipid packing order in lipid mixtures that form liquid-disordered membranes. These observations suggest, albeit from
in-vitro observations, that aS may play a role in the regulation of lipid packing in cell membranes. Clustering of
proteins and ordering of lipids into membrane microdomains are both known to be involved in protein function and this interplay forms the basis for many cellular
signaling processes (52). Protein clustering and the formation of membrane domains can either be mutually exclusive
or coupled depending on the cellular niche (53–55). Binding
studies of aS with synaptic vesicle mimics in vitro suggest a
strong preference for membrane curvature, cholesterol content, and lipid phase (12,56,57). The decreased membrane
fluidities could also be relevant in the pathogenic aspect
of aS. Aging cellular membranes in particular have lower
membrane fluidity and their intrinsic membrane recycling
mechanisms are less efficient (58). The closure of transient
defects in plasma membranes, which would be expected
to reseal quickly, would be less efficient with decreased
membrane fluidities. Our finding that the clustering of aS
causes impaired fluidity and ordering of lipids provides a
biophysical perspective in understanding the functional/
pathogenic role of aS.
CONCLUSION

FIGURE 7 Master curve of data correlating changes in lipid diffusion
and lipid packing to protein cluster areas. The above plot shows relative
changes in the lipid diffusion coefficients (black solid symbols) and
absolute steady-state anisotropy values of DPH in liposomes (blue open
symbols) against mean protein cluster areas. WT-aS is depicted as squares
whereas the D71-82-aS variant is shown as circles. The 1-108-aS variant
(downward triangles) results in the biggest change in lipid diffusion
coefficients and DPH anisotropy followed by the 1-60-aS variant (upward
triangles). The dotted lines are representative of the general trend in
increasing anisotropy (blue lines) and changes in lipid diffusion (black
lines). To see this figure in color, go online.

Our data suggest that the formation of non-amyloid aS clusters upon exposure of SLBs to aS at high P/L ratios changes
both the effective lipid diffusion and lipid packing. The
observation that an increase in lipid order and decrease in
DLL as a function of the mean area of individual clusters
can be plotted on a master curve suggest that the close packing of lipids in the clusters is responsible for the observed
effect. Changes in physical properties of membranes due
to aS monomers or clusters could be relevant to the function of aS bound to membranes in cellular systems. Subtle
changes resulting from increased aS concentrations or
mutations might change aS clustering and thereby affect
lipid diffusion, partitioning, reorganization, and ordering
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that could give undesirable biological consequences and is
possibly relevant in PD.
SUPPORTING MATERIAL
Six figures are available at http://www.biophysj.org/biophysj/supplemental/
S0006-3495(16)30943-2.

AUTHOR CONTRIBUTIONS

9. Scott, D., and S. Roy. 2012. a-synuclein inhibits intersynaptic vesicle
mobility and maintains recycling-pool homeostasis. J. Neurosci.
32:10129–10135.
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